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Bioprocesses represent a promising and environmentally friendly option to replace the 
well-established chemical processes used nowadays for the production of platform chemicals, 
fuels, and other commercial products. Significant research is being performed to optimize bioconversion 
processes and biorefineries, which do already coexist, to some extent, with conventional refineries.

A range of different options and technologies are being studied and are presently available to 
obtain different useful end-products through bioprocesses. Many such processes focus on renewable 
resources, biomass, or pollutants as primary feedstocks. The latter avoid food–fuel competition, 
contrary to some other feedstocks considered in the past, and, sometimes, still today. This special 
issue offers some examples of interesting alternatives. Some suitable feedstocks include biomass [1,2], 
solid waste [3–5], sludge [6], wastewater [7,8], waste gases [9], or even byproducts, such as glycerol, 
from other biorefinery processes [10,11]. Several of those feedstocks and their corresponding 
bioconversion processes are addressed here. Some prime matters may need specific pre-treatments 
before undergoing microbial fermentation, such as those composed of complex polymeric materials, 
which first need to be converted to smaller or monomeric molecules in order to be accessible and 
metabolized by microorganisms [1,4,12]. Different types of microorganisms have been studied and 
can be used as biocatalysts, including pure or mixed cultures of aerobic and anaerobic bacteria [6,13], 
yeasts and fungi in general [1,3], as well as algae. The biocatalysts may be wild-type or engineered 
ones [10]. Direct application of enzymes can also be considered.

Bioconversion processes generally take place in bioreactors, which may be operated in batch, 
continuous, or semi-continuous mode, among others. Moreover, different bioreactor configurations 
may be suitable depending on the specific application. The technology may range from solid-phase 
bioconversion processes to gas-phase ones, besides aqueous phase bioprocesses. In any case, a given 
amount of moisture is generally needed, as this is required, in most cases, for optimal microbial activity. 
For any given feedstock, biocatalyst and bioreactor configuration and operating conditions will need 
to be optimized, in terms of aspects such as residence time in continuous processes, pH, or media 
composition (e.g., C/N ratio), as studied and reported in several manuscripts in this issue [3,10,14].

In conclusion, bioconversion processes and biorefineries are environmentally friendly alternatives 
to common chemical processes and conventional oil refineries. They allow the production of a wide 
range of products with cheap biocatalysts, usually under mild conditions. Additional intensive 
research is still needed in order to further optimize such processes.

Conflicts of Interest: The author declares no conflict of interest.
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Abstract: Increasing demand for plant oil for food, feed, and fuel production has led to food-fuel
competition, higher plant lipid cost, and more need for agricultural land. On the other hand, the
growing global production of biodiesel has increased the production of glycerol as a by-product.
Efficient utilization of this by-product can reduce biodiesel production costs. We engineered
Yarrowia lipolytica (Y. lipolytica) at various metabolic levels of lipid biosynthesis, degradation, and
regulation for enhanced lipid and citric acid production. We used a one-step double gene knock-in
and site-specific gene knock-out strategy. The resulting final strain combines the overexpression of
homologous DGA1 and DGA2 in a POX-deleted background, and deletion of the SNF1 lipid regulator.
This increased lipid and citric acid production in the strain under nitrogen-limiting conditions
(C/N molar ratio of 60). The engineered strain constitutively accumulated lipid at a titer of more
than 4.8 g/L with a lipid content of 53% of dry cell weight (DCW). The secreted citric acid reached
a yield of 0.75 g/g (up to ~45 g/L) from pure glycerol in 3 days of batch fermentation using a 1-L
bioreactor. This yeast cell factory was capable of simultaneous lipid accumulation and citric acid
secretion. It can be used in fed-batch or continuous bioprocessing for citric acid recovery from the
supernatant, along with lipid extraction from the harvested biomass.

Keywords: Yarrowia lipolytica; microbial lipid; citric acid; glycerol; genetic and metabolic engineering;
fermentation; leucine metabolism and biosynthesis; bioconversion

1. Introduction

Volatility of energy price and concerns over climate change have motivated efforts to explore
alternative approaches for production of fuels and chemicals. Microbial fermentation of low-value
biomass is a promising strategy for sustainable production of these compounds. Single-cell-oil (SCO),
for example, is of great interest to the food, nutraceuticals, and biodiesel industries. Oleaginous
organisms such as fungi, yeasts, and algae can accumulate oil beyond 20% of their biomass under
appropriate cultivation conditions [1]. The application of oleaginous yeasts as a lipid-producing
platform offers many advantages. These include feedstock flexibility, higher sustainability, shorter
life cycles, easy cultivation and handling, robustness against contamination, seasonal independence,
and lower net greenhouse gas emissions [1,2].

Industrial-scale production of SCO is challenging due to large volumes and low profit margins [3].
Technological and cellular-level improvements are required to reduce processing costs and achieve
higher productivity with wider range of low-value substrates [4]. Prior to genetic modification, the lipid
content of a wild-type Y. lipolytica strain rarely reaches 20% DCW [5]. Therefore, metabolic engineering
is necessary to improve lipid productivity. Additionally, the production of other value-added
co-products and exploration of zero-cost waste or by-product streams such as glycerol, as feedstock,
for yeast SCO production is recommended [6].

Fermentation 2017, 3, 34 3 www.mdpi.com/journal/fermentation
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Plant-based production of biodiesel is anticipated to reach 30 × 106 t. in 2021. Since 1 kg glycerol is
produced per 10 kg of biodiesel, this would generate 3 × 106 t. glycerol as by-product [7]. Valorization
of glycerol for producing SCO or other higher added-value compounds offsets the costs of biodiesel,
reduces glycerol surplus, and favors the viability of SCO bioprocess.

Much research has focused on the oleaginous yeast Y. lipolytica, a known model non-conventional
yeast, to produce and/or secrete various oleochemicals and recombinant proteins [8–10]. This platform
is commonly considered for production of lipid, citric acid, as well as oleochemicals derived from
acetyl-CoA and fatty acid [11,12]. Although Y. lipolytica and Aspergillus niger are major producers
of citric acid [13], the former is more resistant to metals and offers more environmentally friendly
process [14]. Y. lipolytica can release both citric acid, at higher concentration, and its isomer isocitric acid
at lower concentration. This ratio depends on the feedstock [15]. For example, Morgunov et al., fed this
yeast with pure and raw glycerol in a fed-batch cultivation for citric acid production. They reported
a citric acid/isocitric acid ratio of 21 to 25, with isocitric acid represented up to 5% [16]. While citric
acid is an extracellular metabolite and is secreted into the culture medium, lipid is intracellularly stored
in the form of triglycerides (TAG) in this oleaginous yeast. TAG does not have lipotoxicity on the cells
as free fatty acids do [17], and can accommodate essential and non-essential fatty acids and precursors
for dynamic cell maintenance. Y. lipolytica has also shown promise in the bioconversion of glycerol
as renewable feedstock to various compounds [18], including lipid [19–24] and citric acid [13,16].
This yeast can efficiently utilize glycerol and prefers it over many other carbon sources [25]. It also has
a similar rate of lipid production when fed with pure or crude forms of glycerol [26]. Therefore, this
yeast can play a dual role in upstream and downstream processes of biodiesel industries by producing
microbial lipid and other valuable pharmaceuticals from glycerol [19].

In this study, we aimed to engineer Y. lipolytica to enhance lipid and citric acid production from
pure glycerol. We took advantage of the one-step gene knock in/out for targeted integration and
overexpression of key TAG synthesizing genes, followed by deletion of SNF1 gene in the POX deleted
strain. This strategy served constitutive diversion of carbon flux into the neutral lipid and citric acid
in nitrogen-limited glycerol-based media supplemented with leucine. We also examined the effect
of leucine supplementation or LEU2 expression on metabolite production and biomass generation.
We cultivated engineered Y. lipolytica strains in a shake flask and then performed batch cultivation in a
1-L bioreactor under well-controlled conditions to enhance lipid and citric acid productivity.

2. Materials and Methods

2.1. Strains and Culture Condition

Table 1 describes the recombinant Y. lipolytica strains that were derived from the citric acid
producer strain H222 (wild-type German strain) [27]. Escherichia coli top 10 was used to develop
vectors. Ampicillin was added to the Luria-Bertani (LB) broth medium at concentration of 100 μg/mL
according to standard protocols [28].
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Synthetic defined media containing 6.7 g/L Yeast Nitrogen Base (YNB) w/ammonium sulfate
w/o amino acids (Becton, Dickson, and company), 20 g/L glucose, and a drop-out synthetic mix
minus uracil (-Ura) or minus leucine (-Leu) (US Biological) were used for the selection of knock out/in
strains. The uracil auxotrophic strains were obtained by growing in YNB-Leu liquid medium with
the expression of Cre recombinase. Seed culture preparation was carried out using the synthetic
defined medium devoid of uracil (YNB-Ura). A rich medium (YPD) was prepared with 20 g/L glucose,
20 g/L bacto peptone (BD), and 10 g/L bacto yeast extract (BD), and was used for non-selective
propagation of strains. The YNB-Ura and YNB-Leu media were buffered with a 50 mM sodium
phosphate buffer, pH 6.8, to determine the effects of leucine supplementation and LEU2 expression
on biomass and metabolite production. For solid media, 20 g/L agar (US Biological, Swampscott,
MA, USA) was added.

For lipid production in the shake flask and bioreactor, previous data on glycerol based
fermentation media was taken into account, followed by some modifications [19,29]. The medium
was formulated as follows: 1.5 g/L yeast extract (BD), 1.5 g/L MgSO4·7H2O, 7 g/L KH2PO4, 2.5 g/L
Na2HPO4, 0.15 g/L CaCl2·2H2O, 0.15 g/L FeCl3·6H2O, 0.02 g/L ZnSO4·7H2O, 0.06 g/L MnSO4·H2O,
0.1 mg/L CoCl2·6H2O, and 0.04 mg/L CuSO4·5H2O. Prior research suggested for this yeast, glycerol
concentration should range from 52 to 112 g/L for bioconversion of glycerol to biomass and lipid [21].
In the batch cultivations of this study, glycerol solution was separately sterilized and added to the flasks
to reach an initial concentration of 60 ± 2 g/L. The carbon to nitrogen ratio (C/N) was adjusted to
60 for all production media using pure glycerol (J.T. baker) and 1.1 g/L (NH4)2SO4 as major carbon and
nitrogen sources, respectively. Leucine was added to production media in shake flask and bioreacotr
at a concentration of 100 mg/L (Teknova) to compensate for LEU2 deletion in the HPDD and HPDDS
strains. Shake flask cultivations were performed in 250 mL Erlenmeyer flasks containing 50 mL of
the medium at an agitation rate of 180 ± 5 rpm and temperature of 28 ± 1 ◦C. Colonies from solid
YNB-Ura plates were precultured in the selective defined media. Exponentially growing cells were
harvested by centrifuge, washed and then resuspended in water. They were subsequently inoculated
into the production medium to reach an initial optical density (OD600) of 0.1.

2.2. Batch Fermentation

Batch cultivation was carried out in a 1-L benchtop fermenter, BioFlo 110 (New Brunswick
Scientific, Enfield, CT, USA). A single colony of Y. lipolytica grown on DOB-Ura was transferred into
the YNB-Ura broth. Cells from 100 mL 24 h shake flask pre-culture were harvested by centrifugation
at 12,000 rpm, washed twice with water and inoculated into 700 mL of the fermentation medium
(with C/N 60) to reach an initial OD600 of ~0.3. The temperature was kept at 28 ◦C, and the pH was
controlled not to drop below 2.5, using 1 M NaOH. Dissolved oxygen was maintained at 25% until
peak biomass was attained (from 48 h to ~72 h). This was achieved by cascading with agitation ranging
from 250 to 800 rpm, and by supplying sterile, filtered air at flow rate of 2 vvm. The dissolved oxygen
and airflow rate were later decreased to ~5% and 0.5 vvm, respectively, near the end of the 5-day
fermentation. The fermenter experiments were performed in duplicate. Samples with the volume of
25 mL were taken daily. An antifoam Y-30 emulsion (Sigma-Aldrich, St. Louis, MO, USA) solution was
prepared at a concentration of 5%, and was periodically added to control the foam level.

2.3. Genetic Techniques

Standard molecular biology techniques were used to construct the vectors [28]. Table 2 presents
all plasmids and their functions (See Supplementary Materials for plasmid maps).

6
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Table 2. Vectors used in this study.

Vector Names Features

Cre-recombinase (CR) Shuttle vector carrying leucine marker, Cre recombinase flanked by TEFin
promoter and Xpr2 terminator

pGR12 (L) Shuttle empty vector carrying leucine marker, FBA promoter and lip1
terminator, used for study of leucine biosynthesis

POX3 Ura (PU) Uracil selection marker flanked by POX3 upstream and downstream
homologous sequences, used for construction of HP strain

LEU2 Ura (LU) Uracil selection marker flanked by LEU2 upstream and downstream
homologous sequences, used for construction of LDD vector

SNF1 Ura (SU) Uracil selection marker flanked by SNF1 upstream and downstream
homologous sequences, used for construction of HPDDS strain

pGR12 DGA1 (D1)
Single gene centromeric shuttle replicative vector with leucine selection
marker, DGA1 gene cloned between FBA promoter and lip1 terminator,
used for double gene expression cassette construction

pJN44 DGA2 (D2)
Single gene centromeric shuttle replicative vector with leucine selection
marker, DGA2 gene cloned between TEFin promoter and xpr2 terminator,
used for double gene expression cassette construction

DGA1 DGA2 (DD) Double gene centromeric shuttle replicative vector with leucine selection
marker, used for construction of LDD vector

LEU2 DGA1 DGA2 (LDD)
Uracil selection marker flanked by LEU2 homologous upstream sequence
and combination of double gene expression cassettes and LEU2
homologous downstream sequence, used for construction of HPDD strain

Construction of the double gene expression cassette was carried out by amplification of
diacylglycerol acyltransferases DGA1 (YALI0E32769g) and DGA2 (YALI0D07986g) gene segments
using the Q5 high fidelity DNA polymerase (New England Biolabs, Ipswich, MA, USA) and gDNA
from Po1f (ATCC MYA-2613) as the template with the primers listed in Table 3. The DGA1 and DGA2
amplicons were individually digested and inserted into Y. lipolytica plasmid pGR12 (PFBA-Tlip1) and
pJN44 (PTEFin-Txpr2), respectively. The segment of PTEFin-DGA2-Txpr2 was obtained by digestion
with XbaI and SpeI and then, recovered from the gel. Then it was inserted into SpeI and Fast Alkaline
Phosphatase digested DGA1–pGR12 plasmid.

Plasmids for gene knock-out contained the uracil selection marker surrounded by LoxP sites.
For knock-out plasmid constructions, the 0.6–1.1 kb 5′- and 3′-flanking regions of the Y. lipolytica
LEU2, SNF1, and POX3 genes were amplified with the primers listed in Table 3. The amplicons were
digested, purified, and inserted into the upstream and downstream of the uracil marker. The double
gene expression cassette segment underwent double digestion with XbaI and SpeI followed by gel
recovery for subsequent insertion into SpeI and Fast Alkaline Phosphatase digested LEU2 knock-out
plasmid (LU), which was used in one step knock in/out.

Targeted gene knock in/out was achieved by transformation of the linearized vectors containing
homologous upstream and downstream sequences. The linearized vectors consisted of NdeI-digested
PU, ApaI-digested SU, and NdeI-digested LDD plasmids. Transformation was performed using the
Zymogen Frozen EZ yeast transformation kit II (Zymo Research, Irvine, CA, USA), in compliance
with the manufacturer’s protocol. The loxR–URA3–loxP modules were rescued for subsequent genetic
modification by the LoxP-Cre system as previously reported [30]. Gene deletions and expression
cassette insertion were confirmed by Polymerase chain reaction (PCR) using the primers listed
in Table 3.
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Table 3. PCR primers used in this study.

No. Name Sequence (5′—›3′, Underlined Restriction Site)

1 POX3 up F ApaI CTATAGGGCCCCTGGGCTGTTCGGTCGA
2 POX3 up R XbaI GATCCTCTAGAAGGACGCACAACGCC
3 POX3 down F SpeI CTGGACTAGTCGCTCCCATTGGAAACTACGA
4 POX3 down R NdeI CCTCACATATGTCTCTTCGCTGTGGTCTAGG
5 POX3 F Ura GTCTCTACTTGTAGTTCTGTAGACAGACT
6 POX3 Ura R GAAGAATGTATCGTCAAAGTGATCCAAG
7 POX3 Ura F TGACTTGTGTATGACTTATTCTCAACTACA
8 POX3 R Ura AGATGCGTGATAGATTACTTGGATTTAGT
9 DGA1 F HindIII GAGCGAAAGCTTATGACTATCGACTCACAATACTACAAGT
10 DGA1 R SalI GTTCAAGTCGACTTACTCAATCATTCGGAACTCTGGG
11 DGA2 F HindIII GCAAGGAAGCTTATGGAAGTCCGACGACGA
12 DGA2 R PstI ATGCTACTGCAGCTACTGGTTCTGCTTGTAGTTGT
13 LEU2 up F ApaI CTATAGGGCCC ACCGGCAAGATCTCGTTAAGACAC
14 LEU2 up R XbaI GATCCTCTAGATGTGTGTGGTTGTATGTGTGATGTGG
15 LEU2 down F SpeI CTGGACTAGTCTCTATAAAAAGGGCCCAGCCCTG
16 LEU2 down R NdeI CCTCACATATG GACAGCCTTGACAACTTGGTTGTTG
17 LEU2 F Ura TACAGTTGTAACTATGGTGCTTATCTGGG
18 LEU2 Ura R CCTTGGGAACCACCACCGT
19 LEU2 Ura F ACTTCCTGGAGGCAGAAGAACTT
20 LEU2 R Ura ATAGCAAATTTAGTCGTCGAGAAAGGGTC
21 SNF1 up F ApaI CAATTGGGCCCGTGATCAAAGCATGAGATACTGTCAAGG
22 SNF1 up R XbaI GATCCTCTAGAGAGGTGGTGGAAGGAGTGGTATGTAGTC
23 SNF1 down F SpeI CTGGACTAGT TCATTAATACGTTTCCCTGGTG
24 SNF1 down R NdeI CCTCACATATGGGAATTCGTGCAGAAGAACA
25 SNF1 F Ura GCGGGAAATCAAGATTGAGA
26 SNF1 Ura R CGGTCCATTTCTCACCAACT
27 SNF1 Ura F CCTGGAGGCAGAAGAACTTG
28 SNF1 R Ura ACTACTGGCGGACTTTGTGG

The plasmids were constructed using standard restriction digestion cloning with FastDigest
restriction enzymes (Thermo Fisher Scientific, Waltham, MA, USA). Yeast genomic DNA was prepared
for PCR amplification and verification as described previously [31]. The DNA products of PCR and
digestion were purified with the clean and concentrator-5 Kit (Zymo Research). DNA fragments were
recovered from agarose gels with a GeneJET Gel Extraction Kit (Thermo Fisher Scientific).

2.4. Analytical Methods

2.4.1. Dry Biomass

Seven-milliliter samples were collected daily. Five-milliliter samples were centrifuged for 5 min
at 13,300 rpm. The cell pellet was washed first with saline (0.9% NaCl solution) and then with distilled
water. The biomass yield was determined gravimetrically after the samples were dried at 105 ◦C until
a consistent weight was reached. This was expressed in grams of dry cell weight per liter (g DCW/L).

2.4.2. Glycerol and Citric Acid Concentrations

Concentrations of glycerol and citric acid in fermentation broth were analyzed by varian Pro Star
230 high-performance liquid chromatography (HPLC) using an Aminex HPX- 87H column. Samples
were centrifuged and supernatants were filtered using 0.22 μm pore-size membranes (Simsii, Inc.,
Irvine, CA, USA). Subsequently, they were eluted with 5 mM H2SO4 at a flow rate of 0.6 mL/min
and 65 ◦C. Signals were detected by refractive index (RI) and UV (210 nm) detectors. Standards were
used for identification and quantification of the glycerol and citric acid. This method was not able
to distinguish between citric acid and its isomer isocitric acid. Thus, the sum of their concentrations
was determined.
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2.4.3. Qualitative and Quantitative Analysis of Lipids

Total lipid extraction and transesterification were carried out according to the procedure described
previously by O’Fallon et al., 2007 [32]. Fatty acid methyl esters (FAME) were prepared in hexane
and analyzed by gas chromatography (GC). This analysis was performed using an Agilent 7890A gas
chromatography instrument coupled with a flame-ionization detector (FID) and a FAMEWAX column
(30 m × 320 μm × 0.25 μm) (Restek Corporation, Bellefonte, PA, USA). The injection temperature
and volume was set at 250 ◦C and 1 μL, respectively. The injection was performed with a split mode
(ratio 20:1). The oven was initially 190 ◦C, and was increased to 240 ◦C at a rate of 5 ◦C min−1. This
was maintained at the final temperature for 20 min. The FID temperature was 250 ◦C. FAME standards
were used to identify the fatty acid peaks in the chromatograms. The (0.5 mg/mL) tridecanoic acid
(C13:0) (Sigma-Aldrich, St. Louis, MO, USA) solution in methanol was used as the internal standard to
quantify the fatty acids. The total lipid titer and content was reported as g/L and percentage of the
DCW, respectively. The supernatant was analyzed for possible extracellular lipid extraction.

3. Results

3.1. Comparative Time-Course Study

In this research, we constructed several strains through overexpressing key TAG-synthesizing
genes and deleting the key negative regulator of the de novo fatty acid biosynthesis pathway. Specifically,
the double gene expression cassette of DGA1 and DGA2 was integrated into LEU2 locus of the ΔPOX1-6
HP strain to improve lipid synthesis and generate the HPDD strain. The deletion of SNF1 was combined
into ΔPOX1-6, ΔLEU2 DGA1p and DGA1p overexpression background to construct the HPDDS strain
for creating potential synergy in carbon dedication to lipid and citric acid production. All of our strains
were phototrophic for uracil. Pure glycerol was used as a carbon source at an initial concentration
of 60 g/L under nitrogen-limiting conditions (C/N = 60). The following section presents data from
the comparative time course study of feedstock consumption and the production of biomass, citric
acid, and lipid by four strains. For this purpose, we collected samples at one-day intervals for six
days. Although we present related data and previous findings from the literature, accurate comparison
between the results and those of previous research is only possible when all variables are taken into
account, including strain types, cultivation conditions, and genetic engineering strategies.

3.1.1. Glycerol Consumption

The comparative study of glycerol consumption by four strains during the 6-day fermentation
was conducted. It can be seen in Figure 1 that the H and HP strains utilized almost all of the glycerol
during the 6-day fermentation. However, 1–3 g/L glycerol remained from both the HPDD and HPDDS
strains during the same period. The lower glycerol consumption rate may be due to a lower cell
biomass level consuming the feedstock, lack of LEU2 expression, and some metabolic perturbations
caused by our genetic modification. It is noticeable that the genetic background of the strains affects the
diversion of glycerol metabolism into specific pathways and outcomes. For instance, in the wild-type
strain, the feedstock was used for more biomass production and corresponding cell maintenance,
while in the HPDD and HPDDS strains, a higher portion of the feedstock was spent on lipid and citric
acid production.
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Figure 1. Comparative glycerol consumption by four strains during 6-day shake flask cultivation at
28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). Error bars represent standard deviation of
n = 3. H: H222 wild-type strain, HP: H222 ΔPOX1-6, HPDD: H222 ΔPOX1-6 ΔLEU2 +DGA1 DGA2,
HPDDS: H222 ΔPOX1-6 ΔLEU2 +DGA1 DGA2 ΔSNF1.

3.1.2. Biomass Production

The results of biomass production from 6-day shake flask cultivations for all four strains are
summarized in Figure 2.

Figure 2. Comparative biomass production by four strains during 6-day shake flask cultivation (a) and
on the last day (b) at 28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). Error bars represent
standard deviation of n = 3. H: H222 wild-type strain, HP: H222 ΔPOX1-6, HPDD: H222 ΔPOX1-6
ΔLEU2 + DGA1 DGA2, HPDDS: H222 ΔPOX1-6 ΔLEU2 + DGA1 DGA2 ΔSNF1. abc columns with
dissimilar letters at the top are significantly different (p < 0.05).
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The yeast biomass was produced by four strains during six days of shake flask cultivations.
As shown in Figure 2, the wild-type strain produced the highest level of the dried yeast biomass
(about 8 g/L) under the study conditions. The deletion of POX genes slightly affected biomass
formation, while simultaneous LEU2 deletion and DGA1, 2 overexpression led to a significant (p < 0.05)
reduction of biomass to 6.3 g/L. This loss was recovered in part by a higher lipid accumulation caused
by SNF1 gene deletion. The engineered strain HPDDS formed 7.15 g/L of biomass during the six days
of incubation.

3.1.3. Citric Acid Production

The results of the comparative time-course study performed on citric acid production from shake
flask cultivations for all four strains are illustrated in Figure 3. Considering that citric acid was unstable
in both the H and HP cultures, their maximum peaks were taken into account for statistical analysis.

Figure 3. Comparative citric acid production by four strains during 6-day shake flask cultivation (a)
and on the last day (b) at 28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). Error bars represent
standard deviation of n = 3. H: H222 wild-type strain, HP: H222 ΔPOX1-6, HPDD: H222 ΔPOX1-6
ΔLEU2+DGA1 DGA2, HPDDS: H222 ΔPOX1-6 ΔLEU2 + DGA1 DGA2 ΔSNF1. abc Columns with
dissimilar letters at the top are significantly different (p < 0.05).

Our method could not distinguish between two isomers, citric acid and isocitric acid. Therefore,
our reported concentration corresponds to the sum of these two acids. The results shown in Figure 3
indicate that all strains produced citric acid (a by-product of lipid biosynthesis) at different levels. It is
interesting to note that the citric acid production was followed by citric acid degradation by the H
and HP strains due to the exhaustion of glycerol, an extracellular carbon supply. In fact, Y. lipolytica
is not only capable of citric acid production, but also use of it as a carbon and energy source [33].
Both the HPDD and HPDDS strains produced significantly (p < 0.05) more citric acid, ranging from
32 to 35 g/L, as the by-product of lipid biosynthesis. Consumption of citric acid was not observed
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for these two strains. This can be due to the availability of glycerol as a substrate during the 6-day
shake flask fermentation. The HPDDS strain devoid of SNF1 produced the highest level of citric acid
during this period under nitrogen-limiting conditions. The maximum peak of citric acid was obtained
at the end of incubation for the resting cells when the final pH was in the range of 2.3–2.5. One study
suggested that the citric acid production occurs mainly during the stationary phase and is minimal at
pH 3.0 [34]. Subsequently, we selected the best citric acid-producing strain, HPDDS, for further studies
in the bioreactor.

3.1.4. Lipid Production

The results of lipid production by all four strains in the 6-day shake flask cultures are presented
in Figure 4.

Figure 4. Comparative lipid production by four strains during 6-day shake flask cultivation (a) and
on the last day (b) at 28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). Error bars represent
standard deviation of n = 3. H: H222 wild-type strain, HP: H222 ΔPOX1-6, HPDD: H222 ΔPOX1-6
ΔLEU2 + DGA1 DGA2, HPDDS: H222 ΔPOX1-6 ΔLEU2 + DGA1 DGA2 ΔSNF1. abc columns with
dissimilar letters at the top are significantly different (p < 0.05).

Lipid accumulation in the wild-type strain and the strain with the inactive β-oxidation
degradation pathway was limited to 1.3–1.4 g/L, representing 17 to 18% of DCW under the
nitrogen-limiting conditions. This observation accords with the low level of lipid accumulation
(less than 1 g/L accounting for 3 to 20% of DCW) obtained by growing Y. lipolytica on biodiesel-derived
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glycerol under nitrogen-limiting conditions [35]. Lipid content can be enhanced through optimization
of culture conditions [20] or through genetic manipulation. Our genetic engineering significantly
(p < 0.05) increased the total fatty acid content to 2.6 g/L (42% of DCW) in the HPDD strain and to
3.15 g/L (44% of DCW) in the HPDDS strain in the 6-day shake flask cultivations. We observed an
improvement of 2.47-fold in lipid content over the wild-type strain. The variation of lipid content
percentages among all four strains is also notable (see Figure 5).

Figure 5. Comparative lipid content of four strains at the end of 6-day shake flask cultivation at
28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). Error bars represent standard deviation of
n = 3. H: H222 wild-type strain, HP: H222 ΔPOX1-6, HPDD: H222 ΔPOX1-6 ΔLeu2+DGA1 DGA2,
HPDDS: H222 ΔPOX1-6 ΔLeu2 + DGA1 DGA2 ΔSNF1. ab columns with dissimilar letters at the top are
significantly different (p < 0.05).

In comparison, another study coupled DGA2 overexpression with SNF1 deletion, resulting in a
lipogenic phenotype for an engineered Y. lipolytica with a lipid content of over 76% using acetate as
a carbon source [36]. Our titers are higher than those reported by Poli et al., who achieved 4.9 g/L
biomass and 1.48 g/L lipid (30% of DCW) by growing Y. lipolytica QU21 on 100 g/L glycerol and
NH4SO4 as a nitrogen source in a shake flask study [26]. Figure 5 indicates that HPDDS is the best
lipid-producing strain compared to other strains under our study conditions (C/N of 60 and leucine
supplementation of 100 mg/L). However, the lipid content of this strain is not significantly different
(p > 0.05) from the HPDD strain. The HPDDS strain showed an increase in the lipid production of
over 120% compared to the wild-type strain. Figure 6 presents the major fatty acid content of the
strains. We optimized our GC-FID method for analysis of the fatty acid content. However, our final
method and the corresponding GC-FID column could not efficiently separate C18 from C18:1 fatty
acid. Therefore, we reported the sum of these two fatty acids together, with an approximate ratio of
C18:1/C18 based on their corresponding peak heights.

The analysis of the fatty acid profile among different strains is presented in Figure 6. Oleic
acid (C18:1) and palmitic acid (C16) were the predominant fatty acids, with a concentration that
varied by strains. Oleic acid had the highest concentration, ranging from 44% to 51% in the strains.
The predominance of oleic acid is in accordance with the 47% and 59% oleic acid reported by
Papanikolaou et al. (2013) for the wild and engineered strains grown on 90 g/L of glycerol [37].
The other minor fatty acids, stearic acid (C18), linoleic acid (C18:2), and palmitoleic acid (C16:1),
underwent smaller changes as a result of our genetic modification.
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Figure 6. Comparative fatty acid profile of four strains at the end of 6-day shake flask cultivations
at 28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). H: H222 wild-type strain, HP: H222
ΔPOX1-6, HPDD: H222 ΔPOX1-6 ΔLEU2 + DGA1 DGA2, HPDDS: H222 ΔPOX1-6 ΔLEU2 + DGA1
DGA2 ΔSNF1.

Figure 7 re-presents the time-course of glycerol consumption and metabolite production for the
HPDDS strain. This strain produced citric acid and lipid at a yield of about 0.59 g/g and 0.05 g/g
of consumed glycerol, respectively. Therefore, citric acid is considered to be the major bioproduct of
this engineered strain. Previous research has reported citric acid production at a yield of 0.93 g/g of
glucose hydrol from this yeast [38]. Another study reported a mass yield of 0.90 g citric acid from each
gram of glycerol containing waste [34]. Similarly, the lipid titer, content, and yield of 2.82 g/L, 0.39 g/g,
and 0.1 g/g of glucose, respectively, were also reported for the SNF1-deleted strain overexpressing the
DGA2 gene [36]. That study also reported a synergistic effect between the SNF 1 deletion and DGA2
overexpression when combined in the same strain.

Figure 7. Time course study of glycerol consumption and metabolite production by the HPDDS strain
during 6-day shake flask cultivations at 28 ± 1 ◦C under nitrogen limiting conditions (C/N = 60). Error
bars represent standard deviation of n = 3. HPDDS: H222 ΔPOX1-6 ΔLEU2+DGA1 DGA2 ΔSNF1.
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3.2. Fermentation Study

Figure 8 presents data from the time course study of the feedstock consumption and the metabolite
production from the best strain (HPDDS) in the 1-L bioreactor. The average of the two batch
fermentation rounds is shown.

Figure 8. Time course study of glycerol consumption and metabolite production by HPDDS strain
during 5-day batch fermentation at 28 ◦C under nitrogen limiting conditions (C/N = 60). Data from
2 rounds of batch fermentation. HPDDS: H222 ΔPOX1-6 ΔLEU2+DGA1 DGA2 ΔSNF1.

The engineered strain completely utilized 60 g/L glycerol within the three days of fermentation.
After that, the strain began to use the secreted citric acid as the carbon source. This observation can
explain citric acid reduction during the remaining days of fermentation. The maximum biomass
production significantly (p < 0.05) increased, from 7.15 g/L in the shake flask to 9 g/L in the bioreactor
for the same strain. A slight reduction in biomass was observed on the last day of the fermentation.
This may be due to biomass loss during the precipitation of cells containing a relatively large amount
of intracellular lipids (over 50%).

Fermentation in the bioreactor (p < 0.05) significantly enhanced citric acid and lipid production
over the shake flask culture. Citric acid reached the concentration of up to 45 g/L with a yield of
0.75 g/g. The productivity of citric acid was also increased from 0.39 g/L·h to 0.63 g/L·h. Similarly,
citric acid was obtained at a productivity of 0.4 g/L·h by growing this yeast in an unbuffered medium
with glucose under nitrogen-limiting conditions in flasks [13]. In that study, citric acid was produced at
a titer and yield of 35 g/L and 0.43 g/g, respectively, from high initial raw glycerol (80 g/L). In another
study, citric acid was obtained at a volumetric productivity of 0.89 to 1.14 g/L·h from Y. lipolytica
when grown on pure or impure glycerol in a fermenter [34]. In fact, this product was less stable in
our bioreactor cultivation over the shake flask fermentation due to a faster glycerol consumption rate
and perhaps more control over aeration conditions. Our results show that scale-up of the engineered
HPDDS strain in a 1-L bioreactor also enhanced lipid yield and productivity. The peak of lipid
production was reached during three days of fermentation at 4.8 g/L, accounting for 53% of DCW,
with a productivity of about 0.07 g/L·h. Fontanille et al., used glycerol at a concentration of 80 g/L
with a C/N ratio of 62 in batch bioreactor experiments [39]. They reported biomass, lipid titer, and
content of 42 g/L, 16 g/L, and 38%, respectively. In another study, crude glycerol with 60% impurity
was added to an industrial effluent at a concentration of 4%. Utilization of the feedstock resulted in a
lipid titer of 2.21 g/L, which was increased to 2.81 g/L after scale-up [40].

It is not surprising that we observed the constitutive lipid accumulation phenotype simultaneously
with biomass propagation. This was due to the inactivation of SNF1. The highest biomass, citric acid,
and lipid content was reached within the three days of the bioreactor fermentation. This was faster
than the shake flask cultivation, in which peaks were reached in six days. Likewise, a constitutive fatty
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acid production was reported in both growth and oleaginous media after deleting SNF1, a negative
regulator of lipid accumulation [5]. Another study introduced an approach for constitutive lipid
accumulation and citric acid secretion by deleting the PHD1 gene (YALI0F02497g) encoding the
synthesis of 2-methylcitrate dehydratase [37]. The researchers reported a citric acid titer and yield of
57.7 g/L and 0.91 g/g of waste glycerol, respectively, under nitrogen-limiting conditions. However,
their maximum lipid content was obtained under nitrogen excess conditions at a titer of 0.98 g/L
(accounting for up to 31% of DCW) from 60 g/L waste glycerol. Generally, the de novo production
of both lipid and citric acid is biochemically equivalent under nitrogen-limiting conditions [37].
The predominance of one occurs at the expense of another depending on the strain. For instance, citric
acid was secreted as a major bio-product when the lipid content was less than 22% [13,41].

We also examined the fatty acid composition of accumulated lipid. The results are shown
in Figure 9.

Figure 9. Fatty acid composition of accumulated lipid in HPDDS strain from the bioreactor
fermentation. HPDDS: H222 ΔPOX1-6 ΔLEU2 + DGA1 DGA2 ΔSNF1.

In this study, the major accumulated fatty acids were, in order of abundance, oleic, palmitic,
linoleic, stearic, and palmitoleic acid. The ratio of C18:1/C18 was about 8, based on the associated
peak heights. Similarly, oleic acid and palmitic acid accounted for 44% and 36% of total fatty acids
when glycerol was used in the production medium [40]. Papanikolaou et al. (2013) reported that oleic
acid and palmitic acid constitute 52% and 21% of total fatty acids in the engineered strain devoid of
PHD1 gene using glycerol at a concentration of 60 g/L under nitrogen-limiting conditions [37].

3.3. Comparative Study of LEU2 Expression and Leucine Addition

We also examined the effect of LEU2 expression over leucine supplementation, and the results are
listed in Table 4. In order for LEU2 expression to occur, we transferred the low-copy shuttle vector
pGR12 carrying the leucine marker into the HPDDS strain and finally grew the transformants on
YNB-Leu (C/N = 60) for six days. We used the shuttle vector-based expression since the LEU2 locus
on the chromosome was used for the site-specific integration of the DGA 1, 2 genes. For leucine
supplementation, we grew the HPDDS uracil+ leucine− on the YNB-Ura (C/N = 60) medium. This
defined medium contained 1.92 g/L of Drop-out Synthetic Mix minus Uracil supplement, with about
20% leucine content.

A higher rate of glycerol consumption was observed for the leucine supplementation treatment
over the LEU2 expression treatment. The level of citric acid and lipid production was also significantly
(p < 0.05) higher for the former treatment. In the case of leucine supplementation, the lipid content
reached 46%, while it was 30% for the LEU2 expression treatment. This highlights the stimulatory
role of leucine in directing carbon flux toward citric acid and lipid production under nitrogen-limiting
conditions in the HPDDS strain. We postulate that the concentration of exogenous leucine that was
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added to the media is higher than those endogenous one, which was synthesized by the LEU2 carrying
low-copy replicative vector. Higher leucine concentration can create a stronger signaling effect for
metabolite production in the strain.

Table 4. The effect of leucine supplementation over LEU2 expression on biomass and metabolite
production by the HPDDS strain. HPDDS: H222 ΔPOX1-6 ΔLEU22+DGA1 DGA2 ΔSNF1. a, b Values
superscripted with dissimilar letters in same column are significantly different (p < 0.05).

Strain and Culture Medium Residual Glycerol DCW (g/L) Citric Acid (g/L) Lipid (g/L)

HPDDS ura+ leu−, YNB-Ura 4.93 ± 0.74 a 7.75 ± 0.89 a 28.36 ± 4.36 a 3.6 ± 0.18 a

HPDDS ura+ pGR12-leucine,
YNB-Leu 2.84 ± 0.45 b 6.73 ± 0.24 a 14.21 ± 1.12 b 1.99 ± 0.15 b

4. Discussion

The metabolism of glycerol to citric acid [42] and lipogenesis pathway [43] in Y. lipolytica
has been studied before. Glycerol is assimilated into the cell via facilitated diffusion and is
subsequently phosphorylated [41]. Y. lipolytica has a unique glycerol metabolism that is dedicated to
glycerol-3-phosphate (G3P) and TAG synthesis [44]. Biosynthesis of TAG requires G3P backbone that
is acylated by fatty acids [45]. The de novo synthesis of fatty acids uses starting units of acetyl-CoA and
malonyl-CoA, as well as the cofactor and energy in the form of NADPH and ATP [46]. In Y. lipolytica,
acetyl-CoA carboxylase (ACC1) catalyzes the first committed step of fatty acid synthesis. This involves
the conversion of acetyl-CoA to malonyl-CoA precursor. A constant supply of this precursor is required
for biosynthesis of fatty acids and other secondary metabolites in yeast [47]. The saturated fatty acids
released from fatty acid synthetase complex (FAS), in the form of acyl-CoA [48], are transferred
to the endoplasmic reticulum (ER). Fatty acids may undergo further elongation and desaturation
before being incorporated into complex lipids though the Kennedy pathway [3]. In the final step of
the TAG synthesis pathway, DGA1, YALI0E32769g on the lipid droplet (LD) membrane, and DGA2,
YALI0D07986g in the ER, play prominent roles in acylation of diacylglycerol to produce TAG, which is
stored in LDs especially during the stationary phase [49–51]. Therefore, the overexpression of DGA1
and DGA2 results in enhanced lipid accumulation [3,52–59]. TAG synthesis and remobilization is a
dynamic process. The latter is carried out by the action of lipases and hydrolases [60] in response to
the change of cellular or environmental conditions. Deletion of one or two intracellular lipases, YlTGL3
and YlTGL4 led to a two-fold increase in the capacity of cell to accumulate lipid [61]. Degradation
of released fatty acids take places in the peroxisome via β-oxidation pathway. Intracellular lipid
degradation (turn over) can occur along with citric acid secretion in stationary phase [37]. Studies
show that nitrogen-limiting conditions also promotes citric acid secretion [62]. In fact, lipid synthesis
and citric acid production compete for acetyl-CoA precursors [34].

In our study, glycerol was utilized by all four strains for biomass, lipid, and citric acid synthesis
under nitrogen-limiting conditions. The results show that our genetic engineering strategies negatively
affected biomass production to different degrees. Inactivation of SNF1 regulatory gene compensated
for part of the biomass loss by increasing the lipid content. The inactivation of SNF1 gene can enhance
the activity of Acc1 and creates larger pool of malonyl-CoA [63]. This generates a push that when
combined with the DGA1 and DGA2 overexpression, can result in promotion of lipid accumulation
accounting for some biomass recovery.

In terms of citric acid production, the citric acid producer H222 wild-type strain showed a citric
acid peak of 5 g/L under nitrogen-limiting conditions. Prior study showed that citric and isocitric acids
occurs and were excreted by the Y. lipolytica control strain at a concentration of 9 g/L [5]. Generally,
in wild-type strains, citric acid can also be the product of lipid degradation. However, the availability
of glycerol as an external carbon source can lessen the contribution of this phenomenon to citric
acid production by reducing internal lipid turnover. In fact, fatty acid remobilization rate decreases
in response to a large amount of glycerol [37]. Our engineered strains of HP, HPDD, and HPDDS
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showed significantly (p < 0.05) higher citric acid production compared to the wild strain. However,
the exhaustion of glycerol was followed by reduction in citric acid due to its consumption by the
cells. Our best-engineered strain, HPDDS, produced citric acid at the titer and yield of more than
45 g/L and 0.75 g/g of pure glycerol in both the flask and bioreactor. The citric acid production at
a titer of more than 35 g/L was reported in the literature using a high concentration of industrial
glycerol (80 and 120 g/L) [13]. Another study screened tens of strains for citric acid production.
They reported a citric acid production range of 71 to 98 g/L by Y. lipolytica strains when they were fed
with pure or impure glycerol under the nitrogen-limiting conditions [34]. The citric acid production
can be further enhanced by adjusting the pH and dissolved oxygen [16]. However, it should be
noted that the control over oxygen did not significantly affect citric acid production from Y. lipolytica
grown on glycerol, as sole source of carbon [64]. Regarding the effect of our genetic engineering
on lipid content, inactivating the POX genes did not significantly (p > 0.05) increase lipid content.
This was most likely due to the preference of the strain for utilizing glycerol as carbon source over the
intracellular lipids [37]. However, this is a beneficial genetic modification for stable lipid accumulation,
particularly after exhaustion of the carbon source [45]. In fact, peroxisomal lipid degradation is still
active in cells grown on non-fatty acid feedstock during the stationary phase [65]. In terms of impaired
peroxisomal degradation, fatty acids undergo activation by cytosolic YlFaa1p and are re-stored in
LD [66]. Disruption of β-oxidation is also a good strategy for creating positive synergism with other
complementary modifications to the lipid pathway. Disruption of this pathway is often carried out
by deleting POX genes [44,45]. Overexpression of diacylglycerolacyltransferases upon integration
into the genome generates a pull towards the lipid biosynthesis to accommodate more acyl-CoA
pool in the lipid droplets. Thus, further diversion of carbon flux into the lipid droplet was achieved
by DGAs overexpression. Overexpression of these two diacylglycerolacyltransferases in the HPDD
strain that was devoid of active β-oxidation increased lipid accumulation to more than 41% of DCW
compared to 17% in the wild-type strain. Similarly, the overexpression of diacylglycerol acyltransferase
increased the lipid content from 13% to the range of 39–53% of the DCW in the strain without active
PEX10 [58]. Other studies have attempted DGA1 or DGA2 overexpression strategy to enhance lipid
content in this yeast [3,54–57]. Overall, overexpression of DGA genes increased lipid content while
decreasing biomass formation in the HPDD strain due to LEU2 deletion. Our best-engineered strain,
HPDDS, produced lipid at a titer of 3.15 g/L in the shake flask, rising to 4.8 g/L in the batch bioreactor
cultivation. A lipid titer of 2.6 to 6.5 g/L was obtained by engineered Y. lipolytica from 60 grams of sugar
using batch fermentation [51,56]. The coupling of DGA1,2 overexpression and SNF1 deletion enabled
a maximum lipid content of nearly 44% in the best lipid producing strain, HPDDS. This increased to
53% in the bioreactor. In the same fashion, overexpression of DGA1 in a ΔSNF2 background led to
a 2.7 fold increase in lipid content of S. cerevisiae from 11% to 27% [67]. They suggested the strategy
using high-copy number plasmid for DGA1 overexpression and supplementing the media with leucine
for enhancing lipid accumulation in the ΔSNF2 disruptant. In the same way, deletion of SNF1 in
combination with ACC1 overexpression had synergistic effect on enhancing production of fatty acid
derivative [68]. Similar synergism was also observed by deletion of the SNF1 gene and overexpression
of DGA2 in Y. lipolytica [36]. The effect of SNF1 deletion on lipid accumulation in Y. lipolytica has also
been studied. This deletion resulted in constitutive lipid accumulation phenotype and 2.6-fold higher
fatty acid content [5]. This may have been achieved by down-regulating the β-oxidation and enhancing
the ACC1 expression level. Snf1 is a global regulator of cellular energy and contributes to fatty acid
regulation at various points. Its deletion can cause overexpression of fatty acid synthases (FAS1
and FAS2) and glyceraldehyde-3-phosphate dehydrogenase (GPD) expression [36]. A protein kinase
Snf1 also contributes to other signaling pathways, including amino acid metabolism regulation [69].
Inactivation of Snf1 regulator under nitrogen-limiting conditions can promote citric acid and lipid
production as carbon overflow metabolites, while low pH and dissolved oxygen values, and DGA
genes overexpression can favor lipid production in the resultant phenotype. In fact, pH reduction
due to acidification imposes physiologic stress for initiation of lipid accumulation in Y. lipolytica [70].
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Additionally, longer incubation time may result in reduction of citric acid. This is due to its utilization
as carbon source, mainly for cellular maintenance.

In our study, the deletion of SNF1 gene in the HP strain with deficient β-oxidation did not
increase lipid accumulation. Therefore, we did not proceed with that mutant strain. Deletion of
SNF1 in the context of inactive β-oxidation can impose a feedback inhibitory effect of acyl-CoA on
Acc1 [36]. It is notable that saturated fatty acids can provoke a feedback inhibitory effect on some
biosynthetic enzymes of the fatty acid biosynthesis pathway [71]. Moreover, a study reported that
the knockout of SNF1 results in transcriptional pattern that differed from one on lipid accumulation
devaluing the important role of this gene in lipid accumulation [69]. One alternative solution is to
use hyperactive mutant Acc1 for higher malonyl-CoA production and consequently higher TAG
accumulation, comprised of longer chain fatty acids, without need for snf1 inactivation [72]. This can
contribute to a carbon flux re-direction from citric acid to lipid production. The Snf1 kinase has
multiple regulatory roles under different conditions [5], so its preservation can prevent unintended
metabolic consequences. Thus, we deleted SNF1 gene after the integration of the DGA1 and DGA2
expression cassette in the HPDD strain to create a synergistic effect to improve metabolite production
of TAG.

Overall, the disruption of peroxisomal fatty acid degradation pathway, overexpression of
DGA1 and DGA2 genes, and inactivation of SNF1 resulted in the prevention of lipid degradation,
up-regulation of TAG biosynthesis pathway, a higher supply of malonyl-CoA and carbon flux towards
lipid and citric acid production. Other studies also reported the great performance of Y. lipolytica for
de novo lipid production. An engineered strain overexpressing ACC1 and DGA1 produced 28.5 g/L
biomass with a lipid content of 61.7% DCW during 5 days of fermentation using 90 g L−1 of glucose [54].
This was further enhanced by overexpressing delta-9 stearoyl-CoA desaturase (SCD) to reach biomass,
lipid titer, and productivity of 80 g/L, 55 g/L, and 1 g/L·h, respectively, from 150 g/L of glucose [73].
Optimization of the genotype and phenotype resulted in 20 g/L of biomass, 15 g/L lipid, and lipid
content of 75% DCW [52]. Combination of evolutionary engineering method with float-based screening
resulted in biomass, lipid content and productivity of 45 g/L, 87% and 0.51 g/L·h [74].

We obtained constitutive accumulation of lipid and a high yield of citric acid (0.75 g/g of pure
glycerol) from our engineered strain in the bioreactor. The H222 strain used in this study has shown
promise for production of organic acids mainly in the form of citric acid and isocitric acid (up to 12%)
from different feedstock, including glycerol [75]. We tested some culture media compositions and
fermentation conditions for our strains. Fermentation using glycerol under controlled conditions in the
bioreactor enhanced lipid productivity from 0.02 to 0.07 g/L·h. In fact, bioreactor cultivation enabled
higher citric acid and lipid productivity.

Our genetic engineering strategy noticeably increased the C16 and C18:1 fatty acid contents.
Generally, long chain saturated fatty acids are stored in LDs, while short and unsaturated ones are
mainly utilized in other anabolic activities [76]. Monounsaturated fatty acyl-CoAs are better substrates
for acylation over saturated ones [73]. This may be due to their higher reactivity or toxicity against the
host compared with the saturated fatty acids [77]. In fact, TAG synthesis creates buffering capacity to
detoxify excess unsaturated fatty acids [77].

We also tested the effect of leucine on biomass and metabolite production at two levels, 380 and
980 mg/L, using YNB-Ura media (data not shown). We did not observe any significant difference
(p > 0.05) caused by leucine in the foregoing concentration range for the H and HPDDS strains. The
stimulatory role of this amino acid was notable in the range of 1–100 mg/L for the leucine-auxotrophic
HPDDS strain, and this is due to the compensatory role of this supplementation for the LEU2
deletion. Previously, it was reported that increasing the leucine supplementation from 100 mg/L to
1600 mg/L enhances lipid accumulation by about six times, and results in genotypic complementation
in the leucine− strains without active β-oxidation pathway [52]. It was suggested that this is due
to the signaling role of this amino acid and its degradation to acetyl-CoA precursors, which can
be subsequently diverted to the lipid biosynthesis pathway. This amino acid plays a regulatory
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role in lipid metabolism [52]. Studies show that an increased level of leucine may promote lipid
metabolism in Y. lipolytica through down-regulation of amino acid biosynthesis and deviation of flux
from that [69]. A recent study showed a correlation between lipid accumulation and regulation of
amino acid biosynthesis [69]. It is plausible that the increased leucine as an important sensor molecule
induces transcriptional response [52]. This branch-chain amino acid plays a part in synthesis of
fatty acids in adipocytes [78]. The possible role of Snf1, protein kinase, in amino acid metabolism
regulation [69] can also explain the interaction of this gene manipulation with leucine metabolism.

The nitrogen-limiting conditions can result in the prevention of biomass proliferation and
promotion of lipid accumulation and citric acid secretion to deal with the excess carbon flux. In fact,
nitrogen-limiting conditions leads to down-regulation of ribosome structural genes [79]. This also
results in degradation of intracellular AMP to release NH4+ ions. Depletion of AMP interferes with
the TCA cycle, leading to the accumulation of citric acid in mitochondria and eventually in the
cytoplasm [21,37]. Part of citric acid is subsequently broken down by ATP: citrate lyase (ACL) to
acetyl-CoA that serves de novo synthesis of fatty acid [80]. Although excess availability of carbon can
induce lipogenesis in engineered strains [52], it can also trigger citric acid secretion into the growth
medium [37]. Thus, it is important to adjust glycerol concentration together with the C/N ratio for
optimum biomass and lipid production.

In this study, we achieved constitutive lipid accumulation and citric acid secretion under
nitrogen-limiting conditions. Papanikolaou et al., observed similar results by the deleting
2-methylcitrate dehydratase-coding gene. However, they used two different conditions of nitrogen
limited and nitrogen excessive conditions for higher citric acid and lipid production, respectively [37].

In summary, our engineered strain shows promise for the simultaneous accumulation of lipid
and secretion of citric acid under nitrogen-limiting conditions. The generally recognized as safe
(GRAS) status of this yeast justifies the suitability of the major bio-products for delivery to food
and pharmaceutical industries. It needs to be pointed out that medium optimization was beyond
the scope of our study. Further optimizing the production medium in terms of carbon, nitrogen,
and leucine contents is suggested to reach a higher biomass, and subsequently a higher production
level. Additionally, the direct use of crude glycerol or pretreated feedstock at larger scale fed-batch
fermentation can provide further validation for the performance of the platform developed.

5. Conclusions

In this study, we developed an approach for simultaneous lipid accumulation and citric acid
secretion using engineered Y. lipolytica in batch fermentation. The combination of deleting the fatty
acid degrading pathway, overexpressing key TAG synthesizing genes, and manipulating the lipid
regulatory system led to the constitutively accumulation of lipid and secretion of citric acid into the
media under the nitrogen-limiting conditions. A relatively high yield of citric acid was achieved along
with lipid accumulation from glycerol. This engineered yeast biorefinery platform can be refined and
integrated in a fed-batch or continuous system for valorization of a glycerol waste stream into citric
acid and lipid.
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Abstract: Disposal of biodegradable waste has become a stringent waste management and
environmental issue. As a result, anaerobic digestion has become one of the best alternative
technology to treat the organic fraction of municipal solid wastes and can be an important source
of bioenergy. This study focuses on the evaluation of biogas and methane yields from the digestion
and co-digestion of mixtures of waste untreated sludge and the organic fraction of municipal solid
wastes. These are compared with the results obtained from the digestion and codigestion of mixtures
containing waste active sludge and the organic fraction of municipal solid wastes. The two types of
substrates were used to perform biomethanation potential tests, in mesophilic conditions (35 °C) at lab
scale. It was observed a maximum biogas yield for 100% of untreated sewage sludge, corresponding
to 0.644 Nm3/kg VS and 0.499 Nm3/kg VS of biogas and methane production respectively. The study
also demonstrates the possibility of increasing biogas production up to 36% and methane content up
to 94% using waste untreated sludge substrate in both digestion and codigestion, compared to waste
active sludge substrate.

Keywords: co-digestion; sewage sludge; methane production; BMP; municipal solid waste

1. Introduction

The huge amount of sewage sludge and of Organic Fraction of Municipal Solid Waste (OFMSW),
which are disposed of daily through incineration or land filling constitutes a huge environmental
challenge. The European Union regulations demand that biodegradable municipal waste to landfill
sites must be reduced by 25% with respect to 1995 levels by 2010 with a further reduction of 65% by
2016, see [1,2]. According to recent estimates of the European Commission, about 88 Mt of bio-waste
extracted from municipal solid waste [3] and 10 Mt of Waste of Active Sludge (WAS) dry matter [4,5]
are produced annually in the EU-27. However, given the organic content and chemical composition of
WAS and OFMSW, they are easily biodegradable in anaerobic conditions that favor decomposition and
mineralization producing biogas and residues, that can be used as nutrient soil replacement. Organic
waste management through Anaerobic Digestion (AD) represents a useful solution to decrease the
environmental impact caused by landfill disposal.

Waste sludge considers treated sludge in three forms: primary sludge, secondary sludge (which is
called WAS) and mixture of primary and secondary sludge (thickened sludge). Primary sludge,
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according to [1], is more easily degradable in anaerobic conditions than WAS. A typical aerobic
treatment for sewage is usually performed in a wastewater treatment plant (see Figure 1), with various
scales of aerobic duration and sedimentation, in order to reduce the Biochemical Oxygen Demand
(BOD) and Chemical Oxygen Demand (COD) of the waste prior to its landfilling or conveying to surface
water. However, primary and secondary treatment process releases a significant amount of methane,
which is lost to the atmosphere, increasing the environmental impacts and losing potential energy
of the sludge [6]. An AD process integrated with the aerobic treatment, would recover a significant
amount of biogas for energy production treatment. Moreover, the possibility of treating together
OFMSW and sewage sludge to produce biogas in a system eventually integrated with the aerobic
treatment has an interesting potential. However the best mixture between OFMSW and sewage,
in terms of biogas production, is still under analysis. Also whether to use WAS (secondary sludge) or
Primary Sludge (PS) as even untreated sludge is not yet ascertained. In order to evaluate the quality of
biowaste to serve as a substrate in anaerobic digestion several methods are used, such as; Anaerobic
Biomethanation Potential (ABP), pilot plant and full scale plant test (see Table 1). Various studies are
available on anaerobic co-digestion of treated sludge WAS, Primary Sludge (PS), thickened sludge with
OFMSW or biowastes. Various studies are available on anaerobic co-digestion of treated sludge WAS,
Primary Sludge (PS), thickened sludge with OFMSW or biowastes, see Kolbl [7,8]; however, no one
addresses the co-digestion with Untreated Sewage Sludge (USS—fresh sludge without primary and
aerobic treatment). Lab scale results show that the co-digestion of WAS-OFMSW could be the most
effective way to improve digester performance, according to [2,9–12]. Murto et al. 2004 [2] observed
that co-digestion with the high buffered system leaded to imbalance the process; Cabbai et al. [9]
indicated that the high acid load of co-digestion substrates leads to the inhibition of AD process;
Cavinato et al. [11] reported that thermophilic conditions perform better in a co-digestion process
for sludge/biowaste in the terms of biogas production. Kim et al. [13] investigated the effect of
different variables (temperature and mixing ratio), reporting that the addition of food waste to WAS
digestion increases methane yield. Gomez et al. [14] observed that co-digestion (WAS-OFMSW) with
pH and mixing ratio control achieved high methane production. Sosnowski et al. [15] compared
the effects of different mixing ratios and determined that high organic load improves biogas yield.
Cabbai et al. [9] concluded that certain types of organic waste source (household and supermarkets
wastes) in co-digestion with WAS increase methane yield by 47% with respect WAS digestion alone.
From all the above reported studies co-digestion of sewage sludge and organic solid wastes appears to
be an important strategy the management of urban wastes.

Researchers have also focused on co-digestion technology based on synergisms/antagonisms
between substrates [16], showing that a higher concentration of micronutrients in sludge compensates
the shortage of OFMSW in a pH environment suitable for AD bacteria. It was shown that aerobic
digestion became more stable with the C/N ratio of co-substrates remaining within the desired range
of 22–30, see [17]. The co-digestion of WAS-OFMSW at different mixture ratios, was successfully
experimented by [9,11,16]; when Solids Retention Time (SRT) is longer than Hydraulic Retention
Time (HRT), Volatile Solids (VS) and microbial biomass should be retained for a higher biogas
production, hence mixing can be reduced [18]; when co-digesting proteins-rich substrate WAS can
provide the required buffering capacity [19]. Improvement in methane yield through co-digestion was
achieved with increasing amount of organic waste in wastewater sludge digestion [9,15]. Nevertheless,
to improve methane yield there is a limit to the addition of organic matter depending on the digestion
conditions and stability (see Table 1). During the AD of a co-substrate microorganisms utilize carbon
from 25 to 30 times faster than nitrogen [20] and the nitrogen content in WAS compensates a possible
lack of nutrients in OFMSW while their content of lipids increases biogas yield [21]. On the other
hand a lipid-rich substrate leads to an increase in Long Chain Fatty Acids (LCFAs) which may form
a hydrophobic layer that destabilizes the digestion process [22], affecting bacteria transport and
reducing contact between the substrate and the encapsulated bacteria. LCFAs entrapment causes the
flotation and inhibition of methanogenic bacteria leading to cellular membrane damage [23]. Hence, the
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major benefit of WAS and OFMSW co-digestion is to reduce the toxicity within the media [2,15], and
to provide other nutrients which are not present at sufficient levels in OFMSW. However, other
authors showed negative results in their research, probably attributable to specific characteristics of
the digested substrates [2,24]. This research activity provides information on biogas and methane
yield of Untreated Sludge (USL) in different conditions and mixtures with OFMSW, given the lack
of experimental data in the Literature, and compares its performance with WAS behavior. Although
many studies have analyzed the co-digestion of WAS or thickened sludge with OFMSW still no data is
available on the co-digestion of WUS and OFMSW. This works contributes by determining the BMP
of different mixture in different condition of WUS-OFMSW and WAS-OFMSW in batch reactors, the
sludge feedstock was taken from a sewage treatment plant in central Italy, while OFMSW consisted of
household organic waste, collected in Perugia municipality area.

Table 1. Biogas and methane yields in similar studies.

Composition SPG CH4 Method References

(100% WAS) 0.390 (m3/kg VS) 64% BMP [9]
(41.5% WAS-58.5% OFMSW) 0.620 (m3/kg VS) n.r. BMP [9]

(50% WAS-50% OFMSW) 0.34 (m3/kg VS) 60% Pilot scale [11]
(100% WAS) 0.15 (m3/kgVS) 61.8% Pilot scale [11]

(50% WAS-50% OFMSW) 0.35 (m3/kg VS) 60% Full Scale [11]
(75% WAS-25% OFMSW) 0.45 (m3/kg VS) 53.8% Pilot scale [9]
(41% WAS-59% OFMSW) 0.43 (m3/kg VS) 64% Full scale [25]

(77% TAS-23% (KW & FWP)) 0.38 (Nm3/kg VS) n.r. Pilot scale [26]
((60% PS & 40% WAS)-OFMSW) 0.6 (m3/kg VS) n.r. Full scale [27]

(100% biological sludge) 0.27 (m3/kg VS) 60% BMP [12]
(80% OFMSW-20% biological sludge) 0.22 (m3/kg VS) n.r. BMP [27]

2. Materials and Methods

2.1. Sewage Sludge and Organic Fraction of Municipal Solid Wastes Samples

Both WUS and WAS were obtained from a wastewater treatment plant which is part of network
that serves a 150,000 citizens of the town of Perugia in central Italy; the plant collects the households
effluents (a population equivalent of 30,000) and the industrial wastewater of the area. With reference
to Figure 1, the plant layout consists of a series of treatment units (primary clarifier and secondary
clarifier) and a final drying section for the sludge generated to be used in composting.

Figure 1. WWTP of the Umbrian Water management company.
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As received fresh sewage was collected on site before the primary and secondary treatment unit
during a normal working day with constant time steps (5 L sludge/10 min) summing up to 100 L.
WUS was stored for 24 h. While WAS was collected from the exhaust of the secondary unit. The samples
used in the BMP tests were prepared according to UNI 5667-13/2000. OFMSW was assembled
from households waste with the following concentration in weight: 45% vegetables and fruit waste,
35% residuals of bread and pasta, 10% rice, 5% paper and 5% coffee; the materials were eventually
homogenized with an electric mixer. The samples of OFMSW were obtained according to CENT/TS
14778-1, CENT/TS 14779. The inoculum was collected from a nearby anaerobic digestion plant.

2.2. Samples Analysis

The chemical and physical analyses were performed according to standard methods by means of
a thermobalance TGA 701 LECO and a Truspec CHN LECO [28]. Moisture, ash and volatile solids
content were obtained according to CEN/TS 14774; CEN/TS 14775 and CEN/TS 15148. To perform
proximate analysis the samples were heated according to CEN/TS14780 and the ultimate analysis was
carried out according to CEN/TS 15104. pH of substrates was measured continuously throughout the
tests with a probe (Hanna Instruments HI 9124, double junction electrode, resolution 0.01). WUS, WAS,
OFMSW and inoculum used in the test had the characteristics shown in Table 2.

Table 2. Characteristics of the substrates.

Moisture (%)
Total Volatile

Ash (%wb)
Fixed

pH C/N
Solids (%) Solids (%) Carbon (%wb)

WUS 93.97 6.03 4.33 1.7 0 7.01 12
WAS 95 5.0 3.12 1.88 0 7.3 8.6

OFMSW 76.22 23.78 19 1.9 2.88 6.25 35.8
Inoculum 97.0 3 2.06 0.94 0 7.78 13

2.3. Experimental Setup

Biomethane Potential (BMP) tests were carried by means of in house designed vessels, with
a global capacity of about 1 L realized in Boro-silicate glass and equipped with a major neck connected
to a pressure sensor UNIK 5000 GE Measurement & Control. In addition, minor necks with plugs to
guarantee sealage during the test are used to get biogas samples and to measure pH. Biogas production
is continuously derived from pressure (UNIK 5000, accuracy to 0.04% and stability typically 0.05%),
and recorded for post processing. Biogas was sampled and analyzed by a gaschromatograph
(490 micro GC, Agilent Technologies, Santa Clara, CA, USA), Helium and Argon were used as a carrier
gas with a flow rate of 10 mL/min. Temperature of detector injector and columns were 180 °C, 100 °C,
and 80 °C respectively. Biogas in excess was continuously vented to avoid pressurized conditions and
explosion risks. For a throughout description of the laboratory equipment see [28–31].

2.4. Experimental Procedure

The vessels were filled up to 20% of their volume with different mixtures of WUS-OFMSW and
WAS-OFMSW prepared similarly to the WAS-OFMSW mixture tested in [9,11,12,25–27].

The ratio concentrations of WUS to OFMSW and WAS to OFMSW by weight were: 50:50, 70:30
and 100% in weight respectively. The vessels were then tightly closed and flushed with N2 to vent the
air and remove O2.Then sensors are applied and the vessels are sealed and immersed in a thermostatic
bath (see Figure 2) in mesophilic conditions (approximately 35 ± 0.5 °C).

All the vessels were shaken manually two times a day (for 1 min) during the initial two weeks of
the test period as recommended by Reference [18,32]. In order to avoid formation of the buffer layer
within the substrate, and to insure that substrate molecules and bacterial can join, see [32]. Table 3
shows the concentration of the vessels.
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Figure 2. Laboratory equipment used in BMP tests.

Table 3. Substrates characteristics and compositions of all the vessels.

Vessels Substrate Moisture (%) VS/TS C/N pH

1 & 2 107 g WUS 6.9 (vessel 1)
(70%-30% weight) 46 g OFMSW 90.6 83.3 17.67 7.0 (vessel 2)

WUS:OFMSW 47 g Inoculum
3 & 4 59 g WUS 6.4 (vessel 3)

(50%-50% weight) 59 g OFMSW 90.0 85.6 19.37 6.1 (vessel 4)
WUS:OFMSW 82 g Inoculum

5
(100% weight) 200 g Inoculum 97 68.7 13 7.8

6
(100% weight) 200 g WUS 93.97 71.8 12 7.0

1* & 2* 107 g WAS 6.9 (vessel 1)
(70%-30%) 46 g OFMSW 91.15 81.2 15.85 7.0 (vessel 2)

WAS:OFMSW 47 g Inoculum
3* & 4* 59 g WAS 6.9 (vessel 1)

(50%-50% weight) 59 g OFMSW 90.28 84.56 18.37 7.0 (vessel 2)
WAS:OFMSW 82 g Inoculum

6*
(100% weight) 200 g WAS 95 62.4 8.6 7.3

Symbol “*” denotes the vessels containing WAS.

Measurements of pH were performed with a probe on the substrates every day during the initial
four weeks, then performed once a week due to the relative stability pH value. During the initial
phase pH value was corrected every three days by adding 1.0 mL of KOH to vessels 1 & 2, 1.3 mL of
KOH to vessels 3 & 4. While the vessels which contain WAS substrate (vessels: 1*, 2*, 3*, 4* & 6*) and
mono-substrate of WUS (vessel 6) did not need correction.

3. Results and Discussion

Daily and cumulative production of biogas of all vessels are presented respectively in Figure 3
and the specific of biogas and methane production in Figure 4. The duration of the test was around
a hundred days. During start-up vessels 1, 2, 3 & 4 (co-mixture of WUS-OFMSW) pH decreased
significantly reaching high acid values; pH control increased the production rate of the vessels 3 &
4, while production remained low for vessel 1 & 2. Total and volatile solids were determined, using
a syringe and maintaining anaerobic conditions, every 20 days to track organic matter decomposition.
Decomposition rates vary among WUS and WAS substrates of both co-digestion and mono-digestion.
The highest rates of VS and TS were observed with WUS substrates in both types of digestion as shown
in Figure 5.

Daily production of vessels 1 & 2 (70/30 of WUS-OFMSW) and 1* & 2* (70/30 of WAS-OFMSW)
show similar trends. An initial phase with a low production rate is followed by a high production rate
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phase until a plateau is reached and rustained in the final decaying phase. However, the performance
and biodegradation of substrate of 70/30 of WUS-OFMSW (vess. 1 & 2) is higher than the one of
the 70/30 of WAS-OFMSW mixture of (vess. 1* & 2*). According to the biodegradation behavior of
vessels of 1 & 2 (Figure 5) a slower acidogenic phase is present with respect to vessels 1* & 2*, a similar
behavior was described by [25]. This affected methane production, which for vessels of 1 & 2 was
measured by μGC in the range of 40–44% volume of biogas. Overall, biogas and methane production
of vessels 1 & 2 are significantly higher than those produced by vess. 1* & 2* (see Figure 4 and Table 4).
This test was carried out with a high buffering capacity and a balanced process for vessels l* & 2* in
agreement with [33].

Figure 3. Daily and cumulative performance of biogas production of WAS and WUS digestion in both
co-digestion and mono-digestion.

Figure 4. Specific biogas and methane production of all vessels.
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Figure 5. Total and volatile solids decomposition determined every 20 days.

Vessels 3* & 4* were characterized by slower degradable substrate compared to vessels 3 & 4
(even their 1st degradation phase started on the first day of the test). Moreover, the daily yield of
vessel 4 indicated that the biogas production rate increased sharply at the beginning and then gradually
decreased with constant and low rate for the last day of the test. While daily production of vessel 3 was
starting to climb steeply and then drop sharply after that it became progressively stable (after day 25
till 70). Daily production of vessel 3* & 4* it shows a repeated pattern of degradation that occurs every
15 days during the test till day 45. However the vessels 3* & 4* have lower methane content than
Vessels 3 & 4 (see Figure 4). In the case of vessel 4, it has the lowest yield of biogas and by tracing the
degradation behavior of it, that seemed to descend back down at day 50 (see Figure 3). Moreover, in the
initial phase of the test all the conditions of the process were normal, especially the high concentration
of OFMSW (high acidic load) which required a correction of pH with 1.3 mL KOH and the 2nd phase
was carried out with exhaustion of the buffering capacity (the carbonate system at pH value closed
to 8) during the last period, a similar trend was reported by [34]. The test confirms that a neutralized
substrate can be controlled (vess. 3 & 4), and that despite the acidic environment of the substrate with
higher content of organic load (mixtures WUS-OFMSW) but they released production significantly.
Anyway, the average yields of biogas and methane of co-mixture 50/50 of both WAS and WUS to
OFMSW are lower than yields of all other mixtures and mono-digestion, due to the solid retention
time which increased under the high solid concentration, that as reported by Bolzonella et al. [25],
the SGP decreased from 0.18 to 0.07 m3/kg VS fed when increasing the solid retention time in AD
process. Both mono digestion process of WAS and WUS (vessels 6 and 6*) were stable and balanced
with high biogas production. In fact, both substrates are characterized by lipids, so that both required
a long retention time due to slow biodegradation, a similar behavior (sludge digestion) was described
by [9,35]. Vessel 6* required sufficient time to reach the phase of biogas generation, vessel 6 produced
more because of a higher organic load than vessel 6*. Vessel 6 achieved the highest peak of methane
contents (0.035 Nm3/kg VS) in day 40 and was more than 76.6% of CH4 (see Figure 3). The test
confirmed that significant differences of biogas yield and methane content from WUS compared to
yields of WAS. However the statistical analysis of specific production of biogas and methane confirmed
that the WUS and co-digestion mixture (WUS-OFMSW) yielded higher than those produced by pure
sewage sludge and by the co-digestion mixture (WAS-OFMSW), as shown in Table 4. these data should
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be further scaled up to pilot pants scale and to industrial scale based also on the influence of Organic
Loading Rate (OLR) and Hydraulic Retention Time (HRT).

Table 4. Biogas and methane yield and VS removal percentage of co-mixtures and mono-substrates,
(with variance 0.00311 for biogas and 0.00273 for methane).

Biogas (Nm3/kg VS) Methane (Nm3/kg VS) VS Removed

(WUS:OFMSW)
(70%-30% weight) 0.444 0.331 66
(50%-50% weight) 0.399 0.315 60

(100% WUS) 0.644 0.499 72

(WAS:OFMSW)
(70%-30% weight) 0.370 0.243 58
(50%-50% weight) 0.245 0.162 58

(100% WUS) 0.410 0.283 65

Biogas and methane SPGs of the blank (inoculum) are 0.083 Nm3/kg VS and 0.024 Nm3/kg VS
respectively. These were subtracted from the production of the mixtures, based on the different masses
of inoculum which were present. Figure 6 illustrates the linear fit of biogas and methane production of
WUS-OFMSW and WAS-OFMSW.

Figure 6. The relationship of WAS and WUS concentration vs biogas and methane production.
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With the increase of the amount of sludge (WUS and WAS) it can be observed a significant growth
in methane and biogas production, that’s consistent with what mentioned in the Literature [9,15,25].
But in fact, the amount of the production growth from WUS digestion is a higher than that of WAS
digestion, that explains the role of the WUS which have higher amount of VS than WAS and its role to
improve the C/N ratio of the substrate. Causing ideal condition to increase the production of biogas
and methane. Substrates of 50/50 have a higher hydraulic potential compared to substrates of 70/30,
where the addition of OFMSW improve and accelerate the hydrolysis of WUS digestion (Figure 5),
that which agrees to [36]. Vessels 1, 2, 3, 4 and 6 had a higher content of the initial organic load with
respect to vessels 1*, 2*, 3*, 4* and 6* respectively, all the vessels contain WUS were characterized
by a richer lipid than vessels contain WAS substrate that required a longer time for degradation.
In the case of mono digestion and codigestion of WAS and OFMSW, pure WAS (vess. 6*) achieved
a higher methane content than co-digestion, that agrees with [12]. The experimental results indicate
that USS digestion improved the biogas yield up to 20%, 57% and 62% of 70/30 (WUS-OFMSW),
50/50 (WAS-OFMSW) and 100% of USS respect to the same ratio of WAS-OFMSW and 100% of WAS,
CH4 yield was increased up to 94% by (50/50) WUS-OFMSW. Moreover, our results which were
obtained for WAS and its mixtures with OFMSW accord with results reported in Reference [9,11] in
the terms of behavior and biogas/methane yield, and CH4 yields were superior to those obtained in
Reference [15,37–39]. The co-digestion between WUS and OFMSW is a suitable solution for waste
management and an alternative renewable energy source from the conversion of wastes into biogas,
these observation accords with [40]. However, the results indicated that the digestion of pure WUS
(Table 4 and Figure 4) is the best substrate for anaerobic digestion, where it achieved the highest biogas
and methane yield: 0.644 Nm³/kg VS and 0.499 Nm³/kg VS respectively. Additionally results indicated
that a higher sewage sludge content could significantly increase biogas and methane production rate.

4. Conclusions

The experiment has shown that an 100% of WUS mono-digestion is the optimal substrate for
biogas and methane production. As expected using WUS substrates, positively affects biogas and
methane production, with a significant increases compared to the use of treated sewage sludge
extracted after aerobic treatment, and increases biogas yield in the range of 20% to 62%, methane
content in the range of 36% to 94%, and an increase in the range of 3 to 10% in removable VS of
WUS-OFMSW co-digestion compared to WAS-OFMSW substrate. Biogas and methane cumulative
production during co-digestion of WUS-OFMSW increases notably when increasing the WUS to
OFMSW ratio. The influence of seasonal change in the characteristics of the sludge will be taken into
account in future work.
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Abbreviations

The following abbreviations are used in this manuscript:

AD Anaerobic Digestion
ASH Ashes (%)
BMP Bio-Methane Potential
BOD Biochemical oxygen demand (mg/L)
C/N Carbon to Nitrogen ratio
F.C. Fixed Carbon (%)
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FVW Fruit and Vegetable Wastes
KW Kitchen Waste
LCFA Long chain fatty acids
M Moisture (%)
n.r. not reported
OFMSW Organic Fraction Of Municipal Solid Waste
PS Primary Sludge
SPG Specific gas production (Nm3/kg VS)
SRT Solids retention time (days)
TAS Thickened Activated Sludge
TS The total content of solids (%)
VS Volatile solids (%)
WAS Waste of Activated Sludge
WUS Waste Untreated Sludge
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Abstract: Orange juice production generates a very high quantity of residues (Orange Peel Waste or
OPW-50–60% of total weight) that can be used for cattle feed as well as feedstock for the extraction or
production of essential oils, pectin and nutraceutics and several monosaccharides by saccharification,
inversion and enzyme-aided extraction. As in all solid wastes, simple pretreatments can enhance
these processes. In this study, hydrothermal pretreatments and knife milling have been analyzed
with enzyme saccharification at different dry solid contents as the selection test: simple knife milling
seemed more appropriate, as no added pretreatment resulted in better final glucose yields. A Taguchi
optimization study on dry solid to liquid content and the composition of the enzymatic cocktail was
undertaken. The amounts of enzymatic preparations were set to reduce their impact on the economy
of the process; however, as expected, the highest amounts resulted in the best yields to glucose and
other monomers. Interestingly, the highest content in solid to liquid (11.5% on dry basis) rendered the
best yields. Additionally, in search for process economy with high yields, operational conditions were
set: medium amounts of hemicellulases, polygalacturonases and β-glucosidases. Finally, a fractal
kinetic modelling of results for all products from the saccharification process indicated very high
activities resulting in the liberation of glucose, fructose and xylose, and very low activities to arabinose
and galactose. High activity on pectin was also observed, but, for all monomers liberated initially at
a fast rate, high hindrances appeared during the saccharification process.

Keywords: biorefinery; saccharification; orange waste; valorization; optimization; Taguchi design

1. Introduction

The integrated production of chemicals, fuels, food and feed, as well as thermal energy and
electricity, using biomass as a renewable resource is the aim of a biorefinery [1]. Biomass is a plentiful
resource, as it includes wood and its residues, agricultural crops and their corresponding residues,
food waste, municipal solid waste as well as algae and microalgae. Biomass production is able to
fix up to 0.02% of the incident sun energy, while reducing CO2 content in the atmosphere through
photosynthesis, thus ensuring, from a theoretical point of view, a progressive swift from fossil resources
to the original material behind their formation: biomass [2,3]. At the same time, second generation
biorefineries are based mainly in renewable non-food resources, such as lignocellulosic biomass [4].
This abundant biomass conversion into chemicals and fuel poses several challenges that currently
jeopardize its implementation due to economic reasons [5].

The increasing demand for food and feed due to the demographic surge in the last decades of the
20th century and during this century has created an enormous amount of food residues. According
to the Food and Agriculture Organization of the United Nations (FAO), about 30% of food produced
is lost during harvesting, manufacturing, and household and industrial consumption and disposal,
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amounting to over 1300 million tonnes [6]. Lal et al. [7] estimated the energy content for crop residues
in circa 7.5 billion barrels (bbl) of diesel–estimation for 2005 that, if revised for production in 2014,
would be increased by 23%, considering data from FAOSTAT [8]. The most abundant fruit tree in the
world is sweet orange (Citrus sinensis L.), whose harvest creates almost 60% of the total world citrus
fruits production (slightly over 70 million tonnes per year) [9]. Its production and transformation
into juice results in almost 30 MM tonnes/year of peel, pulp and seeds waste (OPW). Part of it can be
included in cattle feed [10] but, despite this use, such an amount is more than enough to search for
further applications of this waste. Some applications in the literature include the use as bioadsorbent
for site remediation and wastewater treatment, as raw material for biorefineries (for the production
of essential oils, pectin, bioethanol, energy, food added-value ingredients including nutraceuticals,
dietary fiber, carotenoids, vitamins, etc.), in the production of electricity by microbial fuel cells or
isolation of essential oils [9,11–18].

Residues from orange juice factories are formed by orange pulp, seeds and peel. This peel is
composed of the outer orange layer (flavedo) and the white and spongy inner layer (albedo). Orange
pulp is very humid and rich in monosaccharides (glucose and fructose) and disaccharides (sucrose), as
it is composed by vesicles containing the juice. The albedo layer is rich in pectin, while the flavedo
layer contains a good amount of essential oils, with limonene as the main compound in them, and
flavonoids. In short, orange waste contains low levels of lignin and protein, medium levels of cellulose
and hemicellulose and high levels of pectin. Although their composition can change with the cultivar,
the season of the year, the country and the technology used for juice extraction, all these residues are
very humid, with a water content ranging from 80% to 84% [16,19].

In the biochemical approach of biorefineries, the two most important processes ensuring
their economic success are the raw material pretreatment and fractionation, and the enzymatic
saccharification [20]. The pretreated material should both be accessible to enzymes and very
reactive, so a good pretreatment will reduce the content of inert or hindering biopolymers (lignin,
hemicellulose, pectin) while increasing porosity, hydration, external surface, and the amorphous nature
of cellulose [21]. Classical pretreatments have been tested with orange waste: acid and basic treatments,
steam injection, steam explosion, etc., to observe that mild conditions of pressure, concentration
and temperature suffice to render a material with high reactivity [22–25]. In fact, the combination
of thermal, mechanical and chemical pretreatments result in a very high removal of pectin, thus
aiding in the subsequent saccharification process [23]. Enzymatic saccharification is a combination of
hydrolysis reactions resulting in the depolymerization of polisaccharides and the final production of
monosaccharides, with glucose as the main target in most cases. This process is very complex due to
its multiphasic nature, with several solid phases (if different polymers in the lignocellulosic matrix are
regarded as such) interacting with a liquid phase, and several enzymes catalyzing reactions either in
the solid surface or in the liquid phase. Several phenomena hinder these hydrolytic steps, creating
an initial burst phase followed by a deep reduction in overall rates of monosaccharide production,
due to a series of interfering phenomena that gain importance along the process. At the same time,
high dry solid concentrations and low enzyme amounts are sought to reduce the cost impact of this
time consuming process while reaching high titers for glucose and other monosaccharides [26–29]. To
reduce the reduction of overall rates to product, several operational factors should be analyzed and
optimized: mixing, agitation, adequate pretreatment(s), more active enzyme cocktails, avoidance or
reduction of non-producing enzyme-solid interactions, and more [29–31]. Regarding orange waste,
some papers report on the optimization of the pretreatment stage [32] or pectin extraction [33], but, to
the knowledge of the authors, no paper is devoted to the optimization of the saccharification process.

This paper focuses on the optimization of the enzyme cocktail and the dry solid to liquid ratio
for a partially dried and milled orange waste from juice factories. The optimization is performed by
using a Taguchi design of experiments, after some previous experiments were developed to choose the
more adequate pretreatment from a techno-economic point-of-view. Adequate conditions result in
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very high yields and good productivities to glucose and fructose at moderate enzyme loadings and
medium solid to liquid ratios.

2. Materials and Methods

2.1. Materials

The orange waste (OPW) was provided by Biopolis S.L. (Valencia, Spain). A first pretreatment
after their reception was knife-milling with a Knife Mill Grindomix GM 200 (Retsch, Haan, Germany),
followed by sieving to a final average particle diameter of 2.2 ± 0.4 mm. This fraction was kept frozen
at −20 ◦C until the moment of use.

The enzymatic cocktail consisted of a mixture of several industrial products kindly provided
by Novozymes: Celluclast 1.5 L, Novozym 188, and Pectinex Ultra SP-L, containing glucanases,
polygalacturonases, β-glucosidases, xylanases, β-xylosidases and several auxiliary activities. Their
combined activities drive the hydrolysis of cellulose, hemicelluloses and pectin in parallel.

Several substrates for testing enzymatic activities were provided by Sigma-Aldrich (Saint Louis,
MO, USA): Filter paper Whatman 1, Avicel PH-101, polygalacturonic acid and ONPG
(o-nitrophenyl-β-D-glucoside). Citric acid, NaOH, and HCl for buffer solutions and pH adjustment
were from Sigma-Aldrich, as all other reagents needed, all of them of reagent or better grade.
Monosaccharides (glucose, fructose, galactose, xylose and arabinose) and galacturonic acid were
purchased from the same supplier and employed as per HPLC analytical standards.

2.2. Methods

2.2.1. Basic Chemical Analysis of Solids

The basic chemical characterization was performed following National Renewable Energy
Laboratory (NREL) USA procedures for the determination of glucans, arabinans, galactans, xylans,
polygalacturonic acid, citric acid and fructose, apart for a previous analysis of extractives, ash and
moisture (infrared drying at 70–90 ◦C till constant weight) [34–36]. These procedures were applied not
only to the original material, but also to the materials resulting from several thermal pretreatments
applied to the milled fraction.

2.2.2. Determination of Enzyme Activities

The activities of the main enzymes were tested, in triplicates, with several model substrates:
global cellulase activity was measured on Whatman filter paper 1; the cellobiohydrolase activity was
measured on Avicel PH-101; o-nitrophenyl-β-D-glucopyranoside was the substrate for β-glucosidase
testing, while polygalacturonic acid was used for pectin depolymerase (PD) activity. In all cases, a
50 mM citrate buffer pH 4.8 and a temperature of 50 ◦C were the fixed operational conditions and a
well-stirred batch reactor was employed. Several samples were withdrawn throughout the progress
of the reaction and analyzed by HPLC, as explained in a subsequent section. The testing procedures
are described in several references [37,38]. The amount of protein in each saccharification run was
analyzed by the Bradford method, with BSA (Bovine Serum Albumin) as standard and Coomassie
Brilliant Blue G250 as the dye [39].

2.2.3. Hydrothermal Pretreatments

The milled and sieved orange waste was subjected to either partial drying at 70 ◦C down 60%
humidity or, as a previous process, to hydrodistillation (for several hours), microwave water extraction
and steam stripping (for several minutes) to remove essential oils. All these pretreatments were
performed at 100 to 120 ◦C at near atmospheric pressure. For hydrodistillation, a Clevenger apparatus
was fitted to a round-bottom flask and a Dimroth condenser. For microwave heating, a 500 W power
was set in a Milestone EthosX (Milan, Italy). Final solids were extracted with hexane (1% w/w dry
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solid/liquid) to analyze their content in essential oils by GC-MS. GC-MS analysis was performed in
a GC-2010 Shimadzu with a single quadrupole detector GCMS-QP2010 Plus containing a ZB 1-ms
column (10 m × 0.1 mm × 0.1 mm) using 99.999% v/v helium as eluent with a ramp from 160 to 200 ◦C
at 5 ◦C/min and a final period of 15 min at 200 ◦C.

2.2.4. Saccharification Experiments

Saccharification runs were carried out in triplicates, in thermostated 50 mL round-bottom flasks
with magnetic agitation and placed in thermostated aluminum blocks. In each run, 6 g of solids
with 60% humidity produced by the several pretreatments tested were employed. Depending on
the pretreatment, either 20 mL of citrate buffer solution 50 mM pH 5.2 were used or citric acid was
added as needed (after pretreatment liquid phase HPLC analysis) and pH readjusted to 5.2. The total
percentage of dried solids changed from 6.7% to 12.5% depending on the conditions to be tested for
pretreatment comparison or for saccharification optimization. In all cases, the pH was controlled at 5.2
by adding NaOH 5 M after the addition of the enzymes during the first hour (burst phase), until a low
viscosity was obtained.

In each saccharification run and in the case of the liquid phase after some pretreatments, several
samples were withdrawn with reaction time. Sample preparation included centrifugation, dilution and
filtration. The resulting liquid samples were analyzed by HPLC with JASCO 2000 series equipment
(Tokyo, Japan), while analyte detection was performed with a refraction index detector. Acidified
Milli-Q water (0.005 N H2SO4) flowing at 0.5 mL/min was employed as mobile phase, while the
stationary phase was a Rezex ROA-Organic Acid H+ (8%) column (300 mm × 7.80 mm) placed in an
oven at 60 ◦C. For the determination of xylose, arabinose and galactose, a Rezex RCM-Monosaccharide
Ca2+ column (300 mm × 7.80 mm) at 80 ◦C was employed, with Milli-Q water as eluent (Both columns
from Phenomenex, Torrance, CA, USA).

The comparison of the results obtained by HPLC analysis with original or pretreated solid
hydrolyzed by using NREL procedures and enzymatic saccharification (in this case, at several reaction
times) was employed as the basis to calculate yields. A total yield (YT) defines the amount of total
glucose released by all possible means: enzyme aided extraction, sucrose inversion and saccharification,
while the saccharification yield (YS) can be established by knowing the fructose released, as this
monosaccharide proceeds only from inversion and enzyme-aided extraction, and its ratio to free
glucose is well-known (average fru/glu in orange juice = 1.025).

YT(%) =
Ctotal glu saccharification

Ctotal glu released by NREL procedure
× 100 (1)

YS(%) =
Ctotal glu saccharification−Ctotal fru saccharification/1.025

Ccellulose × 1.1
× 100 (2)

2.2.5. Statistical Design of Experiments

A fractionated factorial design known as the Taguchi method was employed as a Design
of Experiments (DOE) technique, which is based on: an orthogonal fractionated factorial design
methodology. The application of this methodology results in a dramatic reduction of the number of
experiments to be performed [40–42].

For enzymatic saccharification, there are many variables to be considered, although a pH of 5.0 or
temperature of 50 ◦C are well established in the literature. As for other factors, like mixing or agitation,
these should be fixed at medium to high values to avoid hindrances. To reach high concentrations
of monosaccharides at an acceptable amount of enzymes, the factors to consider are the dry solid to
liquid ratio, and the amount of the three industrial preparations used here: Celluclast 1.5 L, Novozym
188 and Pectinex Ultra-SP L.

Taguchi methodology has been followed according to the next steps: (1) selection of the responses
or dependent variables to be optimized (in this case, total and saccharification yields to glucose);
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(2) identification of the factors and the choice of their values or levels; (3) performance of duplicate
saccharification runs; (4) statistical analysis of results and the signal-to-noise ratio, determining the best
values or levels for each factor and predicting the result for the optimal run; (5) triplicate conduction
(of the confirmatory run) in the optimal conditions.

As concentrations and yields have to be maximized, the signal-to-noise ratio (S/N ratio or SNR)
to be calculated in this case is the higher-the-better one, by using the following expression:

S/N ratio = −10 log10
1
n

n

∑
i=1

1
y2

i
(3)

where yi is the value of the response or objective variable (yield, in this case) for each run and n is the
number of repetitions per run. To examine the importance of every single individual factor on the
saccharification, the average S/N for each factor at each level is computed with equation [4].

S/N =
Sum of S/N values for factor i at each level j

3
(4)

The interval of S/N ratios is calculated for each factor and compared to a global average value for
all factors. The wider the interval the more influential the factor on the objective variable is. Moreover,
given the optimal levels for all factors, the mean response predicted for the best conditions can be
calculated with the next equation (for factors A, B, C, D):

Best yield predicted = Y +
(

Aopt − Y
)
+

(
Bopt − Y

)
+

(
Copt − Y

)
+

(
Dopt − Y

)
(5)

where Y is the global average value for each yield (total, saccharification).

2.2.6. Kinetic Modelling

Fractal kinetic models are semi-empirical models that take into account the severe reduction in
global productivity or rate in saccharification processes. The solids on which several of the enzymes
involved are acting are similar to fractals in the sense that not all the surface is available for enzymatic
action; therefore, there is no integer dimension at any reaction time and the solid is a fractal. This
fractal nature extends to dynamic processes, as the controlling nature of each kinetic or dynamic
phenomenon interacting during the whole process can change during saccharification [43–45]. Fractal
models assume that hindrance increases with time, so kinetic constants decrease in the same direction,
meaning that they are a function of time. The simplest fractal kinetic model supposes that the first
hydrolysis steps are of first-order, as water is in excess.

RG
′ = dX

dt
= k′·(1 − X) (6)

where the kinetic constant k′ for the first hydrolytic event is a first-order constant and, for the
subsequent hydrolysis, a function of time, according to:

k′ = k·t−h ∀ t ≥ 1 or k′ = k ∀ 0 ≤ t ≤ 1 (7)

Therefore, for the very first hydrolysis taking place on the surface, the following equation
is valid. After fitting the model to every set of kinetic data, goodness-of-fit can be expressed by
several parameters: the sum of quadratic residues (SQR) (which should be near or equal to zero),
Root-Mean-Square-Error (RMSE), the square root (SQR) divided by the degrees of freedom (same
trend or value as SSR), and Fisher F (it should be high, as it includes SQR in the denominator). They
can be calculated with these equations:
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SQR =
N

∑
i=1

(
yi,exp − yi,calc

)2 (8)

RMSE =

√
SQR

N − K
(9)

F =
ΣN

i=1(yi,calc)
2/K

ΣN
i=1SQR/(N − K)

(10)

In these equations, yi,exp is the conversion of each product after the maximum concentration of
that monosaccharide is estimated by NREL procedures, yi,calc is the same conversion, but calculated
with the model and the optimal values of the kinetic parameters, N is the number of data and K, the
number of kinetic/thermodynamic constants in the model (2, for the model proposed).

3. Results and Discussion

3.1. Preliminary Experiments: Hydrothermal Pretreatments

Prior to the performance of saccharification runs, the protocols established in NREL were used to
determine the basic composition of several stocks of OPW pretreated by mild water thermal procedures
or, in their absence, by mechanical knife milling (at least). Table 1 compiles the results and, as can
be seen, water content depended on the pretreatment time as well as the physical state of the water
and the type of device used to heat the solid (indirect electrical heating or direct microwave heating).
Direct heating or steaming pretreatments result in higher hydration of the solid in only a few minutes.
However, indirect or classical heating involves a very long time to increase water content in OPW.
The more aggressive the hydration procedure the more evident the presence of hydrolysis reactions
is within the solids, with an increase of the soluble part of any of the polymers considered. The
original OPW contains a high amount of water, no extractives in chloroform and a high percentage
of extractives in solids (38.5% ± 1.2%); pretreatments with steam or hot water lead to a reduction in
free sugars and an increase of polymers (in mass percentage) compared to the original solid. Again,
this extraction of free sugars is more effective when using microwaves or direct steaming (followed by
rinsing with water in a Buchner funnel).

Table 1. Compositional analysis of original and pretreated solids based on NREL methodology
(National Renewable Energy Laboratory, US Department of Energy).

OPW Pretreatment
Solid Dry

Weight
Glucan
Sol/Ins

Xylan
Sol/Ins

Other Sugars
Sol/Ins

Pectin
Sol/Ins

Lignin/Ash

Knife Milling (KM) 16.5 ± 0.2 5.12/12.9 0.04/0.72 1.91/13.5 0/18.6 6.47/3.72
KM+ 6 h LHW 1.2 atm 120 ◦C 15.7 ± 0.4 6.41/13.7 0.06/0.81 2.56/13.2 2.42/17.2 7.21/3.96
KM+ 24 h LHW 1.2 atm 120 ◦C 15.1 ± 0.2 6.96/14.4 0.06/0.84 4.56/12.9 4.56/14.2 7.42/4.01

KM+ 40 min MW 500 w
1.2 atm 120 ◦C 12.1 ± 0.3 7.89/15.4 0.45/1.12 7.56/8.45 7.84/12.2 8.12/4.29

KM+ 80 min MW 500 w
1.2 atm 120 ◦C 10.9 ± 0.1 8.95/17.1 0.89/1.04 10.2/4.68 9.41/8.56 8.23/4.56

KM+ 40 min direct steaming 10.2 ± 0.4 10.6/11.5 1.12/0.98 10.5/4.21 9.24/8.69 9.12/5.14

All results in % or % dry solid; Sol/Ins = soluble/insoluble; atm = atmosphere (pressure).

After plain knife milling or followed by hot water or steaming pretreatments, solids were partially
dried to a 70% water content, so as to avoid a very high volume of solids for the next step and, at the
same time, the collapse of their porous structure. Saccharification runs were performed at a relatively
high content of cellulases (Celluclast 1.5 L), β-glucosidase and xylanases/β-xylosidases (Novozym
188) and polygalacturonases (PG) and auxiliary enzymes (Pectinex Ultra SP-L): 5.8 mg total protein
per gram dry solid (DS), 98 FPU/g DS, 199 UI β-glu/g DS, and 11400 UI PG UI/g DS. With these
conditions and high stirring at 500 rpm, a 5.0 pH value and 50 ◦C applied during the 72 h of the
hydrolytic process, several effects due to mass transfer and low activity can be avoided, and results
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depend mainly on the pretreatment employed in each case. These are shown in Figure 1, as total yield
to glucose, on one hand, at total liberated glucose concentration, in g/L, on the other.

A very mild mechanical pretreatment, knife milling, renders a solid very reactive, while all other
pretreatments, except steaming, induce a considerable reduction in global yields and final glucose
concentrations. Since the solids, by their soluble polymer content, should be more reactive, this
situation should be due to a collapse of the porous structure, resulting in a mass transfer hindrance
of the enzymes into the structure. In fact, if steaming is employed, it is reasonable to accept that
this structure is not being affected by the treatment in this sense, but probably otherwise, leading to
swelling. However, the energy used for this further pretreatment hardly compensates for only knife
milling, at least, until it reaches medium to high dry solid content (15%). Therefore, knife milling
followed by partial drying to 70% water content is the pretreatment used for further experimentation,
reducing energy consumption to low values due to the softness of OPW.

Figure 1. Results for deep enzymatic saccharification for various OPW (Orange Waste) solids obtained
by several mechanical and hydrothermal pretreatments: (a) Percentual total yield (YT) to glucose at
72 h; (b) Final glucose concentration liberated at 72 h.

3.2. Taguchi Optimization of the Saccharification

The Taguchi method applied in this case focused on total and saccharification yields optimization,
with a higher emphasis on the former, as a high concentration of monosaccharide is important, regardless
of its origin. The number of factors or independent variables is four and three levels or values are chosen for
each of them, as shown in Table 2. With these conditions, nine runs are needed to cover the experimental
range under study (18 if duplicate experiments are performed). In general, the amount of runs N is a
function of the number of factors P and the number of levels chosen for them L, as shown in Equation (11).
This strategy avoids any bias in the selection of runs and in the information extracted from them.

N = (L − 1)P + 1 (11)

As for the total maximum concentration of protein (1.16 mg per gram of dry solid), it is evident
that low concentrations of enzymes are selected to avoid a high cost in saccharification. At the same
time, partial drying permits the increment of dry solid per liquid, so as to approach the solid amount
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usually found in wood and herbaceous raw materials saccharifications (from 15% upwards) and reach
high concentrations of monosaccharides, if the final yields are favorable.

Table 3 displays the results of the saccharification runs after 72 h of process. At first glance,
the increment of solid is not deleterious to the process owing to the narrow range of dry solid to
liquid weight ratios here studied. The overall concentrations of glucose and fructose are medium
to high, hence indicating good progress of enzyme-aided extractions, inversion and saccharification
processes; however, the amount of sugars coming from hemicelluloses (arabinose, galactose and
xylose) is relatively low, showing a certain recalcitrance of this polymer to the action of hemicellulases
in Novozym 188. This can be expected as this preparation is more effective in wood and herbaceous
hemicellulases, rich in xylose and mannose (and, in some cases, in glucose).

Table 2. L9 Taguchi matrix for exploring the experimental range of dry solid to liquid ratio and the
diverse enzymatic activities included in the final enzymatic cocktail.

Run % DS
Cellulase
FPU/g DS

β-Glucosidase
(UI)/g DS

Polygalacturonase
UI/g Pectin

Protein/Dry
Solid mg/g

1-1’ 6.1 1 6.08 1 12 1 670 1 0.29
2-2’ 6.1 1 12.15 2 23 2 1340 2 0.58
3-3’ 6.1 1 24.30 3 50 3 2850 3 1.16
4-4’ 9.5 2 6.08 1 23 2 2850 3 0.40
5-5’ 9.5 2 12.15 2 50 3 670 1 0.75
6-6’ 9.5 2 24.30 3 12 1 1340 2 0.88
7-7’ 11.5 3 6.08 1 50 3 670 1 0.57
8-8’ 11.5 3 12.15 2 12 1 2850 3 0.51
9-9’ 11.5 3 24.30 3 23 2 1340 2 0.96

Factor A: DS/L ratio; Factor B: Cellulase; Factor C: β-glucosidase; Factor D: Polygalacturonase. Each factor has
three levels or values (in italics).

Table 3. L9 Taguchi matrix results in terms of monomer concentrations in the fluid phase and total and
saccharification yield to glucose after 72 h.

Run
DP ≥ 2

(g/L)
Glucose

(g/L)
Fructose

(g/L)
Ara + gal + xyl

(g/L)
Galacturonic Acid

(g/L)
YT YS

1-1’ 1.30 14.56 11.56 1.82 4.52 50.90 10.72
2-2’ 1.24 16.88 13.40 2.19 5.98 61.87 30.65
3-3’ 1.01 22.64 18.30 4.27 9.28 82.95 69.01
4-4’ 2.02 28.48 23.45 5.42 11.97 77.73 58.78
5-5’ 0.90 33.11 24.74 3.68 9.40 89.89 81.62
6-6’ 1.46 34.06 26.41 4.03 12.58 92.48 86.33
7-7’ 1.35 45.02 32.12 5.32 12.94 99.68 99.42
8-8’ 1.12 45.27 36.21 5.64 17.70 99.70 99.46
9-9’ 2.70 41.87 32.73 4.89 7.89 92.75 86.82

After estimating the SNR for each case for the-higher-the-better case, taking into account that
the higher the yield the better process performance is obtained, partial average SNR values for each
factor and level (for example, average SNR values for the A factor, that is, dry solid to liquid ratio, is
the average value calculated from the values estimated from runs 1, 2 and 3 for level 1 of this factor)
and the overall average SNR values (for all 9 runs and duplicates) are represented. This is performed
for all factors. Results are depicted in Figure 2 for the global yield to glucose and in Figure 3 for the
saccharification yield, paying particular attention to showing the same interval for the ordinate axis, so
as to compare the effects of each operational variable or factor on the yields.

Figure 2 indicates that the most influential factor is the ratio of dry solid to liquid, so the higher
amount leads to higher yields, within the restricted range analyzed here. As expected, if higher
amounts of enzyme are added, the global yield increases regardless of their activities, but this increment
is more evident for glucanases than for pectinases, for example. In the case of β-glucosidase and
hemicellulases, this increment is not so progressive than in the other types of enzymes, indicating a
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critical amount that enhances the process. In any case, the optimal situation includes the highest level
for all cases, so the optimal run should be A3B3C3D3 if we consider the global yield as our target.

Figure 2. Taguchi plots (SNR vs. level for each factor) for the global yield to glucose.

Figure 3. Taguchi plots (SNR vs. level for each factor) for the saccharification yield to glucose.
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Saccharification yield was estimated by subtracting the effects of enzyme-aided extraction and
sucrose inversion on the glucose concentration. The results obtained are graphed in Figure 3, showing
that the effects are quite different from the previous case, although for the dry solid to liquid mass
ratio, performance is similar. In all other cases, the lowest activity is better than the highest one. This
observation can only be explained if an excess of protein results in non-active adsorption (non-active for
saccharification purposes), maybe due to overcrowding, an effect that has previously been described
for enzymes acting on lignocellulosic surfaces. For the saccharification yield, the best situation will be
obtained with a A3B1C1D1 run.

Further analysis can be carried out by way of a technoeconomical assessment. For this purpose,
a good benchmark can be a 42 HFCS (High Fructose Corn Syrup) 75–85% (content in solids)
syrup, whose market price has steadily increased from 0.41 to 0.65 €/kg from January 2014 to May
2017, according to the Economic Research Service of the US Deparment of Agriculture (Sugar and
Sweeteners Yearbook Tables). One should keep in mind that glucose and fructose are the main
monosaccharides obtained in these saccharification runs with OPW as biomass substrate. Table 4
presents some estimations on glucose to fructose ratio and enzyme cost per kg mixture (prices provided
by Novozymes for all preparations tested: Celluclast 1.5 L 20 €/kg; Novozym 188 35 €/kg; Pectinex
Ultra SP-L 26 €/kg supplied in 25 kg drums–data provided by Novozymes-).

Table 4. L9 Taguchi matrix enzyme cost analysis with the glucose/fructose mixture as final
monosaccharide mixture (compared to a 42 HFCS 75–85% syrup acting as benchmark).

Run
Enzyme Cost

per Run
Glucose

(g/L)
Fructose

(g/L)
glu+fru

(kg/10 L)

fru

glu + fru

Enzyme Cost
(€/kg glu+fru)

1-1′ 0.0468 14.56 11.56 0.2612 0.44 0.18
2-2′ 0.1285 16.88 13.4 0.3028 0.44 0.42
3-3′ 0.2570 22.64 18.3 0.4094 0.45 0.63
4-4′ 0.2177 28.48 23.45 0.5193 0.45 0.42
5-5′ 0.1894 33.11 24.74 0.5785 0.43 0.33
6-6′ 0.1732 34.06 26.41 0.6047 0.44 0.29
7-7′ 0.2445 45.02 32.12 0.7714 0.42 0.32
8-8′ 0.2975 45.27 36.21 0.8148 0.44 0.37
9-9′ 0.1691 41.87 32.73 0.746 0.44 0.23

It is evident that runs 7 and 8 are the best in this matrix if total sugars, total glucose or fructose
concentrations are the objective functions to maximize. Although several cost effects are not included
in this analysis, the conditions shown in run 9 appear much better if operational cost for the enzyme
mixture amount, a well-known critical cost factor, is taken into account. Only run 1 is better than run 9
from this point of view, yet sugar amounts and yields are much worse in that case.

A final analysis and run performance applies Equation (5) for the chosen objective function or
response. In this case, the global yield to glucose, being parallel to maximal concentrations of free
monosaccharides, is the chosen one. In this case, the best conditions are A3B3C3D3 and the application
of Equation (5) renders an expected global yield for this experiment of 108.2%. The validation runs
give results of 99.85% and 99.64% global yield to glucose, which lead to an average final glucose
concentration of 45.67 g/L, and 36.12 g/L of fructose, with an estimated enzyme cost of 0.51 €/kg of
mixture glu+fru. Evidently, a very high yield to glucose (and other monosaccharides) results in a high
cost, so the combination A3B3C2D1 (run 9) is much better from this perspective, with a good 92.75%
global yield to glucose and a reduced cost (0.23 €/kg of mixture glu+fru). Even so, either further
reductions in cost per kg industrial enzyme mixtures or higher specific activities at contained prices
are needed to reduce the amount of protein (enzyme mixture) per gram dry solid.
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3.3. Fractal Kinetic Modelling for Best Global Yield Conditions

A simple first-order fractal model has been fitted to kinetic data of all important monomers
obtained in both corroboration runs (thus, optimal conditions regarding glucose total yield). Results
on the kinetic parameters, with their standard errors, and goodness-of-fit parameters are provided in
Table 5, while the fitting can be observed in Figure 4 in terms of total yields.

As may be seen from the kinetic parameters of the fractal equation for each case, it is perceptible that
the standard error is low for most cases, thus indicating a good confidence degree in the optimal value
of k′ (the first-order kinetic constant) and h (the fractal exponent). The low values for SQR and RMSE
and the high to very high values for Fisher F (much higher than the values tabulated at 95% confidence
needed in all cases) indicate a good to very good fitting, an idea that is corroborated by Figure 4.

The values of the first-order kinetic constant show that the enzyme cocktail is mostly active on
cellulose and a part of the hemicellulose, liberating glucose and xylose (not very abundant) at a fast
pace. Fructose is free, as a monosaccharide, so it is liberated due to the disruption of the juice vesicles
(as is the case of a high percentage of glucose). It is evident that this process is the fastest-occurring step.
Regarding pectin hydrolysis, a high concentration of galacturonic acid is reached (more than 12 g/L)
at 52 h, but its liberation is relatively slow, so PG activity seems to not be very high in this context. The
same can be said for arabinose and galactose, the main monosaccharides in OPW hemicelluloses: they
are liberated at a very slow rate and only partially in 52 h, so there are low activities for α-galactosidase
and arabinan endo-1,5-α-L-arabinanase.

Looking at the fractal exponent, a high value indicates the presence on limiting phenomena hindering
the liberation of the considered monomer. Thus, fructose liberation is fast at the beginning, but it is rapidly
reduced, as shown by a high value of h for this monosaccharide. This fact suggests that the vesicles are
being disrupted at a fast pace in the first moments, while fructose can be adsorbed in the solid part of the
wastes and only the progressive disappearance of this part permits the liberation of a fraction of fructose.
The same can be said for the free part of glucose, although in the case of xylose, being a minor component
in the hemicellulosic fraction, the low liberation of galactose and arabinose can be a hindrance for xylose
production. Finally, in the case of galacturonic acid, the exposure of pectin to the enzymatic action should
be heterogeneous, as can be deduced from the complexity of pectin extraction in acid conditions, a very
slow process that always leaves a good quantity of pectin in the solid matrix.

Table 5. Kinetic and goodness-of-fit parameters for the fractal models.

Parameter Glucose Fructose Xylose Galacturonic Acid Arabinose Galactose

k′ 0.32 ± 0.03 0.47 ± 0.05 0.327± 0.021 0.116± 0.003 0.0098± 0.001 0.0092 ± 0.0003
h 0.62 ± 0.07 0.91 ± 0.09 1.11 ± 0.05 0.72 ± 0.01 0.15 ± 0.04 0.14 ± 0.01

SQR 0.0027 0.00112 0.00112 0.000096 0.00018 0.000016
RMSE 0.0198 0.021 0.0011 0.0037 0.005 0.0015
F-value 4294 3835 6420 41,795 3195 32,769
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Figure 4. Fitting of the fractal models to the conversion data of monomers liberated during the
saccharification process in optimal conditions to maximize the total glucose yield.
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4. Conclusions

This study indicates that knife milling, a mild mechanical pretreatment of orange peel waste,
is enough to obtain acceptable yields for saccharification at low enzyme amounts. Furthermore,
optimization of the hydrolysis and extraction enzymatic process performed on milled OPW shows
that good to high yields of glucose and fructose are obtained, liberating more than 45 g/L glucose,
more than 30 g/L fructose, and 12 g/L galacturonic acid within 52 h with a protein content under 1 mg
per gram dry solid and at 11.5% w/w DS/L. Further enhancement of the enzymatic cocktail should
be sought, especially to liberate the arabinose and galactose contained in the hemicellulose part of
OPW. Reduction of the prices of pectinase and β-glu/hemicellulases industrial preparations should be
pursued if the maximum yields to monomers are the main aim.
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Abstract: Dairy waste is a complex mixture of nutrients requiring an integrated strategy for
valorization into various products. The present work adds insights into the conversion of fat-rich dairy
products into biomass, glycerol, and fatty acids via submerged cultivation with edible filamentous
fungi. The pH influenced fat degradation, where Aspergillus oryzae lipase was more active at neutral
than acidic pH (17 g/L vs. 0.5 g/L of released glycerol); the same trend was found during cultivation
in crème fraiche (12 g/L vs. 1.7 g/L of released glycerol). In addition to glycerol, as a result of fat
degradation, up to 3.6 and 4.5 g/L of myristic and palmitic acid, respectively, were released during
A. oryzae growth in cream. The fungus was also able to grow in media containing 16 g/L of lactic acid,
a common contaminant of dairy waste, being beneficial to naturally increase the initial acidic pH
and trigger fat degradation. Considering that lactose consumption is suppressed in fat-rich media,
a two-stage cultivation for conversion of dairy waste is also proposed in this work. Such an approach
would provide biomass for possibly feed or human consumption, fatty acids, and an effluent of low
organic matter tackling environmental and social problems associated with the dairy sector.

Keywords: biomass for feed; dairy waste; edible filamentous fungi; fatty acids; glycerol

1. Introduction

Considering the important role of dairy products and related industries in the daily life and
well-being of an increasing human population, it is also of environmental, social, and economic
importance to have promising methods to treat the dairy waste generated. Therefore, efficient waste
management routes need to be developed to cope with increasing amounts of dairy waste. One of those
strategies includes biological treatment with edible filamentous fungi whose diversified enzymatic
machinery enables the hydrolysis of complex nutrients for further assimilation and conversion to
various value-added products [1,2]. Dairy substrates are potential sources of lactose, protein, and fat,
where the latter varies between 3% in low-fat dairy substrates (e.g., milk) and 40%–50% in fat-rich
substrates (e.g., cream and crème fraiche) [3]. Therefore, bringing together the metabolic diversity of
filamentous fungi and the complex composition of dairy waste, there is a high potential for building
biorefineries worldwide where dairy waste is biologically converted to various value-added products.
This can have important environmental and social implications considering the amount of dairy waste
generated, its environmental pollution potential, and biorefinery-related job creation.

Edible filamentous fungi such as Aspergillus oryzae and Neurospora intermedia have previously been
investigated for valorization of dairy waste products including cheese-whey, milk, yoghurt, cream,
and fermented cream (crème fraiche) and management routes and their output potential have been
proposed [3]. Special emphasis was placed on lactose assimilation, production of biomass that can be
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used for feed applications, and fat degradation with concomitant release of glycerol. N. intermedia has
been used for production of the Indonesian food oncom; however, it is a rather unexplored fungus from
a biotechnological point of view [2]. A. oryzae, found worldwide but of higher incidence in tropical
environments [4], is one of the most studied fungi at the industrial level where it contributes to the
production of several products including a variety of organic acids and enzymes [5]. In addition,
A. oryzae is traditionally used for production of various human food products (e.g., miso) and beverages
(e.g., sake) in China and other East Asian countries [6]. Interestingly, A. oryzae was found to change its
metabolic preference from lactose assimilation in low-fat dairy waste to fat degradation in high-fat
dairy waste [3]. Therefore, fatty acids and glycerol, together with fungal biomass, would have a crucial
role in the economic feasibility of bioconversion processes centered on dairy waste. Thus, further
insights are needed regarding optimization of fat degradation by A. oryzae in dairy waste together
with the characterization of the fatty acids released. Nearly 60% of milk fatty acids are saturated,
where palmitic, stearic, and myristic acids dominate; polyunsaturated fatty acids such as linoleic acid
only account for about 4%. Functional food monounsaturated fatty acids are also present in milk,
for instance, oleic acid represents about 25% of milk fatty acid content [7–9].

The present study focuses on A. oryzae fat degradation capabilities in fat-rich substrates,
namely cream and crème fraiche (pasteurized cream soured using lactic acid producing bacteria [10]).
Special emphasis was given to the effect of pH and lactic acid on fat degradation and concomitant
release of glycerol and fatty acids whose characterization was carried out. Bringing together all
available insights on valorization of dairy substrates with edible filamentous fungi, an integrated
bioconversion system for management of dairy waste is proposed.

2. Materials and Methods

2.1. Microorganism

Aspergillus oryzae var. oryzae CBS 819.72 (Centraalbureau voor Schimmelcultures, Utrecht,
The Netherlands) was used throughout this study. The ascomycete was maintained in potato dextrose
agar (PDA) plates containing 20 g/L glucose, 15 g/L agar, and 4 g/L potato extract. New plates were
prepared on a two-week basis via inoculation with 100 μL of spore solution obtained by flooding a
pre-grown plate with 20 mL sterile distilled water; disposable spreaders were used to bring the spores
into solution and to spread the spore solution onto new plates. The inoculated plates were incubated
at 30 ◦C for 3–5 days followed by storage at 4 ◦C until use for cultivation.

2.2. Dairy Substrates

Fresh cream (grädde, Falköping Mejeri, Falköping, Sweden) and crème fraiche (sour cream, ICA,
Borås, Sweden) were purchased locally. Cream contained 48% (w/w) total solids composed of 40%
fat, 3% carbohydrates, and 2% protein (Falköping Mejeri, Falköping, Sweden); crème fraiche contained
40% (w/w) solids composed of 34% fat, 3% carbohydrates, and 2% protein (ICA, Borås, Sweden).
Both substrates were sterilized at 121 ◦C for 20 min followed by storage at 4 ◦C until use for cultivation.
For cultivations in separated solid and liquid fractions of cream, it was centrifuged at 3000× g for
5 min and the solid fractions were diluted to the starting volume with distilled water. Both fractions
were sterilized in 250 mL Erlenmeyer flasks containing 100 mL of medium at 121 ◦C for 20 min.

2.3. Cultivations

All cultivations were carried out using 250 mL Erlenmeyer flasks containing 100 mL of medium.
The flasks were inoculated with 20 mL/L of solution containing 1.8 × 107 spores/L and incubated
in a water bath shaking at 125 rpm at 35 ◦C for 4–6 days. Cultivations in non-sterile cream were
carried out by transferring, under sterilized conditions, 100 mL cream into pre-sterilized empty 250 mL
Erlenmeyer flasks. Cultivations in semi-synthetic medium were carried out as above using lactic
acid (20 g/L) and glycerol (30 g/L) as single carbon sources together with salts and with or without
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supplementation of yeast extract according to Sues et al. [11]. Samples were withdrawn under sterile
conditions during cultivation at regular intervals where the liquid fractions after centrifugation at
3000× g for 5 min were stored at −20 ◦C for further analyses. At the end of the cultivation, the biomass
was harvested using a sieve (1 mm2 pore size) and washed thoroughly with distilled water to remove
extracellular medium residuals. All cultivations were carried out in duplicate.

2.4. Analyses

The harvested biomass was dried to constant weight in an oven at 70 ◦C and biomass yields are
reported as g of biomass per liter of the dairy substrate.

Profiles of glycerol, lactic acid, lactose, glucose, other sugars, ethanol, and fatty acids were
constructed based on high-performance liquid chromatography (HPLC) analysis. A hydrogen-ion
based ion-exchange column (Aminex HPX-87H, Bio-Rad, Hercules, CA, USA) at 60 ◦C and 0.6 mL/min
of 5 mM H2SO4 was used for analysis of all components except fatty acids. Myristic, palmitic, oleic,
and stearic acids were analyzed using a C18 XBridge BEH Phenyl column (Waters Corporation, Milford,
MA, USA) at 45 ◦C and 0.6 mL/min of acetonitrile-water (85:15). An ultraviolet (UV) absorbance
detector (Waters 2487, Waters Corporation, Milford, MA, USA), operating at 210 nm wavelength, was
used in series with a refractive index (RI) detector (Waters 2414).

Derivatization of the fatty acids in the experimental samples and respective standard mixtures
was carried out as follows: 0.5 mL of the sample was dried under nitrogen stream followed by the
addition of 0.5 mL of 20 mg bromoacetophenone/mL acetone and 0.5 mL of 25 mg triethylamine/mL
acetone. The mixture was vortexed and then placed in a heating block at 100 ◦C for 15 min with the
tubes open. After cooling, 0.75 mL of 10 mg acetic acid/mL acetone were added, heated at 100 ◦C for
5 min, and then dried under nitrogen stream. The volume of the samples was adjusted to 1 mL with
acetonitrile-water (85:15), vortexed, centrifuged, and the supernatant was used for HPLC analysis.

The nitrogen content of solid and liquid fractions of cream was analyzed using the Kjeldahl
method according to [3].

2.5. Statistical Analysis

All experiments performed in this study have been carried out in duplicate and the average
values plus the error bars representing two standard deviations are illustrated on the graphs. The data
acquired were statistically analyzed using MINITAB® 17 (Minitab Ltd., Coventry, UK). A general linear
model with a confidence interval of 95% was applied for the analysis of variance (ANOVA). To have
a better understanding of the extent of differences between results obtained, pairwise comparisons
according to Tukey’s test were performed.

3. Results and Discussion

Generally, dairy waste can be divided into fat-rich and low-fat substrates, where lactose
contributes a great fraction of the chemical oxygen demand in the latter [12]. Understanding lactose
consumption by A. oryzae and N. intermedia has previously been a subject of research [3]. Nonetheless,
further investigation on fat degradation by edible filamentous fungi is needed in order to build a
process that will lead to full conversion of the nutrients present in dairy waste to various value-added
products. The present study focused on the influence of pH on fat degradation in order to give
further insights regarding the optimal conditions for lipase production by A. oryzae, the lactic acid
concentration as a result of bacterial growth, and the need for dairy waste sterilization before fungal
cultivation. Furthermore, a characterization of the fatty acids released during fat degradation is
presented together with a proposal for an integrated bioconversion process where all dairy waste is
converted to various value-added products using edible filamentous fungi.
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3.1. The Effect of pH on Fat Degradation by A. oryzae

Species belonging to the Aspergillus genus can grow at a wide range of pH values which together
with temperature among other parameters, can influence enzyme production and activity [13].
Therefore, A. oryzae was grown in cream with pH initially adjusted from 4.3 to 7. As can be observed
in Figure 1, pH played a crucial role on fat degradation, where the amount of glycerol released (as a
result of fat degradation) increased from 0.5 g/L at acidic pH to 17.2 g/L at neutral pH. Differences
in glycerol concentration were more evident up to pH 6 than within the pH interval 6–7 (Figure 1).
Thus, at the examined conditions, production of lipase by A. oryzae was favored at neutral pH, which
is in agreement with previous studies [14]. Neutral pH has also been observed to induce the highest
lipase activity by A. flavus, while a pH of 6 was reported to induce the highest lipase activity in
A. niger [15]. Therefore, pH values leading to the highest lipase activities vary naturally among
Aspergillus species. The present research adds further insights into the biological conversion of dairy
substrates by A. oryzae, since its lactase was found to have the highest activity within the pH range of
4–6 [3]. Furthermore, a temperature range of 30–37 ◦C is reported to induce maximal lipase activity
by Aspergillus species [13–15]. Since the pH had not been kept constant during cultivation, a further
experiment was carried out to establish a relationship between pH value and biomass production over
time (Figure 2). The initial pH of cream after sterilization was 6.18 ± 0.11 and it decreased continuously
to 5.36 ± 0.02 after 94 h and remained unchanged until the end of cultivation. As can be seen in
Figure 2, as the pH reached 5.3, the biomass weight profile reached a plateau at ~5 g/L. This implies
that low pH interferes with the growth of A. oryzae in cream media. It remains to be revealed how
the decreasing pH influences the degradation of fat with consequent release of glycerol at longer
cultivation times since a plateau has not been reached (Figure 1).
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Figure 1. The effect of pH on fat degradation and glycerol release by A. oryzae in cream.
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3.2. Fatty Acids Released by A. oryzae Fat Degradation

The contents of the fatty acids palmitic, myristic, stearic, and oleic acids were followed during
cultivation in cream initially adjusted to pH 6. In complete agreement with the overtime release
of glycerol, an increase in the release of the analyzed fatty acids was observed during cultivation
(Figure 3). The final concentration of palmitic (4.56 ± 0.44 g/L) and myristic (3.68 ± 0.08 g/L) acids
were considerably higher than that of stearic and oleic acids (less than 1 g/L of each). This difference in
the release of fatty acids may be due to the type and activity of the lipase produced by A. oryzae [14,16].
Lipases are selective on the substrate; therefore, the final product depends on whether the initial
substrates are more concentrated in tri-, di-, or mono-glycerides [17]. In addition, lipases are
regioselective, with preference to act depending on the positioning of the fatty acids on the glycerol
backbone. Svendsen [17] has reported that fungal lipase preferably acts on sn1 and sn3 positions on
the triglyceride backbone. It is noteworthy that in milk fat triglyceride backbone, short chain fatty
acids usually take sn3 and positions sn1 and sn2 are occupied by longer chain fatty acids [18].
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Figure 3. Changes in the concentration of main fatty acids in cream during the cultivation of A. oryzae.

However, when taking the lipid composition into account the detected glycerol concentration was
more than 10 times higher than that of fatty acids. Thus, most likely the fungus is either metabolizing
or storing the released fatty acids.

As reported by [3], in contradiction to low-fat dairy media, in cultivation of A. oryzae in fat-rich
dairy cream medium there is a metabolic shift from lactose utilization to fat degradation. However,
surprisingly, there seemed to be both very poor lactose consumption (lactose concentration remained
constant throughout the cultivation [3]) and fat degradation in the case of crème fraiche, although both
cream (40% fat) and crème fraiche (38% fat) are fat-rich dairy media. This activity hindrance may be due
to the presence of about 11 g/L of lactic acid in the as-received crème fraiche that drops the initial pH
to about 4.3, which according to previously obtained results is an unfavorable pH for fungal lipase
activity. Therefore, the pH value effect on fat degradation was also investigated using crème fraiche as
substrate (Figure 4). Expectedly, the increase in pH towards neutral range boosted fat degradation
where glycerol release of up to 12 g/L at pH 6.5 was obtained.
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Figure 4. Glycerol yield in pH adjusted crème fraiche medium inoculated by A. oryzae.

3.3. Lactic Acid and Glycerol Consumption by A. oryzae

In non-sterile cream, as in the case of cream waste, the present bacterial consortium, mainly
constituted by lactic acid bacteria, can grow on the lactose substrate, producing lactic acid as the main
product. Lactic acid is partly behind the sour taste and rancid smell of expired dairy products. The lactic
acid content of the medium as reported in the literature can act as fungicide [19,20], thus hindering the
favorable metabolic activity of the fungal strain. On the other hand, as an increase in the concentration
of lactic acid in the cultivation medium results in a drop of the pH, it may alter the trend of fat
degradation by A. oryzae. Therefore, to study the effect of concomitant presence of A. oryzae and lactic
acid bacteria in cream, the ability of A. oryzae to consume lactic acid as the sole carbon source was
tested in semi-synthetic medium (Figure 5). Results from cultivation of A. oryzae in non-sterile cream
can be found in a previous work [3]. As it can be observed, in the presence of a nitrogen source and
16 g/L of lactic acid the fungus was able to consume 37.5% of the acid within 96 h of cultivation.
The degradation of lactic acid by different filamentous fungi including A. oryzae has been previously
reported [3,21,22]. These results are promising when it comes to long cultivation periods, since if a
stepwise process is applied, A. oryzae initially consumes lactic acid, and subsequently as the pH rises
fat degradation will become dominant. This becomes even more critical when it comes to dairy waste,
which contains considerable amounts of lactic acid bacteria that are constantly consuming lactose and
producing lactic acid. In the presence of both the fungus and lactic acid bacteria, there seems to be no
interference or interruption in the metabolic activity up to a certain initial lactic acid concentration,
however, further metabolic behavior in this system is closely dependent on whether the lactic acid
bacteria or fungus takes over the culture later in the cultivation process. This has also been proven in
the work of de Vrese et al. [23]. Moreover, as A. oryzae has been reported to be a poor lactose consumer
in fat-rich dairy media [3], parallel production of lactic acid by lactic acid bacteria that can be consumed
by the fungus as a secondary substrate can be of interest from a process development point of view.

With the intensification of biodiesel production as a fuel replacement to diesel, the worldwide
production of glycerol has concomitantly increased. Due to its surplus, the price of glycerol will
have the tendency to decrease. Therefore, instead of considering glycerol as a final product, it is
also considered in this study as a potential carbon source for A. oryzae. The fungus was grown in
a semi-synthetic medium containing about 27 g/L glycerol as the sole carbon source together with
magnesium, calcium, potassium, and ammonium salts, where the effect of absence or presence of yeast
extract was investigated. As presented in Figure 5, when the medium was supplemented with yeast
extract, 95% of the initial glycerol in the medium was consumed within 96 h of cultivation, while only
10% of the initial glycerol was consumed when yeast extract was absent. The results are in compliance
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with 7.09 ± 0.78 and 0.61 ± 0.13 g/L of biomass produced in cultivation media supplemented or not
with yeast extract, respectively.
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Figure 5. Utilization of lactic acid (dashed line) and glycerol (solid line) by A. oryzae in mediums
supplemented with salt mixture (�) or salt and yeast extract (�).

3.4. Cultivation of A. oryzae in Different Fractions of Cream

Since the metabolic activity of A. oryzae alters in fat-rich dairy media, where lactose consumption
is suppressed and lipid degradation encouraged, the ascomycete was cultivated in separated liquid
and solid fractions of cream [3]. The results of cultivation of A. oryzae in cream fat and fat-free cream
fractions are presented in Figure 6. The activity of the fungal strain in the fat-free portion of cream
towards lactose utilization even at low and favorable pH 4.3 for A. oryzae lactase activity was low.
Only 17%, 5%, and 5% of the initial lactose was assimilated by A. oryzae at pH 4.3, 5.3, and 6.3 by the
end of cultivation, respectively (Figure 6A). Taking into account the C/N ratio of 4 obtained by the
Kjeldahl analysis, the poor lactose consumption should not be related to lack of nitrogen but to other
nutrients that remained in the solid fraction after centrifugation. According to statistical analysis of
the results, lactose consumption at pH 4.3 was significantly higher (p value = 0.001) than that at 5.3
and 6.3, which relatively had no significant difference (p value = 0.126). These differences were also
corroborated by the biomass yields obtained of 9.96 ± 1.90, 5.38 ± 0.42, and 2.48 ± 0.56 g/L after
cultivation at pH 4.3, 5.3, and 6.3, respectively.

0
2
4
6
8

10
12
14
16

0 24 48 72 96

G
ly

ce
ro

l (
g/

L
)

Time (h)

Fat-water pH 5.3 Fat-water pH 6.3
Fat-salt pH 5.3 Fat-salt pH 6.3

0

5

10

15

20

25

30

0 24 48 72 96 120 144

L
ac

to
se

 (g
/L

)

Time (h)

pH 4.3 pH 5.3 pH 6.3

A      B
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at different pH values and (B) glycerol concentration of the cream fat fraction inoculated with A. oryzae
at different pH values and medium compositions.
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Regarding the cultivation of A. oryzae in the fat-rich fraction of cream (Figure 6B) diluted with
water or salt solution at different pH values, it can be observed that at pH 5.3 when the medium
was provided with adequate salt mixture (including a nitrogen source in the form of ammonium),
the concentration of glycerol released (11.11 ± 1.15 g/L) was significantly (p value = 0.005) higher
than that when the cream fat was only diluted with water (6.88 ± 0.04 g/L). In comparison to
salt supplemented medium at pH 5.3, no significant differences were observed regarding glycerol
concentrations at pH 6.3 in cultures with water (12.98 ± 0.91 g/L) or salt solution (14.23 ± 0.88 g/L).
Although the fungal biomass harvested from the salt supplemented cultivation medium at pH 6.3
(2.17 ± 0.12 g/L) was the highest of the four preparations, the intercellular lipid accumulated and
released during oven drying of A. oryzae biomass [3] interferes with exact biomass measurements.

3.5. Proposed Integrated Bioconversion Unit of Dairy Substrates to Various Value-Added Products

The present study adds further insights into process requirements for full conversion of the
nutrients in dairy waste to value-added products. A. oryzae has previously been found to change its
metabolic preference, where fat degradation is preferred over lactose assimilation in fat-rich media
and vice-versa. Such an expressive metabolic shift (based on the amount of glycerol released) has
not been found for Neurospora intermedia, where lactose consumption assumes the highest relevance
independently of the medium used [3]. Such performance differences call for an integrated process
where both fungi are used in series (Figure 7) within a biorefinery-based concept for valorization
of dairy waste. Overall, fat-rich dairy waste can be diluted with sour milk, cheese whey, or any
other low-fat waste material to a fat content within 10–40% and used for cultivation with A. oryzae
in a first bioreactor under aerobic conditions. During this first stage, A. oryzae will degrade fat and
likely proteins, releasing fatty acids and glycerol. The medium is filtrated into a second aerobic
bioreactor where N. intermedia receives a stream rich in lactose, lactic acid, glycerol, and fatty acids and
produces biomass that can be easily separated by sieving and sold possibly for animal feed or human
food applications. Despite the edible character of A. oryzae, further studies need to be performed
within the overall process development in order to evaluate its suitability for animal feed or human
consumption, since the growth substrate will be very heterogeneous. Depending on the conditions
applied, the final liquid fraction should be very low in organic matter, which eases water recycling,
and with fatty acids that can also have feed or human food applications. Further studies are needed in
order to investigate the process performance at reactor scale and the influence of, for example, oxygen.
Altogether, filamentous fungi can be used to tackle a social and environmental problem of increasing
amounts of dairy waste, via building an integrated bioconversion process that can supply several
different products into various industrial sectors.

Bioreactor 1 Bioreactor 2

Fungal 
biomass

Fungal 
biomass

Fat-rich 
dairy waste A. oryzae N. intermedia

Filter 1 Filter 2

Low organic 
matter effluentfungal biomass

fatty acids
glycerol
lactose

proteins

fatty acids
glycerol
lactose

proteins

fungal biomass
fatty acids

Figure 7. Schematic of the proposed integrated bioconversion process stages for fungal bioconversion
of fat-rich dairy substrates to value-added products.

4. Conclusions

The present study adds important insights on the valorization of fat-rich substrates. The pH
was found to have a critical effect on fat degradation by A. oryzae during growth in cream and
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fermented crème (crème fraiche). The concentration of released glycerol was 0.5 and 17 g/L during
fungal cultivation in cream at acidic and neutral pH, respectively; a range of 1.7–12 g/L was observed
when changing from acidic to neutral pH in crème fraiche. It was also found that a high concentration
of lactic acid, due to contamination, will not have a negative impact on fat degradation by A. oryzae.
Due to suppression of lactose consumption in fat-rich media, a two-stage cultivation using A. oryzae as
a fat degrader and Neurospora intermedia as a lactose consumer is hypothesized to be the right strategy
to build a biorefinery resembling process around dairy waste for supply of biomass for feed or human
consumption, fatty acids, and low organic matter-containing effluent of easy disposal, or for easy
water recycling.
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Abstract: Volatile Fatty Acids (VFA) are small organic compounds that have attracted much attention
lately, due to their use as a carbon source for microorganisms involved in the production of bioactive
compounds, biodegradable materials and energy. Low cost production of VFA from different types
of waste streams can occur via dark fermentation, offering a promising approach for the production
of biofuels and biochemicals with simultaneous reduction of waste volume. VFA can be subsequently
utilized in fermentation processes and efficiently transformed into bioactive compounds that can be
used in the food and nutraceutical industry for the development of functional foods with scientifically
sustained claims. Microalgae are oleaginous microorganisms that are able to grow in heterotrophic
cultures supported by VFA as a carbon source and accumulate high amounts of valuable products,
such as omega-3 fatty acids and exopolysaccharides. This article reviews the different types of
waste streams in concert with their potential to produce VFA, the possible factors that affect the VFA
production process and the utilization of the resulting VFA in microalgae fermentation processes.
The biology of VFA utilization, the potential products and the downstream processes are discussed
in detail.

Keywords: volatile fatty acids; waste valorization; microalgae; bioactive compounds; omega-3
fatty acids

1. Introduction

The term Volatile Fatty Acids (VFA) is applied to short-chain fatty acids, usually consisted of
two to six carbon atoms, such as acetic, butyric or propionic acid [1]. VFA are organic chemicals with
various applications; they can be provided as carbon sources to microorganisms that produce useful
metabolites or remove organic pollutants from waste water, they are utilized for electricity or hydrogen
generation and they can serve as starting materials for the synthesis of long-chain fatty acids and
polyhydroxyalkanoates (PHAs) for packaging applications [2].

VFA can be easily produced by all types of biomass (terrestrial, marine and aquatic) and within
the frame of VFA platform, they can be used for the production of biofuels and biochemicals, offering
a solution for efficient waste management. Valorization of VFA can be achieved via their efficient
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transformation into value-added products. Bioactive compounds such as omega-3 fatty acids can be
obtained through fermentation processes that use VFA as carbon source for microorganisms.

According to recent research, some microalgae, able to grow heterotrophically, are capable of
utilizing dissolved carboxylic acids such as VFA as carbon source [3]. Microalgae use short-chain fatty
acids to produce metabolites, such as long chain unsaturated fatty acids (e.g., omega-3 fatty acids or
arachidonic acid) or carotenoids. In this case, the first step of breaking down the carbon sources to
simple sugars is eliminated, since VFA provide microalgae with a carbon chain backbone ready to be
elongated to polyunsaturated fatty acids (PUFAs) [4].

This ability of certain microalgal species is opening a new perspective in the industrial production
of high added-value products, while using as raw material undesirable persistent pollutants.
The main metabolites of microalgae are lipids able to be esterified to produce biodiesel, long-chain
polyunsaturated fatty acids and pigments. Several pigments and PUFAs, such as omega-3 fatty acids,
are valuable products, with great importance for the food and pharmaceutical market. Therefore, the
development of appropriate fermentation techniques that utilize VFA not only poses a solution to the
elimination of these pollutants, but also offers an affordable production process of useful metabolites.

Due to the rising awareness among consumers about healthy and balanced diet, the market
for omega-3 fatty acids especially eicosapentaenoic acid (EPA) and docosahexaenoic acid (DHA) is
supposed to grow at a Compound Annual Growth Rate (CAGR) of 14.9% from 2016 to 2022 reaching
a value of $6955 million by 2022 [5]. In general, fish oil or fish is a good source for DHA and EPA.
Nevertheless, as the demand for omega-3 fatty acids is continuously rising and more and more fish is
coming from aquaculture, it comes inevitably that traditional finite marine ingredients (e.g., fish oil)
are replaced by terrestrial oils leading to a reduction of EPA and DHA and thereby compromising
the nutritional value of the final fish product. Between 2006 and 2015, the amount of EPA and DHA
requiring a double portion size in order to satisfy recommended levels [6]. Therefore, new sources
(e.g., heterotrophic microalgae) and innovative production processes not relying on agricultural area
and food grade carbon sources are needed to supply this gap.

2. Production of VFA from Waste Streams

2.1. VFA Production through Dark Fermentation

The synthesis of VFA is usually carried out through petrochemical processes that have a hazardous
environmental impact [7]. On the other hand, VFA can be produced from food wastes, sludge, and
a variety of biodegradable organic wastes via dark fermentation process, making the process more
efficient and profitable from economic and environmental point of view. Dark fermentation initially
follows the same pattern as the classical anaerobic digestion (hydrolysis, acidogenesis, acetogenesis)
with the difference that the final step of methanogenesis is inhibited by various methods [8]. Hydrolysis,
the first and usually the slowest step part of anaerobic digestion, includes the enzymatic breakdown
of long polymeric substances to simpler organic monomers such as sugars, amino acids and fatty
acids. These monomers are subsequently fermented by acidogenic populations in the acidogenesis
step, leading to production of VFA (mainly acetate), together with an air mixture of hydrogen and
carbon dioxide. Acetogenesis represents the stage where the breakdown of VFA to hydrogen and
acetate occurs [9]. In order to utilize dark fermentation to produce VFA, the consumption of fatty acids
by methanogens must be prevented. Therefore, in the above process, the last step of methanogenesis is
inhibited, usually either by thermal pretreatment of the waste stream to destroy the methanogenic
populations, or by maintaining the pH of the mixture at high values (above 9) that do not allow the
growth of the specific bacteria [10,11]. Another solution is the addition of a methanogen inhibitor, such
as iodoform [12,13]. Due to methanogenesis inhibition, dark fermentation usually leads to hydrogen
and VFA accumulation, especially high carbon fatty acids such as caproate, production of ethanol and
accumulation of lactate [14,15].
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As already mentioned, the slowest and, therefore, rate-limiting step of dark fermentation is
the hydrolysis of solids in the waste stream [11]. This is related to the overall recalcitrance of the
biomass structure due to different factors that render the substrate unavailable to hydrolysis, as
well as the presence of compounds, such as phenolics and the low C/N ratio together with high
levels of trace elements that inhibit the degradation [16,17]. In order to increase VFA production, the
hydrolysis rate and/or efficiency should be enhanced. The biodegradability of the waste materials can
be improved by the application of an initial pretreatment step that will convert raw materials to a form
amenable to enzymatic and microbial degradation. As a result, the vast majority of dark fermentation
applications usually involve the use of a suitable pretreatment process of the waste stream prior to
biological treatment. Hydrolysis can be enhanced either by thermal, ultrasonic, microwave or chemical
pretreatment with acid, alkali, surfactants, ozone or other reactive substances [18–20]. These methods
damage cell walls, releasing intracellular substances and/or enhance the solubilization of extracellular
matter. An alternative way to boost the hydrolysis step is to apply an enzymatic treatment with
commercial enzyme mixtures, where specific activities targeting particular waste components can be
used, while different parameters like enzyme dosage and hydrolysis time can be controlled towards
maximum monomers yields [21]. Hee Jun Kim et al., for example, used a mixture of the commercial
enzymes Viscozyme, Flavourzyme and Palatase (carbohydrase, protease, lipase) to pretreat raw food
waste in order to maximize VFA production during dark fermentation. The new production rate of
VFA was 3.3 times higher after the enzymatic treatment [22]. Another commercial enzyme cocktail that
has been applied to enhance the solubilization of pulp and paper mill secondary sludge is Accellerase
1500, known for its applications on cellulose hydrolysis [23]. To the best of our knowledge a certain
enzyme available for every type of waste stream has not yet been identified. However, Q. Yang et al.
have concluded that a treatment of sludge with amylases is more efficient than one with proteases [24].
Since an enzymatic treatment can increase the cost of the whole process, it is suggested not to rely solely
on enzymes to enhance waste hydrolysis. Usually a combination of the previously listed techniques
is preferable.

An established method that includes the production of VFA through dark fermentation is
the MixAlco™ process. The MixAlco™ process is used to convert biomass into carboxylate salts
through dark fermentation by a mixed-culture of microorganisms. In a second step of the process
the salts are converted to ketones and fuels. The interesting part of this technique is that it utilizes
countercurrent fermentation through a number of fermenters, thus allowing the feed with the lowest
VFA concentration to mix with the most fermented biomass and vice versa [25]. The advantage of this
is based on the fact that the products of the fermentation process, namely VFA, can act as inhibitors to
the growth of acidogens, resulting in slow production rates [26].

2.2. Available Waste Streams for VFA Production and VFA Yields

All types of biomass can be used as substrates for biogas production as long as they contain
carbohydrates, proteins, fats, cellulose, and hemicelluloses as main components. Waste streams that
are deemed appropriate for VFA production should have a high organic load that can support the
growth of acidogenic bacteria. Amongst the most popular waste streams for dark fermentation are
various types of sludge, wastewaters from paper or agricultural industries and food waste (Table 1).
Some of the streams that are being used, like waste activated sludge, already include the appropriate
bacteria population, whilst others have to be inoculated with an external bacterial consortium.

In many applications, the streams that are destined for VFA production are a mixture of different
waste streams e.g., agricultural waste and animal manure [13] or waste activated sludge (WAS) and
corn stover [27]. The purpose behind mixing different waste streams is the development of a substrate
with a balanced carbohydrate: protein ratio, which in turn answers for a balanced C/N ratio. According
to various experiments [27,28] it has been found that a higher C/N ratio (around 20/1–30/1) can
be beneficial to the microorganisms responsible for acidogenesis. Furthermore, it is believed that
the carbohydrate amount can have a synergistic effect with WAS. Therefore, the addition of a rich
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in carbohydrate-waste stream to the original substrate can lead to enhanced VFA productivity [29].
However, it does not follow that a rich in protein-waste stream would not be able to produce VFA
through dark fermentation. Pessiot et al. have managed to produce a considerable amount of VFA
from slaughterhouse waste [30]. Due to the high amount of nitrogen available in the specific waste
stream, the production of N2 emissions and nitrogen ions, that buffered successfully the mixture, was
also observed, together with VFA production. As it is, the use of waste rich in nitrogen seems to offer a
different advantage, which is the ability to maintain a high pH value during the fermentation, without
the need of a buffer feed.

The liquid product stream of dark fermentation processes consists of a mixture of VFA with
different compositions. In the vast majority, the dominant acid in these mixtures is acetic acid, followed
by propionic acid (Table 1). Acetic acid seems to have a higher value as a product, since it is more easily
consumed by several microorganisms [31]. However, since it is classified as a hazardous pollutant
for the environment, its production through dark fermentation needs to be justified by its utilization
as a raw material for the production of high added-value products. The composition of the acid
fraction of the liquid product depends on various variables, like the type of waste stream used and
the fermentation conditions (pH, fermentation time, etc.) [1,28]. The pH value for example plays an
important role in the synthesis of different VFA. It has been reported in the literature that, during the
fermentation of a synthetic gelatin wastewater, pH values between 4.0–5.0 favors the production of
propionic acid, while a pH around 6.0–7.0 favors the production of acetic and butyric acid, instead [32].
Chen et al. also noticed that, during the fermentation of a mixture of primary and waste activated
sludge, the proportion of acetate increased when the pH increased from 7.9 to 8.9 [33].

Regarding the composition of waste, it has been proposed that a higher C/N ratio, under the
appropriate pH conditions, favors the production of propionate. Propionic acid is supposed to enhance
the efficiency of biological phosphorus removal from wastewater, when VFA are used as a carbon
source for nutrient removal [28]. For that reason, Feng et al. mixed WAS with boiled rice in order to
produce a rich in carbohydrates substrate suitable for VFA production.

2.3. VFA Platform for Fuels and Chemicals

The development of a platform that enables the production of a mixture of VFA from bio-waste
by dark fermentation, thus consuming the organic load of this waste, can offer instant environmental
relief. When compared to other biorefinery platforms, such as syngas (thermochemical), sugar and
biogas, the VFA platform offers unique advantages [34]. This platform enables the use of all types of
biomass and waste streams, leading to high productivity levels (high VFA yields) with low production
costs, while enabling possible hydrogen co-production. Moreover, it has lower CO2 emission than a
typical sugar platform.

In order to ensure that VFA utilization processes will not release to the environment pollutants
such as acetic acid, it is necessary to convert VFA to high added-value substances in a sustainable
manner. Fermentation techniques have gained immense importance due to their economic and
environmental advantages. Establishing a VFA platform and incorporating fermentative production
routes towards value-added compounds, comprise a key step for the implementation of sustainable
value chains for the use of biomass wastes. In this context, the European funded research project
VOLATILE (Grant Agreement No. 720777) offers a great opportunity to transform municipal solid and
sludgy biowaste into VFA to be used as carbon sources for value-added fermentation approaches to
obtain omega-3 fatty acids, the biopolymer PHA as well as single cell oil.
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Table 1. Different waste streams used for Volatile Fatty Acids (VFA) production.

Waste Stream Process
Fermentation Key

Conditions 1 VFA Yield 2 VFA Composition
(mol)

Ref.

Pulp and paper
mill effluent Continuous pH = 6, RT = 24 h, T = 37 ◦C 0.75 g COD/g COD 33Ac:61Pr:2Bu [35]

Dairy whey effluent Continuous pH = 6, RT = 95 h, T = 37 ◦C 0.93 g COD/g COD 31Ac:41Pr:10Bu [35]

Swine manure Batch (2d)/
Semi-continuous (10d)

T = 38 ± 1 ◦C, pH = 5.3–5.6,
HRT = 3 d 2002.25 mg L-1d-1 [10]

Waste Activated
Sludge (WAS) Batch T = 35 ± 1◦C, pH = 10 129.21 mg/g VS [36]

Mixture of primary sludge
(PS)/ WAS (w/w: 1:1) Semi-continuous T = 21± 1 ◦C, SRT = 6 d 118.4 ± 5.8 mg

COD/g VSS 10Ac:7Pr:4Bu:5Va [33]

Excess Sludge (ES) Batch T = 28 ◦C, pH = 10 302.4 mg COD/g
VSS

53Ac:24Pr:9Bu:
9Iso-bu:9Iso-va [37]

80% lime-treated
sugarcane bagasse/20%

chicken manure
Continuous

T = 55 ◦C, pH = 6.95–7.05,
LRT = 19.1 d,

VSLR = 2.07 g/(L·day)

0.55 g TA/g VS
digested 91Ac:2Pr:7Bu:0.6Va [13]

Slaughterhouse
by-products Fed-batch T = 38 ◦C, pHinitial = 6.8 0.38 ± 0.04 g VFA/g

DM consumed
63Ac:43Pr:59Bu:
13Iso-Bu:24Va [30]

80% shredded office copier
paper/20%

chicken manure
Semi-continuous T = 40 ◦C, pH = 5.3-6.6,

LRT = 32.6 d
0.159 g acid/g

NAVS fed3
36Ac:37Pr:7Bu:

14Va:6Hep [25]

WAS/ rice Batch T = 21±1 ◦C, pH = 8,
fer. Time = 8 d

520.1±24.4 mg
COD/g VSS 35Ac:50Pr [28]

Alkaline, thermal
pretreated WAS/ ABS Batch/Semi-continuous T = 35 ± 2 ◦C, HRT=10 d 712 ± 49 mg

COD/g VSS 46 ± 0.9% Ac [18]

Pretreated WAS/
pretreated corn stover

(50:50)
Batch T = 35 ± 1 ◦C, pHinitial = 10 11939 mg COD/L 52Ac:22Pr:10n-Bu:8iso-Va [27]

WAS pretreated with
rhamnolipids
(0.04 g/g TSS)

Batch T = 35 ± 1 ◦C, fer. time = 4 d 3840 mg COD/L
Ac (25 ± 0.6%): Pr

(20 ± 0.1%): n-HBu
(16 ± 0.1%)

[20]

1 SRT: Sludge Retention Time, HRT: Hydraulic Retention Time, LRT: Liquid Retention time, VSLR: volatile solids
loading rate. 2 COD/sCOD: (Soluble) Chemical Oxygen Demand, VS/VSS: volatile (suspended) solids, TA: total
acids, DM: dry matter, NAVS: non-acid volatile solid. 3 corresponds to total acid produced, whether in the liquid
product or the solid waste. T: temperature; d: day.

3. Microalgae Potential in VFA Valorization

Microalgae are microorganisms that can grow both phototrophically and heterotrophically.
When under dark, some microalgae strains can consume a carbon source and grow, while producing
useful metabolites, such us lipids (e.g., omega-3 fatty acids) and pigments [3]. It has also been found
that certain microalgae species would grow on different carbon sources, such as glucose, glycerol,
ethanol and volatile organic acids. Apart from pure organic acids, VFA derived from dark fermentation
processes have also been used as a carbon source for the cultivation of certain microalgae strains, like
Chlorella vulgaris and Auxenochlorella protothecoides [3,38]. Therefore, microalgae appear as a mean of
bioconversion of VFA from fermented biowaste to high added-value products.

3.1. Biology of VFA Utilization;

Microalgae are ubiquitous organisms that are extremely diverse and heterogeneous from
evolutionary and ecological point of view. They constitute prokaryotic cyanobacteria and eukaryotic
protists and therefore exhibit variation in their nutritional requirements, as well as metabolite
production. Commonly, microalgae are considered photoautotrophic organisms; however, several
species use heterotrophic metabolism [39]. The interest in heterotrophic microalgae production is
driven by the fact that it addresses many of the problems that have hampered the successful widespread
implementation of photosynthetic microalgae cultivation systems [40].

Heterotrophic growth using carboxylic acids, such as acetic, citric, fumaric, glycolic, lactic, malic,
pyruvic and succinic, as a substrate has been demonstrated for microalgae species [41]. Acetic acid is
an intermediate of anaerobic digestion. It often accumulates in dark fermentation processes and can be
easily converted by microalgae into acetyl-CoA, the main precursor for lipid synthesis [42]. Eukaryotic
microorganisms are able to assimilate acetate via a monocarboxylic/proton transporter protein that
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aids transport of monocarboxylic molecules across the membrane [3] (Figure 1). The transferred acetate
is used from the acetyl-CoA synthetase to acetylate coenzyme A using a single ATP molecule [39].

The metabolic oxidation of acetyl-CoA is using two pathways. In the glyoxysomes, the glyoxylate
cycle transforms the acetyl-CoA into malate. The second pathway is converting acetyl-CoA into citrate
using the tricarboxylic acid (TCA) cycle in the mitochondria, thereby providing carbon skeletons,
energy as ATP, and energy for reduction as NADH [4,43]. The glyoxylate cycle is a pathway that
allows the synthesis of four carbon metabolites from acetyl-CoA and it is similar to the Krebs
cycle [43]. Isocitrate lyase and malate synthetase are the two specific enzymes of the glyoxylate cycle.
Both enzymes are induced when cells are transferred to media containing acetate [3]. However, for
many microorganisms, acetate could be toxic at high concentrations. Therefore, acetate concentration
at low level should be used in fed-batch cultures or under pH-auxostat cultivation conditions keeping
pH value constant [3].

In order to induce fatty acid synthesis nitrogen starvation may be used. It could be shown
that in this case the glyoxylate pathway, as well as activity of acetyl-CoA synthetase was down
regulated [44,45]. Thus, Chlamydomonas reinhardtii is using a second pathway via acetate kinase and
phosphate acetyltransferase for acetate assimilation, thereby maintaining basic cellular functions
and providing energy [45]. Excess carbon can be directly used for fatty acid biosynthesis [44].
Another important aspect during N-deprivation is the reduced activity of isocitrate dehydrogenase
resulting in an increase of citrate levels. Citrate can be converted into oxaloacetate and acetyl-CoA via
ATP citrate lyase providing further acetyl-CoA for fatty acid biosynthesis [45].

Figure 1. Scheme of metabolic pathways for assimilation of acetate and butyrate.

Butyrate is another major by-product of dark fermentation, but butyrate assimilation by
microalgae has not yet been studied in such detail. Butyrate has relatively higher molecular weight
and associated complicity and requires more steps for conversion to acetyl-CoA. Similar to transport
of acetate, it can be anticipated that butyrate enters via a monocarboxylic/proton transporter across
the membrane. In the glyoxysome, butyrate is converted to acetyl-CoA through β-oxidation [43].
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The acetyl-CoA is partially used via the glyoxylate cycle for biosynthesis, as well as via the TCA cycle
for energy production (Figure 1). For both metabolic cycles, acetyl-CoA is a prerequisite and is mainly
provided by β-oxidation [46]. Although acetate can be efficiently converted into lipids, butyrate uptake
by microalgae is much slower and can reduce the microalgae growth when both VFA are present.
This problem can be solved either by increasing the initial microalgae biomass or by increasing the
initial acetate: butyrate ratio [31].

3.2. Diverse VFA as a Carbon Source

Until now, only a limited number of microalgae have been reported in literature to utilize
VFA for their growth (Table 2). Various carbon sources have been reported including one only
type or mixtures of VFA that include acetate, propionate and butyrate with acetate to be the most
commonly used. The process followed for VFA utilization is mainly heterotrophic or mixotrophic,
while in one only study, photoheterotrophic fermentation of C. vulgaris was carried out [38]. In most
cases, VFA were utilized for lipid production with Crypthecodinium cohnii to be the most important
player in omega-3 production, while in rare cases VFA was utilized for the production of microalga
biomass. Although some microalgae are capable of producing carotenoids, according to literature
so far VFA utilization has been linked only with lipid or biomass and no carotenoid production.
An exemption to this trend is the production of astaxanthin by Haematococcus pluvialis that has the
potential to utilize acetate in a heterotrophic manner [47]. However, the maximum astaxanthin content
of H. pluvialis cells was reported to be lower than 3-fold compared to the production carried out by
photoautotrophic process.
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3.2.1. Acetate as a Single Carbon Source

Acetic acid is the most abundant of VFA and the one most easily produced. As already mentioned,
some microalgae have exhibited the ability to grow heterotrophically on acetate. Scenedesmus obliquus
has been found to increase its growth rate under mixotrophic conditions, with the addition of
acetate as carbon source, in comparison to the autotrophic one [56]. Also certain Chlorella species are
known to grow on acetate as sole carbon source and produce various metabolites [54,58]. In those
species, mixotrophic conditions usually favor the acetate uptake and biomass increase more than the
heterotrophic ones [48]. This can be attributed to the ability of light to boost the biomass production of
microalgae at the starting point of the culture, thus producing biomass and therefore accelerating the
apparent heterotrophic uptake of VFA.

The most characteristic example of heterotrophic growth on acetate is that of the heterotrophic
microalga Crypthecodinium cohnii. The alga can grow rapidly on acetate in a pH-auxostat were pH is
controlled by addition of acetic acid [55]. This specific microorganism is industrially cultivated for
production of DHA.

3.2.2. Mixture of VFA as Carbon Source

Apart from acetate, the sole use of butyrate as carbon source has been proposed for heterotrophic
or mixotrophic cultivation of microalgae. However, various experiments have showed that butyrate
seems to possess an extremely low ability of being assimilated by microalgae [42]. Furthermore, the
addition of butyrate together with acetate in the culture broth has been found to act as an inhibitor and
slow down the acetate uptake [52]. Therefore, in order to better understand the behavior of microalgae
under heterotrophic conditions, we need to examine their ability to grow, not only on a sole VFA as
carbon source, but also on mixtures of different composition [43].

Different microalgal species, when grown on a mixture of VFA, consume acetate preferably to
the other acids such us butyric or propionic. Therefore, it is a general rule that a higher acetate
proportion in the VFA mixture provides higher lipid accumulation and biomass growth. For example,
both Chlamydomonas reinhardtii and Chlorella protothecoides were best cultivated in a mixture of acetic,
propionic and butyric acid with a ratio of 8:1:1 [48,51]. Another usual ratio for microalgae cultivation,
in which acetate is the most abundant acid, is 6:1:3 [53]. The main reason for this ratio preference
appears to be the tendency of microalgae to exhibit a diauxic growth behaviour when the culture
medium contains a mixture of carbon sources. Initially, only the substrate that supports the highest
growth rate is utilized by the alga, while the consumption of other substrates remains repressed.
Only after the preferred substrate is totally consumed the microalga begins metabolizing the other
carbon sources [59]. For this reason, a high acetate concentration can ensure that enough cells will
initially be produced in order to consume the other “poorer” substrates afterwards.

3.2.3. Dark Fermentation Effluents as Carbon Source

VFA are the main by-products of dark fermentation process for the production of hydrogen.
Microalgae can consume VFA and produce biomass and useful metabolites, posing therefore a
very good solution for the reduction of the acid intermediates. However, the dark fermentation
effluents contain many substances, apart from VFA that may act as inhibitors to microalgae growth.
The consumption of VFA present in those effluents does not follow necessarily the same rules as the
consumption of the previously mentioned VFA mixtures.

The composition of a dark fermentation effluent is hard to be estimated, since it is highly
dependent on the composition of the waste and the microbial consortium [8]. So far only a small
number of experiments have been made in order to examine the growth of certain microalgal species
on such effluents. Cho et al. have managed to cultivate C. vulgaris on sewage sludge fermentation
effluent mixotrophically. It was concluded that the various substances of the effluent did not act
as inhibitors to the growth of the alga [60]. In addition, Wen et al. managed to heterotrophically
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grow C. protothecoides on WAS hydrolysate, that contained high amounts of VFA, supplemented with
nutrients [50]. It has also been suggested that microalgae grew well in fed-batch cultivation on raw
effluents since the slow addition of the effluent caused the VFA concentration to remain lower than the
inhibitory level [10].

3.2.4. Effect of Culture Conditions in VFA Utilization

Apart from the VFA ratio and the provision of light, various other culture conditions should be
taken into consideration in order for the microalgae to grow. The pH of the culture broth seems to be an
important factor. Although the appropriate pH of each microalga species differs, it has been repeatedly
found that controlling the pH of the process results in higher biomass and product yields than when
allowing it to vary naturally [38,50,61]. Under these conditions it is more difficult for pH-related
inhibition, caused by the uptake of VFA to be developed, such as cytosolic pH acidification [62].

The optimal temperature for microalgae growth can enhance the enzymatic activity of several cell
proteins, as well as reduce the energy requirements for thermoregulation. However, sometimes lower
temperatures that enhance the production of a certain metabolite, due to stress conditions, are adopted.
Higher growth temperatures than the optimal cause problems to the culture, especially in case of a
mixotrophic process. The oxidase activity of many enzymes, including the ribulose-1,5-bisphosphate
carboxylase/oxygenase (RuBisCO) enzyme, in those temperatures rises. As a result, a higher
photorespiration rate occurs and an amount of the energy produced during photosynthesis is
being wasted [43].

Another very important factor influencing the lipid and biomass growth is the nitrogen source.
It is widely accepted that a high C/N ratio can accumulate the production of various metabolites, such
as carotenoids and lipids, from microalgae, as a response to stress conditions. Therefore, to optimize
the incompatible mechanisms of microalgae growth and lipids accumulation usually a method of
nitrogen limitation is adopted. However, the nitrogen source that is used is also a rather determinant
factor. More specifically, ammonium seems to be the preferred nitrogen source by most species, since it
needs the less energy for its breakdown and uptake [3]. After ammonium, organic substrates like urea
and glycine are usually more suitable nitrogen sources than inorganic ones [51,61].

Finally, sometimes, also the culture medium plays a role at the biomass growth [63]. For example,
Liu et al. discovered that C. zofingiensis could grow faster mixotrophically on Bold’s Basal medium
with acetate than on Tris-Acetate-Phosphate (TAP) medium, because it could also utilize the inorganic
carbon salts [38].

3.3. Production of Bioactive Compounds from Heterotrophic Microalgae Cultivation

Production of microalgae has gained a lot of interest in the past decades. Due to their biodiversity,
as well as the possibility to manipulate biochemical composition by changing culture conditions,
microalgae can synthesize various bioactive chemicals with potential industrial applications. In this
context, heterotrophic microalgae cultivation is very attractive for obtaining high added-value products
from cellular storage compounds, such as lipids and starch, while being more flexible compared
to autotrophic cultivation. Especially, heterotrophic algae naturally have oil content higher than
phototrophic ones with a better nutritional profile in fatty acids.

3.3.1. Omega-3 Fatty Acids

According to European Food Safety Authority (EFSA-Q-2004-107), there are two main categories
of omega-3 fatty acids (n-3 polyunsaturated fatty acids, PUFAs), which differ in function and
requirements; the first refers to α-linolenic acid (ALA) produced from vegetable oil, while the other
includes long chain n-3 polyunsaturated fatty acids (LC n-3 PUFAs) from marine sources. LC-PUFAs,
such as EPA and DHA, have been widely recognized as important bioactive compounds that can be
used in the food and nutraceutical industry for the development of functional foods with scientifically
proven benefits [64]. There have been reported many studies related to health benefits of DHA and
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EPA. ALA is also nutritionally essential and is required for the synthesis of important fatty acids and
eicosanoids. Nevertheless, the conversion of ALA to long chain PUFAs depends on several factors,
such as the concentration of omega-6 fatty acids. Available evidence suggests that LC n-3 PUFA (EPA
and DHA) may reduce the risk of cardiovascular disease, possibly mediated by prevention of cardiac
arrhythmias [65]. Positive effects on blood lipid level can be found if the diet contains long chain
polyunsaturated omega-3 fatty acids. Especially, EPA and DHA are associated with reduced risk
of cardiovascular diseases due to their positive effect on plasma triglyceride levels. Other potential
mechanisms of LC n-3 PUFA on cardiovascular protection are related to the capability to reduce blood
pressure, their anti-inflammatory and antiarrhythmic effects as well as lowering thrombotic tendency.
Furthermore, improved vascular endothelial function and insulin sensitivity as well as, increased
plaque stability and paraoxonase levels are linked to polyunsaturated omega-3 fatty acids [66].

PUFAs have vital structural and functional roles in higher organisms, including human, and are
related to prevention of cardiovascular and inflammatory diseases, cancer and diabetes. Fish oil is
considered to be the conventional source of PUFAs; however, the process encounters several limitations
concerning the reducing fish populations or the presence of contaminants, like dioxins, polychlorinated
biphenyls and heavy metals. On the basis of increasing global fish meal and fish oil costs, it is predicted
that dietary fish meal and fish oil inclusion levels within compound aqua feeds will decrease in the
long term, resulting in lower levels of healthy omega-3 fatty acids in aquaculture produced fish [67].
Therefore, new sources and production systems, taking into consideration sustainability and economic
feasibility for long chain polyunsaturated fatty acids, must be developed for direct human consumption
as well as for aquaculture. The main source of omega-3 is still fish oil. Since only plants are able
to synthesize essential fatty acids, microalgae could supply the whole food chain with these very
important components. In addition to fatty acids, algae contain a massive number of very valuable
substances and chemical compounds such as lipids and polysaccharides, sterols, phycobiliproteins
or antioxidants such as tocopherol (vitamin E), ascorbic acid (vitamin C), carotenoids and the red
pigment astaxanthin.

Microalgae are able to accumulate high amounts of EPA and DHA when growing in heterotrophic
cultures, supported by a carbon source [68]. The lipid content in heterotrophically cultivation of
C. protothecoides has been reported to reach 55 wt. %, which is 4-times greater than the autotrophically
grown cultures under similar conditions [69]. The production of PUFAs is commonly observed
during the stationary phase, when the cells have most of their biosynthetic capacities redirected to the
production of lipids [70]. At present, industrial production of heterotrophic microalgae is hampered
by the high economic and environmental costs of glucose, commonly used as main carbon source.
Using different waste streams within the frame of a VFA platform as potential substrates, is a promising
strategy for developing a sustainable bio-economy.

Although VFA and especially acetate can successfully support microalgal growth, they do not
serve to induce lipid production in the cells. In order to do so, an enviromental stress is required.
The usual technique that is adopted is cultivation under nitrogen starvation, that is known to enhance
the production of lipids in form of triacylglycerides [71]. This, however, means that the accumulation
of lipids antagonizes the biomass production. Only very recently, the discovery of some small
molecular activators, that enhance the lipid accumulation, without hampering the biomass growth has
been made [72].

3.3.2. Production of Other High Value Added Compounds

Several algal strains have been explored under heterotrophic cultivation to develop their
capacity in producing not only DHA and EPA, but also interesting and high demanded value-added
compounds, such as carotenoids, phycobiliproteins, polysaccharides and others. Thraustochytrids
strains (Aurantiochytrium sp., Schizochytrium sp., Thraustochytrium sp., Ulkenia sp.) have been evaluated
for production of biodiesel, long-chain omega-3 oils and exopolysaccharides (EPS), concluding that
Aurantiochytrium sp. is the best candidate for production of biofuels, PUFAs and EPS [66]. Other algal
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strains like C. protothecoides, Galdieria sulphuraria, Nitzchia laevis, C. cohnii and Neochloris oleabundans [37],
have been studied due to their content in hydrogen, lipids and carotenoids, presenting a great potential
to be used at large scale. C. zofingiensis has been examined as a heterotrophic alternative to the
microalga H. pluvialis for production of the carotenoid astaxanthin [73]. It should be mentioned that
only a few bioactive compounds apart from lipids, such as astaxanthin and β-carotene, have been
produced at industrial scale, due to the low production yields in microalgae cells and the difficulties
in isolating/purifying them by economically feasible processes [74,75]. In order to further utilize
microalgae advantages as means of bioconversion for more useful products, extensive research is being
conducted on optimization of cultivation conditions and genetic engineering providing strains with
high productivity yields of bioactive compounds.

3.3.3. Downstream Processing

Downstream processing involves several technologies that cover biomass harvesting, cell
disruption and extraction and the final separation and purification step. In these processes are involved
key factors that should be taken into account when an industrial scale up is being performed, such as
low energy costs, scalability and specially a critical factor, all useful compounds like carbohydrates,
pigments, ω-3 fatty acids, proteins might maintain their functionality after downstream processing.
Despite the efforts made during recent years, the downstream processing step is still one of the
main responsible of the high cost of microalgae production at industrial scale [70]. In this context,
heterotrophic cultivation system shows an interesting advantage due to its capacity to growth under
all type of luminous conditions. Some studies have been demonstrated that the independence of light
to growth is translated to higher biomass yield and consequently downstream processing steps are
reduced. Under heterotrophic conditions, it is shown that ω-3 fatty acid concentration can be two or
three orders of magnitude greater that those under autotrophic conditions [76].

From an economical point of view, harvesting process is one of the major bottlenecks for
commercialization of products from microalgae. Many efforts are being done to improve this step and
it is one of the most challenging areas in the algal biofuel research. Current harvesting technologies
applied include chemical, electrical, mechanical and biological based methods. In particular, cell
flocculation technology to recover biomass from microalgae is becoming of great interest due to
its capacity for treating large amounts of biomass with low energy cost [76,77]. In this context,
bio-flocculation and auto-flocculation as novel flocculation based methods are highlighted among
others, as it could be shown recently. Nevertheless, there are still some technical barriers to decrease
costs and complexity of downstream processing in microalgae production that might be solved aiming
future industrial applications [78,79].

On the other hand, as previously mentioned, extraction and purification steps might maintain the
functionality of compounds of interest. It is critical in the case of carotenoids and lipids due to their
facility for oxidizing in presence of light and oxygen. Using heterotrophic microalgae cultivation for
biodiesel production, lipid content is the key factor and therefore special attention is being taken to
reduce costs in this step. Traditionally organic solvent extraction was the most common method used
with a lipid yield around 15–20% depending on the solvent. Additional technologies were applied
in combination with organic solvent extraction to improve lipid yield extraction such as microwave,
sonication and homogenization. However, these methods result in higher energy consumption without
the possibility of microalgae re-cultivation after solvent extraction due to the toxicity of solvents used.
The potential of the fatty acids being used as a food additive usually prohibits the use of toxic solvents.
Therefore, less-toxic, but unfortunately less effective, solvents, such as isopropanol, butanol, methyl
tert-butyl ether (MTBE), acetic acid esters, hexane, 2-ethoxyethanol (2-EE) or ethanol have been
also tested for microalgal lipid extraction [80]. Recently novel technologies are being studied, such
as nanotechnology application, not only in the extraction but also in final transesterification step.
A comprehensive description of the technology and different nanomaterials applied is reviewed by
Zhang et al. (2013) [81], proving that nanomaterials are capable of efficiently extracting compounds
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from the cells, without any impact on microalgae growth. The studies of nanotechnology application
in biodiesel production are still in lab-scale but preliminary results render this field promising and
further research should be made in this direction.

4. Discussion and Future Perspectives

It appears that microalgae are a very promising type of biorefinery. Their advantage lies, not
only on their ability to produce various high-added value metabolites, but also on the versatility that
characterizes their growth modes. Microalgae can grow heterotrophically, as well as autotrophically,
and even utilize carbon sources such as VFA. VFA are environmentally harmful by-products of
dark fermentation process for the production of hydrogen from organic waste. Their utilization by
heterotrophic microalgae for industrial production of lipids and carotenoids solves the economic
problem that arises from the high cost of glucose as a carbon source. As it is proven, some microalgae
genera such as Chlamydomonas, Chlorella, Crypthecodinium and Scenedesmus can grow well on VFA
mixtures, even on dark fermentation effluents, with no significant inhibitory effects. In order to broaden
our knowledge on the subject and establish an industrial method of utilizing VFA for microalgal
metabolites production, attempts on further research are highly encouraged.
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Abstract: Potato liquor, a byproduct of potato starch production, is steam-treated to produce protein
isolate. The heat treated potato liquor (HTPL), containing significant amounts of organic compounds,
still needs to be further treated before it is discarded. Presently, the most common strategy for
HTPL management is concentrating it via evaporation before using it as a fertilizer. In this study,
this scenario was compared with two biotreatments: (1) fermentation using filamentous fungus
R. oryzae to produce a protein-rich biomass, and (2) anaerobic digestion of the HTPL to produce biogas.
Technical, economic and environmental analyses were performed via computational simulation to
determine potential benefits of the proposed scenarios to a plant discarding 19.64 ton/h of HTPL.
Fungal cultivation was found to be the preferred scenario with respect to the economic aspects.
This scenario needed only 46% of the investment needed for the evaporation scenario. In terms of the
environmental impacts, fungal cultivation yielded the lowest impacts in the acidification, terrestrial
eutrophication, freshwater eutrophication, marine eutrophication and freshwater ecotoxicity impact
categories. The lowest impact in the climate change category was obtained when using the HTPL for
anaerobic digestion.

Keywords: potato liquor; techno-economic analysis; life cycle assessment; filamentous fungus;
anaerobic digestion

1. Introduction

Potato is one of the most important food crops in the world, and it accounts for 13.3% of the starch
produced in the European Union (EU). The processing of potato to produce starch results in two major
byproducts: potato pulp (PP) and potato liquor (PL). PP contains the insoluble polysaccharides
cellulose, hemicellulose, pectin and residual starch. Proteins, minerals and trace elements in high
concentrations, are the major ingredients of PL [1]. Each metric ton of processed potato yields
approximately 200 kg of starch and generates ca 700 kg PL [2] containing 30–41% protein per total
solid (TS) [3]. The proteins present in the PL are of good quality, similar to those of whole eggs [3].
Different methods to recover these proteins have been reported. They include thermal coagulation,
acid precipitation, salting out, isoelectric precipitation, complexing with carboxymethylcellulose or
bentonite, ultrafiltration, expanded bed adsorption and dry separation [3–6]. However, the only
method that is presently being used for industrial recovery of protein from PL is heat coagulation [3–7].
In this method, steam is injected into the liquor at a pH of 5.5 to increase the temperature to 99 ◦C.
This coagulates the proteins, which are then precipitated and collected [8]. However, the proteins
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obtained by this method lose their functional properties and are mostly used as an additive to cattle feed.
Moreover, they have a salty, bitter taste, which prevents them from being used as food additives [3,7,9].
After the proteins have been removed from PL, the residual liquid—called HTPL—is further evaporated
at 140 ◦C to produce potato protein liquor (PPL), containing 40% (w/w) TS [1].

The most common method to manage PPL is to use it as fertilizer. However, most potato
processing occurs during the winter. The reduced biological activity in the soil during this period
prevents the uptake of the liquor, which forces the potato starch facilities to store large volumes
of PPL for several months [9]. Additionally, the use of PPL as fertilizer causes contamination of
groundwater and emits a bad odor that can disturb citizens living in neighboring areas [10]. However,
as mentioned above, despite the high content of residual proteins in the PPL, they are of poor quality,
hence preventing them from being used as a supplement for cattle feed [1].

A few alternative management strategies for PPL have been presented in the literature.
The biodegradable nature of the byproduct has stimulated its use in bioprocesses to produce
yeast biomass [11], acetate and ethanol [12], enzymes [10] and fungal protein [13]. Additionally,
the filamentous zygomycete fungus Rhizopus oryzae has been used to reduce the chemical oxygen
demand (COD) of the PPL and produce a protein-rich biomass with a potential application as fish
feed [1].

One of the reasons for the growing interest in producing supplements for fish feed is that
aquaculture has been growing at about 8% per year since the late 1970s, which is higher than the
rate of human population growth. It has been suggested that the reason for this large growth is
the widespread knowledge of the importance of fish for a healthy lifestyle, mainly because fish
contains ω-3 polyunsaturated fatty acids. Fish feed is a major cost in intensive fish farming [14], and
zygomycete fungi can be used as a substitute for fish feed [15]. These are filamentous fungi that
contain large amounts of polyunsaturated fatty acids and protein, resulting in an increased content of
these components in the fish feed [16]. Ferreira et al. (2016) [17] reported that ascomycete biomass
(which has protein and fatty acid compositions comparable to zygomycete) is a good substitute for
soybean-based feeds in the diet of animals like poultry, cattle, chicken and fish.

Among the zygomycete strains that have been investigated for fish feed, R. oryzae is a promising
microorganism. R. oryzae has been used for many centuries in Asian cuisine to prepare fermented food,
such as tempeh. Therefore, it is Generally Regarded As Safe (GRAS), which is a very favorable property
when investigating its potential use as animal feed [18]. Due to these arguments, the possibility of
using HTPL to cultivate R. oryzae is studied in this work. Alternatively, HTPL can be used in anaerobic
digestion (AD) to produce biogas. AD is considered to be a sustainable form of treating industrial waste
while simultaneously producing energy in the form of biogas [2]. Production of biogas from waste
can have several benefits, including reduction in the costs of waste treatment, contribution to global
energy needs using relatively cheap feedstock, and lower environmental impact than conventional
types of energy [19].

In the present study, techno-economic and life cycle assessments of the treatment and use of
HTPL are performed for three scenarios. The current strategy of PPL production is compared with two
alternative scenarios where the HTPL is used for (i) the cultivation of filamentous fungus R. oryzae
biomass or (ii) the production of biogas. The data used in the analyses are obtained from experiment,
the literature and industrial potato starch production plants.

2. Materials and Methods

2.1. Process Description

This study is based on a typical plant producing potato starch that operates for a period of
six months per year. It processes 300,000 metric tons of potato, produces 62,000 metric tons of starch
and discards 210,000 m3 of PL per six month period. The pH of the liquor is adjusted to 5.3 before
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the dissolved proteins are coagulated by injecting steam with a temperature of 140 ◦C. The HTPL (i.e.,
the remaining liquid after protein removal) was characterized by Fang et al. (2011) [2].

2.1.1. Concentration of HTPL by Evaporation (Evaporation Scenario)

HTPL is evaporated to produce steam that is used at the same facility. After protein coagulation,
approximately 84,848 metric tons of HTPL (per six month operational period) containing 3.3% (w/w)
TS is sent to a boiler to be concentrated to PPL containing 40% (w/w) TS. The PPL was characterized by
Souza Filho et al. (2017) [1]. Evaporation occurs at 122 ◦C and 2 bar and at a flow rate of 19.64 ton/h of
HTPL, producing 18.1 ton/h of steam and 1.5 ton/h of PPL. Part of the steam (15%) is used to preheat
the HTPL and the remaining part is used for other operations at the same facility. The process flow
diagram (PFD) of this scenario is presented in Figure 1.
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Figure 1. Process flow diagram of the three scenarios studied in this work.

2.1.2. Cultivation of Filamentous Fungus in HTPL (Fungus Scenario)

Experimental studies by Souza Filho et al. (2017) [1] indicate that R. oryzae grow best in the PPL
waste stream when it is diluted back to 1:9 (i.e., 1 volume of PPL to 9 volumes of water). Therefore,
the stream before concentration (i.e., the HTPL stream) is used in this modelling to cultivate R. oryzae
under aerobic conditions using an airlift bioreactor. This type of bioreactor uses air, which is sparged
in the medium, as the sole source of agitation. The aeration rate used in the reactor was calculated to
keep the same gas holdup used by Souza Filho et al. (2017) [1]. The terminal velocity of a spherical
bubble (vt) in a bubble column is given by the Stokes’ law:

vt =
g·d2·(ρl − ρg

)
18·μl

, (1)

where g is the gravitational acceleration, d is the diameter of the bubble, ρl is the density of the medium,
ρg is the density of the bubble and μl is the dynamic viscosity of the medium. The time it takes for a
bubble to leave the liquid (Δt) is:
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Δt =
H
vt

, (2)

where H is the height of the liquid column. During this time the volume of gas injected into the reactor
(Vair) is:

Vair = Qair·Δt, (3)

where Qair is the air flow rate. The gas holdup (ε), defined as the volume of air divided by the volume
of liquid present in the reactor, is:

ε =
Vair

Vliquid
=

Qair·Δt
Vliquid

=
Qair·H

vt·Vliquid
, (4)

Assuming that the properties of the liquid and gas phases are the same in the experimental work
and in the simulation (i.e., vt is constant), and that the gas holdup is the same in experiment and in
the simulation, then the air flow rate in the simulated reactor can be calculated from the experimental
data using:

Qair2 =
Qair1·H1

Vliquid1
·Vliquid2

H2
, (5)

The subscript 2 represents the properties in the simulated reactor and the subscript 1 the properties
in the reactor used in the previous work. The height:diameter ratio of the simulated reactor was kept
the same as the one used in the experimental work by Souza Filho et al. (2017) [1].

The proteins present in the HTPL induce the formation of foam [7]. Therefore, 0.2% (v/v of
HTPL) defoamer is used in the reactor. Moreover, invertase is added at a proportion of 32.6 U per g
of HTPL to assist the hydrolysis of the sucrose in the medium. After cultivation, the broth is sent to
filters to separate the fermented broth from the fungal biomass. The broth containing low COD is sent
to a wastewater treatment plant. The collected biomass is dried using hot air and used as fish feed.
The operational conditions used in this simulation are presented in Table 1.

Table 1. Technical values used for the Fungus Scenario 1.

Type Assumption

Reactor type Airlift
Dilution rate 0.1 h−1

Temperature 35 ◦C
Biomass yield 4.6 g/L HTPL

Nitrogen content in biomass 7.456% (w/w)
1 Data based on [1].

2.1.3. Anaerobic Digestion of HTPL for Biogas Production (Biogas Scenario)

Fang et al. (2011) [2] have investigated the production of biogas from HTPL using an expanded
granular sludge bed (EGSB) reactor. They found that the bioreactor can be operated continuously at a
hydraulic retention time of 8 days, removing 87% of the COD in the form of biogas. The specifications
that were used to simulate the biogas digester are presented in Table 2. The digestate resulting from
the biogas production was kept in a storage tank for 20 h to remove the residual methane dissolved
before being sent to a wastewater treatment plant. It was assumed that the biogas that is produced is
used directly, without upgrading, in a combined heat and power (CHP) plant in the vicinity of the
facility that produces the potato starch. The biogas is compressed to 5 bar before being sent to the
gas grid.
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Table 2. Technical values used for simulation of the fungus scenario 1.

Type Assumption

Reactor type EGSB
Hydraulic retention time (HRT) 8 days

Organic loading rate (OLR) 3.2 g COD/Lreactor.day
Temperature 37 ◦C

Methane production rate 1420 mL CH4/Lreactor.day
Methane concentration 58% (v/v)

VFA content in the bioreactor 1 mM
Biogas pressure in the distribution pipeline 5 bar

1 Data based on [2].

2.2. Energy, Equipment, and Economic Analyses

The energy, equipment and economic aspects were studied using Aspen Plus® V9 (Aspentech,
Burlington, MA, USA) integrated with Aspen Energy Analyzer. The simulated data was exported to the
Aspen Process Economic Analyzer software, where economic assumptions were entered. All economic
assumptions used in this study are listed in Table 3. A modified version of the activity coefficient
model NRTL (i.e., ELECNRTL) was used in all of the scenarios to include the effect of the electrolytes
present in the HTPL. All of the equipment was made of stainless steel or carbon steel. The simulations
included the purchase of one back-up pump identical to the original pump for all pumps. No further
sterilization of the HTPL was considered in the fungus scenario, since the HTPL passes a heat treatment
process in the starch plant. Contamination risks were not considered during the economic evaluation
of the Fungus Scenario.

Table 3. Economic evaluation inputs and operational cost.

Type Assumption

Annual operating time 4368 h (26 weeks)
Depreciation method Straight line

Working capital 1 15%/period
Tax rate 1 33%/period

Interest rate 1 6%/period
Lifetime of the plant 1 20 years

Salvage value 1 20% of initial capital cost
Operator labor 20 €/h

Supervisor labor 35 €/h
Electricity 1 0.0775 €/kW·h

Steam 1 0.01 €/kg
Wastewater treatment 1 0.001 €/m3

Fish meal 2 0.929 €/kg
Digestible crude protein content in fish meal 3 65.6% (DM)

Digestible crude protein content in fungal biomass 4 44.1% (DM)
Price conversion rate fungal biomass/fish meal 0.672

Invertase 5 2.25 × 10−5 €/U
Defoamer 6 2.3 €/L

Biogas 7 33 €/MW·h
Low heat value Biogas (58% CH4) 5.47 kW·h/Nm3

1 Data based on [20]; 2 [21]; 3 [22]; 4 [16]; 5 [23]; 6 [24]; 7 [25]. DM: dry matter.

The price of fungal biomass was estimated using the price of fish meal adjusted by a factor based
on the digestible protein content of both materials (see Table 3). The biogas price was calculated
according to the market price of biogas in Sweden and the low heat value of the produced biogas.
The revenue from the steam produced in the evaporation scenario is calculated from the regular steam
price (see Table 3), even though it is used in the same plant. Economic calculations using the Aspen

82



Fermentation 2017, 3, 56

Process Economic Analyzer (Aspentech, Burlington, MA, USA) were performed based on the prices
from the first quarter of 2015. Capital costs, operating costs, product sales and net present value (NPV)
were calculated considering a lifetime of the plant of 20 years.

2.3. Life Cycle Assessment (LCA)

This study uses a Consequential Life Cycle Assessment (CLCA) approach. CLCA assesses the
environmental impact of products and yields information regarding the consequences as a result of
marginal changes [26]. Therefore, it includes activities that are directly or indirectly affected by a
marginal change in the level of output of a product [27]. Within the CLCA approach, system expansion
is used to handle coproducts. In this method, the boundaries of the system are expanded to include
the environmental impacts of alternative processes that produce the same products or functions as
the studied coproducts [28]. The main product in this study is the supply of a treatment service, i.e.,
the service of treating the HTPL for further use. The coproducts are considered to substitute products
that are already available on the market [29]. The products that are substituted are shown in Table 4.

Table 4. Coproducts obtained from the three scenarios studied here and the alternative products that
are replaced by the coproducts.

Scenario Coproduct Replaced Product for Coproduct

Evaporation PPL Fertilizers 1

Fungus Fungal biomass Fishmeal 2

Biogas Electricity Marginal market for electricity in Sweden 3

Heat Biomass in CHP plant 3

1 Marginal fertilizers: Calcium ammonium nitrate and potassium chloride [30]. Inventory data for fertilizer
production retrieved from consequential life cycle assessment (CLCA) EcoInvent database [31]; 2 Data from CLCA
EcoInvent database [31]; 3 Inventory data for fishmeal production retrieved from Fréon et al. [32].

2.3.1. System Boundaries, Functional Unit, and Environmental Impact Categories

The system boundaries for the three scenarios are show in Figure 2. It is assumed that the
geographical boundaries for the systems are within Sweden. The functional unit is the treatment of
one ton of HTPL residue. It is assumed that the waste material enters the system burden free, i.e.,
without any environmental impact associated with it. The selected environmental impact categories
were global warming potential, acidification, fresh water ecotoxicity, as well as terrestrial, marine and
freshwater eutrophication. The life cycle impact assessment (LCIA) methodologies recommended by
the International Reference Life Cycle Data System (ILCD) were used [33]. The selection of the impact
categories allows comparison of the systems for different environmental burdens and geographical
scales (global and regional), in order to be able to identify and avoid solutions that could decrease local
impacts but increase global burdens or vice versa [34]. The calculations were done using SimaPro v.8.3
(PRé Sustainability: Amersfoort, The Netherlands).

2.3.2. Basic Assumptions and Data Sources

Fungal Biomass

It was assumed that the fungal biomass is used to replace conventional fish meal in the
market [35]. Table 5 shows the values for energy and protein content of the biomass and the fish meal.
The substitution rate of the fish meal by the fungal biomass used the same factor previously mentioned
for the economic analysis and that is shown in Table 3.
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Figure 2. System boundaries and reference flows for the evaporation, fungus and biogas scenarios.
The dotted lines show the avoided products in the system expansion.

Table 5. Biochemical composition of the fungal biomass and the substituted products.

Biochemical Parameter Unit Fish Meal 1 Fungal Biomass 2

Gross energy MJ/kg DM 20.4 20.2
Digestible energy MJ/kg DM 16.7 3 16.34

Crude protein % DM 70.6 47.5
1 [22]; 2 [16]; 3 Salmonid digestible energy.

Treatment of Wastewater

The effluent after the fungi cultivation (fungus scenario) or the AD (biogas scenario) requires
further treatment. The wastewater treatment was adapted from the process “Wastewater from
potato starch production” from EcoInvent Consequential database [31] based on the wastewater
composition from Souza Filho et al. (2017) [1] and Fang et al. (2011) [2] for the fungus and biogas
scenarios, respectively.

Nutrient Recovery

The PPL in the evaporation scenario is used as organic fertilizer for nitrogen and potassium.
It was assumed that this organic fertilizer substitutes—and hence avoids the production of—the
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mineral fertilizers calcium ammonium nitrate and potassium chloride [30]. The emissions to air and
water when using nitrogen for fertilizer on land used data from Tonini, Hamelin [30], which are
average values in the literature regarding emissions to air and water from organic residues used as
fertilizer [36–38].

Transportation of Coproducts

The PPL produced in the evaporation scenario is collected by farmers and transported an average
of 100 km. The fungal biomass produced in the fungus scenario was considered to be transported
300 km to be used as feed in aquaculture production in western Sweden, where 10% of the national
fish production occurs [39].

3. Results and Discussion

Production of potato starch generates a protein-rich side stream which is exploited by the industry
to produce protein isolate. The residual wastewater is given (without charge) to the farmers to be used
as fertilizer. This scenario was compared to other scenarios in which the wastewater is used to produce
fungal biomass for use as fish feed or to produce biogas.

3.1. Technical Analysis

In the evaporation scenario, 19,641 kg/h of HTPL are pumped to a boiler operating at 2 bar to
concentrate the HTPL to PPL, which contains approximately 40% (w/w) solids. The boiler produces
18,126 kg/h of steam which is used to preheat the HTPL before it enters the boiler. Approximately
267 MW·h/day of energy are consumed in this process.

The fungus scenario, involving the production of R. oryzae biomass to be used as fish feed, was
evaluated for the same flow rate used for the evaporation scenario (19,641 kg/h of HTPL during
six months a year). The cultivation of R. oryzae yielded a biomass production of 2475 kg/day
(445 metric tons for an operational period of six months) containing 46.6% crude protein. The energy
consumption in this process is 24.5 MW·h/day, which is primarily due to the aeration of the bioreactor
(95% of the energy consumed in the scenario is for aeration). A daily volume of 473.8 m3 of wastewater
is discarded by the plant. An airlift bioreactor was chosen because of the improved agitation achieved
in this design without the use of internal parts (e.g., impellers and baffles) in which the fungus can
grow around interfering in the mass transfer [40].

In the biogas scenario, 279.1 Nm3/h of biogas containing 58.8% (v/v) of methane is produced.
At this concentration, the biogas contains a low heat value of 5.47 kW·h/Nm3. The biogas production
is equivalent to 36.6 MW·h/day, while the energy consumption is 11.9 MW·h/day, i.e., less than half
of the energy needed for the fungus scenario. This is because the anaerobic digester uses mechanical
agitation to create homogeneous conditions inside the reactor, as opposed to the airlift bioreactor
used in the fungus scenario, which uses aeration as the source of agitation. This decreases the energy
demand in the biogas scenario. 474.0 m3 of wastewater is generated each day. Compared to the
evaporation scenario, which is presently the most common alternative in potato starch plants, both
bioprocess scenarios reduce the energy consumption.

3.2. Economic Analysis

Treatment of HTPL to PPL in the evaporation scenario requires an operating cost of €1.7 million
per operating period (6 months). No income when using the PPL as fertilizer was accounted for in
this scenario, since PPL is given without charge to the farmers for use as fertilizer. The excess steam
produced and not used to preheat the HTPL represents an income of €671,414. The capital cost for this
scenario is approximately €16.5 million. The evaporation of HTPL, containing as little as 3.3% (w/w)
of TS, which is required to obtain the highly-concentrated PPL, demands the highest amount of heat
when compared to the other scenarios. A standard vertical vessel was used to estimate the cost of the
boiler for direct steam injection. Also, a shell and tube heat exchanger was designed to preheat the
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HTPL. The equipment, size and construction material used in the simulation, as well as the individual
prices, are presented in Table 6.

Table 6. Equipment costs for the different scenarios.

Scenario Equipment Capacity/Size 1 Material Cost (thousand €)

Evaporation

HTPL pump 6.2 L/s SS 8.2
Heat exchanger 114 m2 SS 61.5

Evaporator 650 m2 CS 5450.5
Storage tank 7000 m3 CS 107.8

Fungus

HTPL pump 6.2 L/s SS 8.2
Air compressor for fermenter 467 m3/h CS 153.0

Sterile air filter 467 m3/h 2 2.0
Pump for defoamer 4.4 mL/s CS 4.1
Pump for enzyme 98 mL/s CS 4.1
Airlift fermenter 200 m3 SS 1478.5

Biomass filter 9.3 m2 CS 109.0
Biomass dryer 9.3 m2 CS 47.5

Air blower for dryer 3095 m3/h CS 10.9

Biogas

HTPL pump 6.2 L/s SS 8.2
EGSB digester 4800 m3 CS 3952.2
Storage tank 480 m3 CS 29.7

Water condenser 1.6 m2 SS 10.3
Biogas compressor 260 m3/h SS 879.9

1 Heat exchangers and filters defined by the surface area. Pumps and compressors defined by the flow rate. 2 Filter
material cannot be adjusted in Aspen Process Economic Analyzer.

Production of fungal biomass (fungus scenario) demands much less energy. Only 9.2% of the
energy presently used in the evaporation scenario would be required to produce the fungal biomass
from HTPL. Cultivating the fungus on the potato starch wastewater has a capital cost of about
€7.5 million. The cost of the airlift bioreactor was considered to be the same as the cost of a jacketed
vertical tank. A rotary drum filter was used to collect the biomass after fermentation. Drying the
biomass was achieved using a direct contact rotary dryer. The compressor used to provide air to the
bioreactor was designed to provide an aeration of 0.04 vvm, and was calculated using Equation (4).
The costs of the equipment are presented in Table 6. The operational cost of the plant was estimated to
be €1.84 million per operating period, and the fungal biomass obtained during this period was sold as
fish feed supplement for €282,150.

The biogas scenario has the lowest energy consumption (11.9 MW·h/day). The capital investment
for this scenario is about €14.2 million. Operational costs are €1.4 million/period (including sending
wastewater to a municipal treatment plant), and €216,785/period would be obtained from selling the
biogas. Compared to the fungus scenario, the biogas scenario demands 89% more capital investment
and the operational cost is 24% lower. The capital cost, operating cost and product sales for the
proposed scenarios are presented in Figure 3. The digestate from the AD still contains nutrients which
can be recovered in the form of fertilizer. However, the low concentration of such components in the
digestate would require processes that have high energy demands, e.g., evaporation or centrifugation,
or the transportation of large volumes of liquid. This would increase the costs associated with biogas
scenario. Therefore, the wastewater produced in fungus and biogas scenarios is sent to the municipal
wastewater treatment plant.

The NPV diagram after 10, 15 and 20 years is presented in Figure 4. No scenario returns the
investment made. Fungal cultivation (fungus scenario) results in a NPV that is less negative than
AD (biogas scenario). After 15 years, the NPV of the biogas scenario becomes similar to the NPV
of the evaporation scenario and, at the end of the lifetime of the plant, evaporation and fungus
scenarios have comparable NPV. This is caused by the large capital cost and low operational cost of
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the evaporation scenario, opposed to the low capital cost and large operational cost of the fungus
scenario. The contrasting characteristics of the scenarios lead to a shift in the NPV during the last
five years of the plant’s lifetime. Rajendran et al. [20] estimated that the capital cost for a municipal
solid waste (MSW) AD plant is about 40 million USD with operating costs of about 3 million USD
per year. The plant was designed to treat 55,000 m3 of MSW and to produce compressed biogas (CBG)
for the transport sector. The MSW, which has a high TS content, yields 64 Nm3 of raw biogas per m3

of MSW versus 14.2 Nm3 of raw biogas per m3 of HTPL. This creates a situation where a plant can
make a profit from waste treatment. In the case of the HTPL, the dilute nature of the waste stream
requires larger equipment and higher energy consumption, and returns lower quantities of biogas,
hence making it difficult to operate the treatment processes with a positive economic balance.
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Figure 3. Results from the economic evaluation for the different scenarios considered in this study.
The period is one year with six operational months.
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3.3. Life Cycle Assessment

Figure 5 shows the environmental impacts of the three scenarios for HTPL treatment and use.
The results show that the evaporation scenario has the largest impact in all of the impact categories
except freshwater ecotoxicity. This is primarily due to the impacts related to the large amount of heat
required for the evaporation of HTPL to PPL, which is part of the process emissions seen in the figure.
Due to this heat requirement, the evaporation scenario has a large environmental impact despite the
abatement from the avoided production of mineral fertilizer (seen as nutrients recovery in Figure 5).
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Figure 5. Environmental impacts of the three scenarios studied in this work.

The fungus scenario has lower impacts than the evaporation scenario in all of the impact categories.
It also has a lower impact than the biogas scenario in all of the impact categories except climate change.
The lower impact of the biogas scenario on climate change is mainly due to the avoided marginal
energy production, which is a result from the biogas firing in a CHP plant. It can also be noted
that biogas scenario has lower impacts than the evaporation scenario in all impact categories except
freshwater ecotoxicity.

The trends seen in the acidification, terrestrial eutrophication, marine eutrophication and
freshwater eutrophication impact categories are the same, with the fungus scenario having the lowest
impact and the evaporation scenario the highest. The impact of fungus scenario on freshwater
eutrophication is 77% and 55% lower compared to the evaporation and biogas scenarios, respectively
(Figure 5). The results show that for the freshwater ecotoxicity category, the fungus scenario has the
best performance with impacts that are 48% and 51% lower compared to the evaporation and biogas
scenarios, respectively (Figure 5).
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3.4. Comparison of the Different Scenarios

The fungus scenario has the lowest impact in five out of the six environmental impact categories
that were analyzed. This may indicate that it is the preferred option. However, it must be emphasized
that this scenario has a larger impact than the biogas scenario in the climate change category. Since this
impact category is considered by the United Nations “the single biggest threat to development” [41],
this result may have a central role when selecting the preferred scenario.

The fungus scenario is also the preferred scenario according to the economic analysis, since it has
the lowest capital cost and the best NPV during the first fifteen years of operation. In contrast, at the
end of the plant’s lifetime, the evaporation scenario becomes economically more viable. However,
the difference between the two scenarios is only 1% of the evaporation scenario’s NPV.

The evaporation scenario has the largest impact in five out of the six environmental impact
categories, in addition to having the largest capital investment of all scenarios.

Since none of the scenarios was best in all of the analyzed parameters, it is not possible to draw a
simple conclusion regarding the preferred scenario. A decision would ultimately be made according
to the political, environmental or economic agenda of the decision-makers and identifying the crucial
factors can be difficult [42]. The most important contribution of this study is to highlight the trade-offs
inherently involved in the decision process.

4. Conclusions

Technical, economic and environmental analyses were performed to determine potential benefits
of two proposed scenarios to a plant discarding 19.64 ton/h of HTPL. The two proposed scenarios are
to use the HTPL (i) to cultivate filamentous fungus R. oryzae to produce a protein-rich biomass (fungus
scenario) and (ii) to produce biogas via AD (biogas scenario). These two scenarios are compared to the
most commonly used treatment method, which is concentrating the HTPL before using it as a fertilizer.
Both proposed scenarios reduce the capital cost and the energy consumption of the wastewater
treatment. Moreover, the current study highlights the environmental benefits of cultivating fungi in
the HTPL (fungus scenario), since it has the lowest impact in acidification, freshwater ecotoxicity as
well as the terrestrial, freshwater, and marine eutrophication categories. In contrast, the greenhouse
gas emissions were higher from fungus scenario compared to biogas scenario, where the residue was
anaerobically digested. The results show that the substituted products in the system expansion, such as
mineral fertilizers, electricity and heat, substantially reduce the environmental footprints of fungus
and biogas Scenarios. This study presents the techno-economic and environmental trade-offs that are
necessary to take into account when selecting one of the scenarios in preference to the others.
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Abbreviations

AD Anaerobic digestion
CBG Compressed biogas
CHP Combined heat and power
CLCA Consequential life cycle assessment
COD Chemical oxygen demand
CS Carbon steel
DM Dry matter
EGSB Expanded granular sludge bed
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EU European Union
GRAS Generally regarded as safe
HRT Hydraulic retention time
HTPL Heat treated potato liquor
LCA Life cycle assessment
LCIA Life cycle impact assessment
MSW Municipal solid waste
NPV Net present value
OLR Organic loading rate
PFD Process flow diagram
PL Potato liquor
PP Potato pulp
PPL Potato protein liquor
SS Stainless steel
TS Total solids
U Unity of enzyme activity
USD United States dollar
VFA Volatile fatty acid
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Abstract: L-arginine, an amino acid with a growing range of applications within the pharmaceutical,
cosmetic, food, and agricultural industries, can be produced by microbial fermentation. Although it
is the most nitrogen-rich amino acid, reports on the nitrogen supply for its fermentation are
scarce. In this study, the nitrogen supply for the production of L-arginine by a genetically modified
Escherichia coli strain was optimised in bioreactors. Different nitrogen sources were screened and
ammonia solution, ammonium sulphate, ammonium phosphate dibasic, and ammonium chloride
were the most favourable nitrogen sources for L-arginine synthesis. The key role of the C/N ratio for
L-arginine production was demonstrated for the first time. The optimal C/N molar ratio to maximise
L-arginine production while minimising nitrogen waste was found to be 6, yielding approximately
2.25 g/L of L-arginine from 15 g/L glucose with a productivity of around 0.11 g/L/h. Glucose and
ammonium ion were simultaneously utilized, showing that this ratio provided a well-balanced
equilibrium between carbon and nitrogen metabolisms.

Keywords: Escherichia coli; fermentation; L-arginine; carbon to nitrogen ratio; nitrogen sources

1. Introduction

L-arginine is a semi-essential amino acid commonly used in pharmaceutical, nutraceutical, and
cosmetic industries [1]. It can also be used as animal feed or fertilizer [2]. Corynebacterium glutamicum
and C. crenatum have been commonly used for the microbial production of L-arginine [3–6].
Environmental concerns prompt a sustainable use of raw materials that are widely available, easily
renewable, and that do not compete with food production. One such feedstock is lignocellulosic
biomass which mainly consists of cellulose, hemicellulose, and lignin [7]. In contrast to the cellulose
fraction, the hemicellulose fraction can include several additional monosaccharides besides glucose,
i.e., xylose, mannose, galactose, rhamnose, and arabinose, where the composition and structure vary
depending on the species and origin of the lignocellulose source. Cost-efficient use of this feedstock
requires a microorganism able to use both five and six carbon sugars. However, neither C. glutamicum
nor C. crenatum strains naturally metabolize five-carbon sugars. On the other hand, Escherichia coli is
able to use pentoses as well as hexoses for the fermentative production of several different molecules
with an industrial value [8–10]. Combined with its fast growth, its robustness and the availability
of molecular tools for its genetic engineering, E. coli is also a candidate for L-arginine production.
An E. coli strain able to produce nearly 12 g/L of L-arginine with a yield of 0.17 garginine/gglucose was
recently engineered [11].

L-arginine biosynthesis is a nitrogen-requiring process since this amino acid consists of 32%
nitrogen. Moreover, nitrogen, required for protein synthesis, is a vital nutrient for cell growth. Nitrogen
represents 14% of the cell dry mass in growing E. coli [12]. Sufficient nitrogen to support growth and
high L-arginine production must therefore be provided during fermentation.
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However, after a certain threshold, the addition of ammonium sulphate, a common nitrogen
source, was detrimental for the production of lysine and succinate by C. glutamicum [13,14] and that of
L-threonine and L-phenylalanine by E. coli [15,16]. In addition, an excessive supply of nitrogen might
result in large nitrogen wastes, which pose serious environmental threats such as global warming,
thinning of the stratospheric ozone layer, and biodiversity loss [17–21]. Despite the fact that the supply
of nitrogen is clearly a key parameter in the fermentation process and must be finely adjusted, studies
on nitrogen for L-arginine production are lacking.

It is well known that the carbon-to-nitrogen (C/N) ratio is a crucial parameter in some microbial
processes, such as biogas production [22–24] and lipid production by oleaginous yeasts [25,26]. It has
also been demonstrated that the C/N ratio has a great influence on growth and metabolite production
for a variety of microorganisms [27,28].

Based on fermentation data, transcriptional RNA level, and enzyme activity, it has also been
shown that the E. coli metabolism is affected by the C/N ratio [29]. The importance of optimizing the
C/N ratio in E. coli fermentations has further been demonstrated for heterologous gene expression [30]
and for the production of the amino acid L-threonine, where the C/N molar ratio resulting in the best
production was 69 [15].

The carbon to nitrogen ratio is of such importance because the metabolisms of carbon and nitrogen
are tightly linked where their assimilation is coordinated and controlled by the availability of both
nutrients [29,31–33]. Indeed, E. coli possesses two pathways for nitrogen assimilation (Figure 1b,c) and
both pathways require 2-oxoglutarate, one of the key intermediates of the TCA cycle, to convert ammonia
into glutamate [34]. The C/N ratio might be of even greater significance for the biosynthesis of L-arginine
which involves both acetyl-CoA (the starting point of the TCA cycle) and glutamate (Figure 1a).

Figure 1. Simplified pathways for L-arginine biosynthesis. Long-dashed lines: multi-step reactions;
short-dashed lines: several possible pathways; α-KG: α-ketoglutarate. (a) Pathway from glucose to
L-arginine; (b) The glutamate dehydrogenase (GDH) pathway; (c) The glutamine synthetase-glutamate
synthase (GS-GOGAT) pathway.
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As a substantial amount of nitrogen is required for the fermentative production of L-arginine,
high-cost organic nitrogen sources, such as yeast extract or tryptone, would not be suitable for
large-scale production. Only enterohemorrhagic E. coli strains have been shown to grow on urea, a
low-cost organic nitrogen source, whereas other strains have not displayed any urease activity [35,36].

In this work, various inorganic nitrogen sources were screened and the most suitable ones were
used to investigate, for the first time, the effect of the C/N ratio on the production of L-arginine.
Batch fermentations in minimal medium were performed in bioreactors using a genetically modified
E. coli strain.

2. Materials and Methods

2.1. Microorganism

The strain E. coli SJB009 previously engineered to have an enhanced L-arginine production
ability was used [11]. This strain is derived from E. coli K-12 C600. Genes responsible for L-arginine
catabolism (adiA, speC and speF) and for the repression of the L-arginine biosynthesis genes (argR) were
knocked-out. In E. coli, the first enzyme of the dedicated pathway for L-arginine biosynthesis (encoded
by argA) is sensitive to feedback inhibition by L-arginine. In the strain SJB009, a variant (argA214)
coding for a feedback resistant enzyme was introduced and overexpressed, and the wild type argA
was deleted. Finally, the L-arginine export gene (argO) was overexpressed. Stock cultures of the strain
were stored at −80 ◦C in 15% glycerol.

2.2. Seed Cultures for Fermentations

Shake flasks containing 100 mL Luria Bertani (LB) medium were sterilized at 121 ◦C for 20 min
and then inoculated with 500 μL stock cultures and incubated at 32 ◦C and 200 rpm for 12 h. The cells
were harvested by centrifugation at 4 ◦C and 5000 rpm for 10 min. The cells were then washed
twice by resuspension in phosphate-buffered saline solution (pH 7) and centrifugation under the
same conditions. Subsequently, the cells were resuspended in 25 mL sterilised fermentation medium
described below and aseptically inoculated into the bioreactors.

2.3. Fermentations

Duplicate batch fermentations were performed in 1 L bioreactors (Biobundle 1 L, Applikon
Biotechnology) with a working volume of 700 mL. In order to avoid interactions with nitrogen
contained in complex media, the cultivations were carried out in a defined medium consisting of
(per liter): 3 g KH2PO4, 12.8 g Na2HPO4·7H2O, 0.5 g NaCl, 1 g MgSO4·7H2O, 20 mg FeSO4·7H2O*,
12 mg MnSO4·7H2O*, 1 mg CaCl2*, 0.25 g antifoam, and 20 mg tetracycline·HCl* (*: added after
sterilisation at 121 ◦C for 20 min). The reactors contained either 30 or 15 g/L of glucose and an
appropriate amount of the nitrogen source to obtain the desired C/N molar ratio. They represent the
ratios of the molar concentration of carbon (from glucose) to that of nitrogen.

Prior to the fermentation, the pH was adjusted to 7 using 2 M HCl or 5 M NaOH when necessary.
The temperature was set to 32 ◦C and the stirring speed to 500 rpm [11]. Throughout the fermentation,
the pH was maintained at 7 with automatic addition of 5 M NaOH and the dissolved oxygen level at
50% with automatic addition of 5 vvm of air. Samples were regularly taken for cell growth, glucose,
ammonium ion, L-arginine, and acetic acid measurements.

In the first step, fermentations were performed with an initial glucose concentration of 15 g/L to
screen for potential nitrogen sources for L-arginine production by E. coli. Seven inorganic nitrogen
sources were compared using a C/N ratio of 6: ammonia solution (NH4OH), ammonium carbonate
((NH4)2CO3), ammonium chloride (NH4Cl), ammonium nitrate (NH4NO3), ammonium phosphate
dibasic ((NH4)2HPO4), ammonium sulphate ((NH4)2SO4), and sodium nitrate (NaNO3). The carbon
atom from the carbonate group of ammonium carbonate was not taken into consideration to calculate
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the C/N ratio. In addition, one organic nitrogen source, monosodium glutamate, was assessed at three
different concentrations (2.5, 5, and 10 g/L).

In the second step, the most efficient nitrogen sources were used to compare three C/N molar
ratios (3, 6, and 12) at two initial glucose concentrations (15 and 30 g/L).

2.4. Cell Growth Analyses

The dry cell weight (DCW) was determined by washing cells contained in 5 mL fermentation
broth and measuring their weight after drying in a furnace at 80 ◦C for 24 h.

2.5. Substrates, Products and By-Products Analyses

The samples were centrifuged for 10 min at 4 ◦C and 10,600× g and the supernatant was filtered
through 0.2 μm filters.

Glucose, L-arginine, and glutamate were analysed with the Dionex AAA-Direct™ system (Thermo
Scientific, Waltham, MA, USA): a high-pressure ion chromatography system (Dionex-ICS 5000+ HPIC,
Thermo Scientific) equipped with an electrochemical detector (ICS-5000+ ED, Thermo Scientific), an
anion exchange column (AminoPac PA10 Analytical Column, Thermo Scientific), and a guard column
(AminoPac PA10 Guard Column, Thermo Scientific). Analyses were performed at ambient conditions,
with deionized water and 250 mM NaOH as eluents (for glutamate 1 M sodium acetate was also used)
and a flow rate of 0.75 mL/min.

Acetic acid, the main by-product formed during fermentation [11], was quantified by HPLC using
refractive index detection. The cation exchange column (Aminex HPX87-H, BioRad, Hercules, CA,
USA) and guard column (Micro-Guard IG Cation H Cartridge, BioRad) were maintained at 65 ◦C.
The mobile phase was 5 mM H2SO4 at a flow rate of 0.6 mL/min.

Ammonium ion concentration (NH4
+) was determined using a colorimetric test based on the

Nessler method (MQuant™, Merck, Darmstadt, Germany). The samples were diluted to contain no
more than 400 mg/L ammonium and subsequently analysed.

3. Results and Discussion

3.1. Comparison of Nitrogen Sources

The effect of different inorganic nitrogen sources on E. coli growth and L-arginine production
was investigated with an initial glucose concentration of 15 g/L and a C/N ratio of 6. Monosodium
glutamate was also tested as nitrogen source at various concentrations. The results obtained with all
sources studied are summarized in Table 1.

Table 1. Summary of fermentation results for the different nitrogen sources. Duplicate bioreactor
cultivations in minimal medium, 15 g/L initial glucose, 32 ◦C, 500 rpm, air at 5 vvm, pH 7. Ammonium
salts and ammonia solution were provided so as to have a C/N ratio of 6. Results are given as means
± standard deviations.

Nitrogen Source
μ

(1/h)
DCW
(g/L)

L-arginine
(g/L)

Qp

(g/L/h)

Ammonia solution 0.10 ± 0.01 2.35 ± 0.08 2.30 ± 0.09 0.12 ± 0.01
Ammonium carbonate 0.06 * 2.08 ± 0.02 2.11 ± 0.01 0.08 *
Ammonium chloride 0.09 * 2.18 ± 0.03 2.23 ± 0.06 0.12 ± 0.01
Ammonium nitrate 0.06 * 2.31 ± 0.12 1.44 ± 0.11 0.05 *

Ammonium phosphate dibasic 0.09 * 2.25 ± 0.03 2.25 ± 0.06 0.13 ± 0.02
Ammonium sulphate 0.09 ± 0.01 2.30 ± 0.10 2.41 ± 0.08 0.13 ± 0.01

Sodium nitrate nd nd nd nd
Monosodium glutamate 10 g/L nd nd nd nd
Monosodium glutamate 5 g/L nd nd nd nd

Monosodium glutamate 2.5 g/L 0.01 * 0.52 ± 0.02 nd nd

* standard deviation was lower than 0.01. nd: not detected. μ: specific growth rate; DCW: dry cell weight; Qp:
volumetric productivity.

96



Fermentation 2017, 3, 60

Under those conditions, ammonia solution, ammonium chloride, ammonium phosphate dibasic,
and ammonium sulphate all yielded a bit over 2.2 g/L of L-arginine with a productivity of about
0.1 g/L/h. These nitrogen sources also resulted in similar cell growth, in terms of both maximum dry
cell weight and specific growth rate.

The use of ammonium carbonate also resulted in similar L-arginine production (2.11 g/L), but the
cells grew and produced L-arginine more slowly (0.06 h−1 and 0.08 g/L/h, respectively).

Neither growth nor L-arginine production occurred during fermentation with sodium nitrate,
demonstrating the need for an ammonium-containing nitrogen source. This was expected since it has
been determined that E. coli cannot normally utilize nitrate aerobically [37]; although cell growth and
xylanase production have been reported for a different E. coli strain [30].

Accordingly, only the nitrogen from the ammonium group was taken into account when adjusting
the C/N ratio with ammonium nitrate. With this nitrogen source, the final cell density (2.31 g/L)
was comparable to what was achieved with other ammonium salts; however, the growth rate was
a bit lower (0.06 h−1), less L-arginine was produced (1.44 g/L), and the productivity was much
lower (0.05 g/L/h).

As glutamate is the main precursor to L-arginine biosynthesis (Figure 1a), it was reasoned that a
supply of nitrogen directly in this form might boost L-arginine production. The sodium glutamate
was used at three different concentrations: 10 g/L, 5 g/L, and 2.5 g/L; with a glucose concentration
of 15 g/L. After five days, no growth was observed in the fermentations with 10 g/L and 5 g/L
monosodium glutamate. At a monosodium glutamate concentration of 2.5 g/L, only very weak
growth occurred. In the three cases, no L-arginine production was detected, showing that glutamate is
not suitable as the sole nitrogen source. Poor growth of a variety of E. coli strains on glucose when
glutamate (at about 1.5 g/L) was the sole nitrogen source has been reported in a recent study [38].
It has been observed that under those conditions, TCA cycle intermediates accumulate, leading to the
inhibition of the signalling molecule cAMP levels, thereby impairing cell growth. This accumulation
was suggested to be caused by an imbalance between carbon and nitrogen due to a slow glutamate
uptake combined with a rapid glucose consumption.

3.2. Comparison of C/N Ratios

The C/N ratio is an important parameter in many microbial processes. In order to determine its
influence on L-arginine production by E. coli, three different ratios were tested: 3, 6, and 12. Each ratio
was studied with an initial glucose concentration of 30 g/L and 15 g/L, respectively, to check whether
the results obtained were solely due to the C/N ratio or to the changes in nitrogen concentration.

The four inorganic nitrogen sources that were found to be the most effective for this fermentation
were used: ammonium sulphate, ammonium phosphate dibasic, ammonium chloride, and ammonia
solution. Using different nitrogen sources for each ratio enabled a thorough comparison of those
sources and ensured that the observed effects were dependent on the amount of ammonium rather
than on one particular counterion.

The DCW and L-arginine concentration for every source, each taken when the highest
L-arginine concentration was reached, are presented in Figure 2. In addition, the productivity, the
glucose consumption rate, and the L-arginine yields from glucose and ammonium are provided in
supporting information.
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(a) (b)

Figure 2. The influence of C/N ratio on fermentation. (NH4)2SO4 in blue; (NH4)2HPO4 in red; NH4Cl
in green; NH4OH in purple.—(a) DCW; (b) L-arginine production.

Ammonia solution, ammonium chloride, ammonium dibasic phosphate, and ammonium sulphate
were nearly equally suitable for L-arginine production by E. coli in minimal medium. Indeed, at each
ratio, the different fermentation results were relatively similar for each nitrogen source (Figure 2), with
the exception of ammonium chloride showing somewhat lower productivities. For any given C/N
ratio, the fermentation profiles were almost identical regardless of the nitrogen source. The curves
of cell growth, glucose, L-arginine, and acetate concentration during fermentations with ammonium
sulphate are shown as examples in Figure 3.

(a) (b)

(c) (d)

Figure 3. Cont.
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(e) (f)

Figure 3. The fermentation profiles with different C/N ratios during growth in bioreactors with
ammonium sulphate as the sole nitrogen source. Blue circle: glucose; green tilted square: dry cell
weight; red triangle: L-arginine; purple square: acetate; orange cross: ammonium. (a) C/N ratio of 12,
30 g/L glucose; (b) C/N ratio of 12, 15 g/L glucose; (c) C/N ratio of 6, 30 g/L glucose; (d) C/N ratio of
6, 15 g/L glucose; (e) C/N ratio of 3, 30 g/L glucose; (f) C/N ratio of 3, 15 g/L glucose.

At a C/N ratio of 12 (Figure 3a,b), ammonium was depleted in less than 20 h and 14 h when the
initial glucose concentration was 30 g/L and 15 g/L, respectively. Both cell growth and L-arginine
production stopped with the depletion of ammonia, although about half of the glucose was still unused.
With both 30 g/L and 15 g/L initial glucose, the DCW (around 2.4 g/L and 1.3 g/L, respectively)
and the L-arginine concentrations (around 2 g/L and 1 g/L, respectively) were the lowest obtained
(Figure 2). These results therefore indicate that a C/N ratio of 12 provides insufficient nitrogen for
efficient fermentation. In the fermentation with 30 g/L glucose, the cells used the remaining glucose
after cell growth and L-arginine production stopped, likely due to utilization of L-arginine as a poor
nitrogen source (L-arginine concentration is decreasing) [38], and only acetate was produced. In the
fermentation with 15 g/L glucose, neither glucose uptake nor acetate production occurred after
ammonia depletion. It can be speculated that a longer time might have been needed for the cells to
adapt to the new conditions (no ammonia available), possibly because the cell density was very low
(1.3 g/L).

At a C/N ratio of 6, ammonium and glucose were nearly simultaneously depleted after 40 h
(30 g/L initial glucose, Figure 3b) and 20 h (15 g/L initial glucose, Figure 3d). The DCW increased
by either 50% (30 g/L initial glucose) or 100% (15 g/L initial glucose) compared to a C/N ratio of 12
(Figures 2 and 3a). In both cases, L-arginine production almost doubled and reached 3.9 ± 0.1 g/L and
2.3 ± 0.1 g/L, from 30 and 15 g/L glucose, respectively (Figure 2b). Hence, a C/N ratio of 6 seemed to
be suitable for L-arginine production.

At a C/N ratio of 3, with an initial glucose concentration of 15 g/L, the glucose was rapidly
depleted (16–24 h), while a third of the ammonium was still available (Figure 3f). After glucose
exhaustion, the cells slowly used acetate and gradually consumed all the ammonium, albeit at a
decreasing rate, but neither growth nor L-arginine production occurred. Even though the ammonium
provided was doubled compared to a C/N ratio of 6, the L-arginine production (2.8 ± 0.1 g/L) was
only increased by about 25%; the L-arginine yields from ammonium were thus significantly lower
(Figure S1b). However, the productivities were increased by 30 to 60% depending on the nitrogen
source (Figure S2b).

With the same ratio but 30 g/L initial glucose, cells stopped growing and producing L-arginine
after approximately 25 h, although about two thirds of the glucose and of the ammonium were left
in the broth (Figure 3e). Glucose and ammonium consumption rates dropped while acetate was still
rapidly produced. Cells resumed a normal behaviour after a 50 h lag; at that time, the ammonium
concentration was down to 3 g/L and the glucose concentration to about 12 g/L. The glucose was
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the limiting nutrient and was depleted in 25 h, whereas 25% of the ammonium was still unused.
Cell growth and L-arginine production were halted. In the end, the cells had grown to similar or higher
densities than at a C/N ratio of 6 (Figure 2a), but needed three times longer to reach it (e.g., Figure 3c,e).
On the other hand, the L-arginine production (2.8 ± 0.4 g/L) was at least 25% lower than at a C/N
ratio of 6. Compared to a C/N of 6 or 12, the volumetric productivities and the glucose consumption
rates dropped by 80% (Figure S2). The lowest L-arginine yields from glucose (0.11 ± 0.01 mol/mol)
and ammonium (0.07 ± 0.01 mol/mol) were obtained (Figure S1).

Consequently, a C/N ratio of 3 resulted in a waste of ammonium, not only because much was
yet unused when the highest L-arginine concentration was reached, but also because the rest was not
efficiently utilised for L-arginine production.

It is not clear why the cells started to grow and produce L-arginine normally and then experienced
a long lag phase before resuming normal activity. However, the fact that fermentation was hampered
with 30 g/L initial glucose but not with 15 g/L suggests that it is the high concentration of ammonium,
or the combination of the high concentrations of ammonium and glucose, rather than the C/N ratio
itself, that had such a detrimental effect. A negative impact of excessive ammonium on fermentation
has been observed in other studies [15,16,39]. For instance, increasing the initial ammonium sulphate
concentration from 10 g/L to 20 g/L resulted in a nearly six-fold decline in L-phenylalanine production
and productivity [16]. A further increase of the ammonium sulphate concentration (30 g/L) caused a
17-fold drop of these parameters compared to 10 g/L of ammonium sulphate. Here, similar results
were obtained since the production and productivity of L-arginine decreased five-fold when increasing
the ammonium sulphate from 13.2 g/L to 26.4 g/L (C/N ratio of 6 and 3, respectively, 30 g/L
initial glucose).

In most fermentations, the cells were able to use the acetate they had previously excreted as the
sole carbon source (Figure 3). However, this merely permitted cell survival and supported neither cell
growth nor L-arginine production.

Looking more closely into the acetate production is interesting since acetate is the main by-product
during L-arginine production [11]. Conditions that minimise its formation are desirable. Indeed acetate
can be toxic for cells [40] and its production requires carbon that might otherwise be used for L-arginine
production. Acetate formation cannot be completely avoided since L-arginine biosynthesis requires the
split of N-acetylornithine into ornithine and acetate (Figure 1a). However, this only accounts for 1 mole
of acetate per mole of L-arginine and most of the acetate is produced from acetyl-CoA or pyruvate
(Figure 1a).

Regardless of the C/N ratio, around 4 g/L were produced with 30 g/L initial glucose and 2 to
3 g/L with 15 g/L initial glucose. However, the mechanism behind acetate formation cannot be the
same at all C/N ratios. Indeed, half as much L-arginine is produced with a ratio of C/N equal to 12
compare to one of 6 (Figure 2b). Therefore, half as much of the total acetate comes from the split of
N-acetylornithine (Figure S3) and the production of acetate relative to that of L-arginine is twice as
high (Figure S3c). Moreover, the acetate yields from glucose with a C/N ratio of 12 are about twice as
high than those from a C/N ratio of 6 (Figure S3d).

Together, these results show that at a C/N ratio of 12 a majority of glucose is diverted toward
acetate formation via acetyl-CoA and pyruvate. This could be because less α-ketoglutarate is needed for
nitrogen assimilation, leading to a more active TCA cycle and thus more NADH production. Too much
NADH results in an increase in pyruvate concentration and inhibition of the TCA cycle. Acetate
formation represents an alternative for carbon utilization resulting in less NADH formation [41].

A C/N ratio of 6 resulted in the lowest ratios of acetate to L-arginine (around 3 mol/mol), which
confirms that this ratio provides a good balance between the carbon and the nitrogen metabolism.

For a C/N ratio of 3, with 15 g/L glucose, the acetate yield from glucose, the acetate to L-arginine
ratio, and the acetate formed from the L-arginine pathway are sensibly similar to those with a C/N of 6
(Figure S3b–d). However, with 30 g/L, more acetate is formed from acetyl-CoA and/or pyruvate with
a C/N ratio of 3 than with a C/N ratio of 6, although the acetate yields are similar or even slightly
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lower for a C/N of 3. Once again, this shows that a high ammonium concentration in that case has a
negative impact on the fermentation.

An initial C/N ratio of 6 was the most suitable for this fermentation, resulting in good growth
and L-arginine production with reasonably low acetate formation. It should be noted that a lower
initial glucose concentration leads to higher L-arginine yields from both glucose (0.17 ± 0.01 vs.
0.14 ± 0.01 mol/mol) and ammonium (0.17 ± 0.02 vs. 0.13 mol/mol) (Figure S1).

4. Conclusions

Ammonia solution, ammonium sulphate, and ammonium phosphate dibasic were the most
effective nitrogen sources for L-arginine production. Ammonium chloride was nearly as good but
resulted in slightly lower productivities. The ammonium carbonate yielded a reasonable L-arginine
concentration but at a significantly lower productivity. The other nitrogen sources tested gave either
poor L-arginine production (ammonium nitrate) or no production (sodium nitrate, monosodium
glutamate).

This study highlights the limitations of a batch process for the large scale microbial production
of L-arginine. Indeed, with 15 g/L glucose, a C/N ratio of 3 resulted in the highest productivities;
however, maintaining this ratio for a higher glucose concentration is not feasible as it implies an
excessive ammonium source concentration, as observed here with 30 g/L glucose.

With a C/N ratio of 3 and 15 g/L glucose, only two thirds of the ammonium was consumed by
the time glucose was exhausted. In a fed-batch or continuous process, a C/N of 3 in the inflowing
medium would therefore most likely result in the accumulation of the nitrogen source to toxic levels.
A C/N ratio of 12 is not recommended for these processes as it favors glucose conversion to acetate
rather than to L-arginine.

A C/N ratio of 6, however, provided an excellent balance between the carbon and the nitrogen
metabolism during batch fermentations. Both the glucose and the ammonium source were efficiently
used for L-arginine production and simultaneously depleted. This suggests that this ratio would be
well suited for either fed-batch or continuous fermentations.

In addition, it was shown that using a lower initial glucose concentration (15 g/L) resulted in
higher L-arginine yields from glucose and ammonium and reduced acetate formation.

Under the optimal conditions (C/N ratio of 6, initial glucose of 15 g/L), about 2.29 g/L of
L-arginine was formed at a productivity of 0.11 g/L/h; L-arginine yields were 0.17 mol/mol from both
glucose and ammonium.
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Abstract: In this study, an innovative green biorefinery system was successfully developed to process
the green biomass into multiple biofuels and bioproducts. In particular, fresh giant miscanthus was
separated into a solid stream (press cake) and a liquid stream (press juice) using a screw press. The juice
was used to cultivate microalga Chlorella vulgaris, which was further thermochemically converted
via thermogravimetry analysis (TGA) and pyrolysis-gas chromatography/mass spectrometry
(Py-GC/MS) analysis, resulting in an approximately 80% conversion. In addition, the solid cake
of miscanthus was pretreated with dilute sulfuric acid and used as the feedstock for bioethanol
production. The results showed that the miscanthus juice could be a highly nutritious source for
microalgae that are a promising feedstock for biofuels. The highest cell density was observed in the
15% juice medium. Sugars released from the miscanthus cake were efficiently fermented to ethanol
using Saccharomyces cerevisiae through a simultaneous saccharification and fermentation (SSF) process,
with 88.4% of the theoretical yield.

Keywords: fermentation; ethanol production; green biorefinery; miscanthus; microalgae;
thermochemical conversion

1. Introduction

Fossil fuels are the major source for our energy need at present, which currently contribute
about 80% of the global energy demand [1]. According to the International Energy Agency (IEA),
this demand will be increased by 40% by the year 2035, with fossil fuels contributing 75% [2]. This over
dependence and increasing use of fossil fuels in the US and globally serves as a source of worry, as it is
predicted to reach a crisis point in the near future [3].

Fossil fuels are also the major source of environmental pollutants and greenhouse gases.
Sustainable developments requires the use of renewable biomass-based resources for fuels, chemicals
and material production [4]. Renewable biomass resources can be converted to fuels and are a
logical choice to replace oil. Considerable attention has been given to lignocellulosic biomass such as
agricultural residues and energy crops for biofuel production.

In order to derive full benefits from the use of biomass in the biofuel industry, it is imperative that
different byproducts are produced from the feedstock in a way analogous to the petroleum refinery
platform. This concept of producing various bioproducts from a single biomass feedstock is known
as the biorefinery concept. A biorefinery is a facility that can convert biomass into multiple biofuels,
bioproducts, power, and chemicals by integrating various biomass conversion processes [1].

Currently, the biorefinery platform is aimed at replacing the petroleum refineries and reducing
the fossil fuel intensity in different production areas [2]. As such, it is vital to investigate and develop
biorefinery platforms based on lignocellulosic biomass and improve on their economic potentials to
make them competitive with the petroleum refining industry.
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One major type of the biorefinery concepts being explored is the green biorefinery. A green
biorefinery uses “nature-wet” biomasses such as green grasses as feedstock, and employs a
wet-fractionation technology as a first step to isolate the content-substances in their natural form
into fiber-rich cake and a nutrient-rich green juice which are then converted by different processes
into various products [5,6]. Using the nutrient-rich green juice for products generation eliminates the
need for energy intensive drying processes, which could greatly improve the economic viability of this
biorefinery platform type.

Using perennial energy grasses as feedstock for biorefinery processes has attracted tremendous
attention due to their superior advantages such as broad adaptability, high water and fertilizer use
efficiency, and tremendous biomass production. Miscanthus x. giganteus (MxG) is a perennial
warm season grass in the sugarcane family that has been identified as a primary biomass crop for
development in the US [7].

In order to enhance the versatility of the green biorefinery and increase the economics of the
green biorefinery, it is essential to process both the press cake and the press juice into a variety of
final products or other intermediary products that could be used as feedstock for further downstream
processes [8]. The press cake has been primarily used for production of fodder pellet and biogas [9].
Little or no attention has yet been focused on the utilization of the press cake for biofuel purpose,
especially as raw materials for bioethanol production. Bioethanol is by far the most widely used
biofuel for transportation worldwide. Bioethanol and bioethanol/gasoline blends have a long history
as alternative transportation fuels [10]. Producing bioethanol as a transportation fuel can help reduce
CO2 buildup in two important ways: by displacing the use of fossil fuels, and by recycling CO2

that is released when it is combusted as fuel. The efficiency of conversion of biomass to ethanol
depends upon feedstock characteristics and composition, pretreatment processes, and the fermentation
technologies [11]. Research focus on the use of the press juice is on the increase now. Various uses
of juice extracted from biomass have been investigated in the biorefinery platform. For example, the
extracted banagrass juice has been used for the cultivation of an edible fungus [12]. Our previous study
observed that the cattail juice held great potential as alternative growth media for microalgae and
bacteria [13]. The juice from Italian rye grass, clover grass and alfalfa has been used for the production
of lactic acids and other value added products [14].

In green biorefinery, wet fractionation technology is used as the first step to separate the juice
from the green biomass. Screw press was the most common method used to press the green juice out
of the green biomass [14]. Besides the screw press, filter presses, belt presses, centrifuges, Hammer
mill, the thermal mechanical dewatering method, simultaneous application of a pulsed electric field,
and superimposition of ultrasounds were also used to separate the juice from green biomass [15,16].
However, most of the publications did not provide a detailed description of the fractionation process,
such as equipment operation, product recovery rates and analysis. Furthermore, to the best of our
knowledge, there has not been any work done so far on the wet fractionation of MxG.

With the aim of overcoming the problems outlined above, the intent of this research is to develop
a green biorefinery platform in an economically viable and environmentally sustainable manner, using
MxG as a feedstock. Particularly, we separated MxG into pressed cake and juice, and accessed the
viability of using the juice to grow microalgae for hydrocarbons production, and using the press cake
to produce bioethanol using some biochemical processes. To the best of our knowledge, this use of
juice from MxG has not been investigated yet.

2. Materials and Methods

2.1. Miscanthus Harvest and Processing

MxG was harvested from North Carolina A&T State University farm during the early summer in
2015 using a Tanaka TPH 270s-pole hedge trimmer to achieve consistent cuts. The MxG was then shred
into smaller size using a DR Wood chipper/shredder (14.50 Pro Manual Start, DR Power Equipment,
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Vergennes, VT, USA). A Carver press (#2094 Cage Equipment, Carver Inc., Wabash, IN, USA) was used
to press and separate the shredded biomass into a green juice liquid fraction and a solid cake fraction,
at an optimized force of 30,000 lbs for a residence time of 15 min to allow for effective separation.
The green juice was stored in a freezer at −20 ◦C until use. Then, 100 g of deionized water was
added to 50 g of the pressed miscanthus solid cake. The 2:1 mixtures were thoroughly mixed and
chopped in a rotary knife mill Grindomix GM 200 (Retsch®, Verder Scientific Inc. Newtown, PA, USA)
at a speed of 9000 RPM for 2 min. Subsequent juice separation was conducted using a centrifuge
(Centra-GP8R Centrifuge, ThermoIEC, Champaign, IL, USA). The centrifugation was carried out at
a rotational speed of 2600 RCF for 10 min at 25 ◦C. The solid cake was stored in sealable containers
at −4 ◦C for further analysis and downstream processing. Figure 1 illustrates the procedure taken in
this work, including mechanical separation, microalgae cultivation, thermochemical processing and
bioethanol fermentations.

Figure 1. Flow chart of the integrated generation of bioethanol and hydrocarbons from uses of MxG’
solid and liquid fractions. (SSF: Simultaneous saccharification and fermentation).

2.2. Biomass Analytical Procedures

The solid fraction and juice fraction of miscanthus after separation were analyzed for minerals
(e.g., K, Mg, Ca, Cl, S, P), elemental composition (e.g., C, H, O, N), solids content, ash content, volatile
content, and carbohydrates (cellulose, hemicellulose, lignin). Two stages of acid hydrolysis were
performed for determining the structural carbohydrates and lignin content on the alfalfa samples
according to NREL Ethanol Project Laboratory Analytical Procedure. In addition to chemical analyses,
the mass flow of dry matter from the MxG into the juice and solid cake were calculated.

The elemental composition (C, H, O, N) of the solid cake samples was determined using a PE 2400
II CHNS/O analyzer (Perkin Elmer Japan Co., Ltd., Yokohama, Japan). The miscanthus samples were
digested with HNO3/HCl in a microwave oven (200 ◦C, 2 MPa) and analyzed by inductively coupled
plasma-optical emission spectroscopy (ICP-OES) (ARL 3560, Waltham, MA, USA) for minerals.

Compounds in MxG juice was determined using LC/MS. The concentration of monomeric sugars,
including cellobiose, glucose, arabinose and xylose in all liquid fractions as well as the concentration
of ethanol were all determined using a Dionex Ultimate 3000 (UHPLC) (Thermo Fisher Scientific,
Bannockburn, IL, USA) equipped with a Shodex Sugar SH 1218 ion exclusion column and a Shodex
RI-101 refractive index detector [17]. The samples were analyzed using a UPLC-QTOF-MS system
(ACQUITY UPLC-SYNAPT MS, Waters Corp., Milford, MA, USA). An ACQUITY UPLC BEH C18
1.7 μM VanGuard pre-column and an ACQUITY UPLC BEH C18 1.7 μM analytical column were used
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for the analyses at column temperature of 40 ◦C and a flowrate of 0.4 (mL/min). The system was
operated in both electrospray ionization (ESI) positive (mobile phases: 0.1% formic acid in water and
0.1% formic acid in acetonitrile) and negative modes (mobile phases 1 mM ammonium fluoride in
water and acetonitrile) to provide comprehensive coverage. Metabolite annotation for UPLC-QTOF-MS
analysis was performed by comparing mass spectra and retention time of each detected signal from the
MxG samples to those of reference standards in an in-house library, which contained 500+ endogenous
metabolites and plant metabolites.

The mobile phase was 0.01N H2SO4 at a flowrate of 1 mL/min. The temperature of the detector
and column were maintained at 50 ◦C and 75 ◦C, respectively. All experiments and analyses were
performed in duplicate.

2.3. Microalgae Cultivation

Chlorella vulgaris (UTEX 2714), which was obtained from the Culture Collection of Algae at
the University of Texas at Austin, was used in this study. The MxG juice was diluted to DI water
to prepare 1, 2, 5 and 10% (v/v) juice media. A 10 vol % algal inoculum was used for scaling-up
the culture to a larger volume. Microalgae cultivation was carried out in 150 mL Wheaton glass
bottles containing 100 mL algal culture (i.e., 90 mL of medium plus 10 mL of algal inoculum) at room
temperature and 200 μmol m−2 s−1 continuous cool-white fluorescent light illumination. Agitation of
the bottles was carried out manually once daily and the optical density (OD) of the microalgal culture
was measured everyday using a Thermo Scientific GENESYS 20 Spectrophotometer (Waltham, MA,
USA). A previously established correlation (Equation (1)) between the optical density of this particular
C. vulgaris at 680 nm and the cell number was used for analysis [18].

Cell number (cell/mL) = 8 × 106 OD680 + 425,897 (1)

At the end of the microalgal cultivation, the microalgal broth was centrifuged at 2300× g and
20 ◦C for 15 min. Supernatants were separated, and the collected microalgal cells were dried at 60 ◦C
for 48 h until the sample reached equilibrium moisture content.

2.4. Thermalchemical Conversion Analysis of Microalgae via Py-GC/MS and TGA

The pyrolysis-gas chromatography/mass spectrometry (Py-GC/MS) analysis of microalgal
biomass was carried out in a Frontier EGA/PY-3030D multi-shot pyrolyzer (Fukushima, Japan),
which was coupled with an Agilent 7890A gas chromatography/5975c mass spectrometer (GC/MS)
with a DB-5MS capillary column (Santa Clara, CA, USA). For each experiment, the pyrolyzer was
pre-heated to desired temperatures of 500 ◦C, following by dropping approximately 0.3 mg of sample
into the pyrolysis part of the reactor. The sample was volatized immediately, giving off pyrolysis
products as the vapor, which was injected directly into GC/MS. The compounds were identified by
comparison with the mass spectral database of the National Institute of Standards and Technology
(Gaithersburg, MD, USA).

Thermogravimetry analysis (TGA) was performed by using a SDT Q600 thermalgravimetric
analyzer (TA Instruments, New Castle, DE, USA), in which the sample was heated to 600 ◦C at a
heating rate of 5 ◦C/min in nitrogen.

2.5. Dilute Sulfuric Acid Pretreatment

A Dionex ASE 350 Accelerated Solvent Extractor (Dionex Corporation, Sunnyvale, CA, USA)
was used to do the dilute sulfuric acid pretreatment. A 1% (v/v) sulfuric acid solution was prepared
to pretreat the biomass, at a pretreatment temperature of 160 ◦C for 10 min. Approximately 30 g of
blended wet miscanthus was placed into a tared 66 mL Dionex extraction cell containing a glass fiber
filter. Then the appropriate number of 150 mL collection vials were weighed and placed onto the
ASE system. The extractor passed 60 mL of dilute sulfuric acid solution into each cell containing the
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biomass. Then the cells were heated to the desired temperature (160 ◦C) at a heating rate of 25 ◦C/min,
with the temperature maintained for 15 min. After this treatment, 40 mL of the dilute sulfuric acid
solution was passed into the cells to rinse the biomass. The resulting extractive and the rinsing solution
(total about 100 mL) were collected in the collection vials. The extraction cells were cooled down to
25 ◦C. The recovered biomass samples were stored in sealable containers and kept at −4 ◦C for further
downstream processing and analyses such as compositional analysis and fermentation.

2.6. Fermentation of MxG Solid Fraction to Produce Ethanol

MxG solid cake was taken through simultaneous saccharification and fermentation (SSF) to
produce ethanol using S. cerevisiae microorganisms. For SSF, a pretreated biomass loading of 5 g
(wet basis) with a total working volume of 50 mL and a pH adjusted to 4.5 by the addition of 0.05 M
citric buffer was used. Wheaton septum glass bottles (125 mL) were used as fermentation reaction
vessels. A cocktail of enzymes including cellulose (Novozyme NS 50013) at a loading of 60 FPU/g
glucan, hemicellulase (Novozyme NS 22002) at a loading of 2.5 FBG/g glucan and β-glucosidase
(Novozyme NS 50010) at 4.5 CBU/g glucan was used for enzymatic hydrolysis. Saccharomyces cerevisiae
(ATCC 24858) was then added to the reaction vessel to begin the SSF process.

The fermentation cultures were placed in a rotary shaker and incubated at 35 ◦C and 200 rpm and
grown aerobically. Samples were taken at predetermined intervals (0, 3, 6, 12, 24, 48, 72, and 96 h) and
collected by filtering through 0.45-μm nylon membranes for ethanol and sugars analysis by HPLC.
Saccharomyces cerevisiae cultured with YM broth was also used for SSF to serve as control and allow
for comparison. The ethanol yield was expressed as the percentage of the theoretical yield using the
following formula:

% Yieldethanol =

[
Cethanol,f − Cethanol,i

0.568 f .Cbiomass

]
× 100% (2)

where Cethanol,f is the ethanol concentration at the end of the fermentation (g/L), Cethanol,i is the ethanol
concentration at the beginning of the fermentation (g/L), Cbiomass is the dry biomass concentration
at the beginning of the fermentation (g/L), f is the cellulose fraction of the dry biomass (g/g), and
0.568 is the conversion factor from cellulose to ethanol. All experiments were carried out in duplicates.

3. Results and Discussion

3.1. Characteristics of Raw Miscanthus, Miscanthus Cake and Juice

The mechanical press was largely effective in separating freshly harvested MxG into juice and
cake with a percentage mass distribution of between 0.5 g/g of liquid and 0.5 g/g of solid [17].
The compositions of the separated MxG solid cake and juice are listed in Table 1. One of the most
notable differences between the cake and juice was the significantly lower total solids content of the
MxG juice (~0.1%). Differences also existed in the carbohydrates group (cellulose, hemicellulose, lignin)
among the cake and juice samples. As expected, the carbohydrates of the cake are higher than those
of the juice. This is mainly because the cellulosic fibers are less extractable due to the polysaccharide
matrix structure in biomass [13]. The elemental compositions of the two fractions are comparable, with
a higher carbon content of the solid cake. MxG has been noted to be a good candidate for bioethanol
production due to its high carbon content. The juice fraction showed a higher amount of crude protein
content than the solid cake, indicating proteins in the raw miscanthus were likely extracted in to the
juice fraction.

According to the ICP analysis, the Calcium (Ca), Potassium (K), and Magnesium (Mg)
concentrations of the MxG juice were much higher than the solid cake, while the Sodium (Na)
concentrations of The MxG juice was significantly lower than the solid cake. Carbon, Nitrogen and
Phosphorus are the three primary nutrients for algae cultivation. Other micronutrients also required
include silica, calcium, magnesium, potassium, iron, manganese, sulfur, zinc, copper and cobalt [19].
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The LC/MS further confirmed that the MxG juice contains trace amount of amino acids, organic
acids, and metabolites, which are good feed supplements for microorganism growth (Table 2).

Table 1. Characteristics of MxG cake and juice.

Group/Specific Miscanthus Cake Miscanthus Juice

Total Solids, wt % 17.4 0.1
Ash, % dry matter 1.8 3.9

H2O, wt % 82.6 99.9

Biomass Composition of Dry Matter, wt %

Cellulose 47.5 39.2
Hemicellulose 36.6 19.7

Lignin 16.5 12.3
Protein Content 2.5 5

Elemental Composition (%)

C 48.2 37.8
H 6.6 5.2
N 0.4 0.8
S 0.5 1.0

Mineral Composition(ppm)

Al 21.3 39.3
B 52 95.3

Ca 412.3 1968.2
Cd 2.7 7.4
Cu 25.1 20.1
Fe 97.4 76.2
K 5506.6 93,083.3

Mg 1901.3 19,658.3
Mn 30.8 251.3
Na 1301.0 487.1
Ni 7.5 5.1
P 84.2 475.7

Pb 7.0 10.3
S 11.0 23.2

Zn 22.9 39.7
Si (g/mL) 2926.4 273.6

Mo (g/mL) 11.5 6.9

Table 2. LC/MS analysis of MxG juice.

Compound Name Ret Time (min) m/z

3-hydroxypropionic acid 0.6756 89.0
7-methylxanthine/3-methylxanthine 1.4121 167.1

Adenine 0.8119 136.1
aminobutyric acid 0.6186 102.1
apigenin/genistein 3.332 271.0

Arginine 0.7322 175.1
azelaic acid 2.9221 211.1

Biotin 2.2158 227.1
caffeic acid 2.2282 181.1
Citrulline 0.7176 159.1
Cytosine 0.6817 112.1

fumaric acid 0.5659 115.0
Genistin 2.392 433.1

gibberellic acid 2.7087 347.2
glucaric acid 0.6975 233.0
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Table 2. Cont.

Compound Name Ret Time (min) m/z

gluconic acid 0.6487 195.0
glutamic acid 0.8481 148.1

Histidine 0.686 154.1
Hypotaurine 0.5547 110.0

Hypoxanthine 1.0334 137.0
Leucine 1.2646 132.1

L-tyrosine 1.1882 182.1
m-Couraric acid 2.6982 167.1

Methionine 0.9698 133.0
nicotinic acid 0.9439 124.0
Pantothenate 1.6058 220.1
Paraxanthine 1.9946 181.1
Phenylalanine 1.506 166.1

phosphoenolpyruvic acid 0.6185 167.0
Proline 0.7951 116.1

Riboflavin 2.1214 377.1
succinic acid 1.1895 119.0

Thymine 1.413 127.0
Tryptamine 2.0723 144.1
Tryptophan 1.794 188.1

Uracil 0.8922 113.0

3.2. Miscanthus Juice as a Nutrition Supplement for Microalgal Growth

Figure 2 shows the growth curves of C. vulgaris in the MxG juice media. As the control, DI-water
alone cannot support the algal growth. The solid content of the MxG juice is 0.1 wt %, meaning
that the actual solid contents in 1%, 2%, 5%, 10% and 15% juice media were 0.001%, 0.002%, 0.005%,
0.01% and 0.015%, respectively. It was observed that the higher concentration on MxG juice, the
higher the microalgal growth rate. The highest cell density was observed in the 15% juice medium.
A similar growth pattern was observed in the 1% and 5% juice medium. These results indicate that
MxG juice was able to supple the microalgae with the necessary nutrients for its growth. Work done by
Rahman et al. (2015), using cattail juice, showed that the cattail juice was similar to proteose medium,
which was rich enough to support high-cell-density growth of numerous microalgae strains [18].
Juice extracts from plants therefore hold great potential as alternative growth media for microalgae
and bacteria.

Figure 2. Growth curves of C. vulgaris in DI water with MxG juice at room temperature and
600 μmol m−2 s−1 light intensity.
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3.3. Thermochemical Conversion of Microalgae Grown on MxG Juice

C. vulgaris grown on MxG juice contained approximately 64.6% protein, 8.9% carbohydrates and
12.3% lipids (Table 3). Its biochemical and elemental compositions were similar to the same species
grown on other media [15].

Table 3. Elemental and composition analysis of microalgae (moisture free basis, % by weight).

Composition C H N S Protein Carbohydrates Lipid Volatile Solid Ash

Chlorella 44.3 6.8 10.3 1.2 64.6 8.9 12.3 88.5 11.5

TGA study of C. vulgaris used a condition that was similar to slow pyrolysis. Figure 3 shows the
Thermogravimetry (TG) and Differential thermogravimetry (DTG) curves of microalgae that exhibited
its weight loss characteristics. The decomposition of this microalgal biomass can be divided into
two phases. The first phase (T < 180 ◦C) was moisture removal. The decomposition phase occurred
between 180 and 350 ◦C with a weight loss of 45 wt %. The results indicated that applying the slow
pyrolysis process to C. vulgaris might result in a residue yield of 20.1 wt % of the starting material
(i.e., the conversion ratio was 79.9 wt %). The possible reasons for the high residue yield are the ash
content and the high protein content in feedstock.

Figure 3. Thermogravimetry (TG) and DTG curves of microalgae.

Py-GC/MS analysis of microalgae C. vulgaris was performed at 500 ◦C, resulting in over
100 different chemicals (Figure 4). The top 20 pyrolytic products representing 48% (area) of all
products are summarized in Table 4. Pyrolysis of microalgae could form a complex organic
mixture. The chemicals in the mixture can be generally categorized as fatty acids (such as C16
hexadecenoic acid and C14 tetradecanoic acid), hydrocarbons (like toluene, butane, cresol and
octadecane), nitrogenated compounds (such as pyridines, pyrazines, pyrroles, indoles and their
derivatives), and oxygenated compounds (organic acids, ketones, furfurals, aldehydes and phenols).
Fatty acids are degradation products of microalgal lipids, and C16 and C14 fatty acids are major
components. Nitrogenated compounds are derived from microalgal proteins. Although a fair amount
of hydrocarbons was produced via pyrolysis of microalgae, the products are still combined with
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hundreds of other chemicals. To use microalgal pyrolysis bio-oil as the transportation fuel, an
upgrading process is still required [20].

Figure 4. Gas chromatography (GC) profiles of pyrolytic products of microalgae.

Table 4. Pyrolysis-gas chromatography/mass spectrometry (Py-GC/MS) analysis of microalgae
C. vulgaris.

Possible Chemical Retention Time Area %

Hexadecenoic acid 19.18 6.83
9-Octadecyne 18.03 6.48

9,12,15-Octadecatrienoic acid, (Z,Z,Z)- 20.77 6.14
Methyl 8,11,14-heptadecatrienoate 18.89 4.55

Toluene 3.47 2.93
Acetic acid 2.16 2.40

Methanethiol 1.84 2.22
Butane 1.91 2.14

N,N-Dimethylaminoethanol 3.00 2.10
p-Cresol 8.00 1.81

1H-Indole, 6-methyl- 12.37 1.67
Oleic Acid 20.81 1.45

Indole 11.07 1.13
Tetradecanoic acid 17.08 0.98
Tetradecanamide 20.97 0.96

Octadecane 22.86 0.96
1H-Pyrazole, 1,3,5-trimethyl- 5.95 0.93
Piperidine, 1-(cyanoacetyl)- 13.25 0.92

Butanal, 3-methyl- 2.44 0.86
Butanal 2.06 0.82

3.4. Effect of Pretreatment on the Cake of Miscanthus X Giganteus

The purpose of the pretreatment was to remove lignin and/or hemicellulose, to disrupt the
crystalline structure of cellulose, and to increase the porosity of the material, making it more
accessible to enzyme attack [21]. The compositions of miscanthus before and after dilute sulfuric acid
pretreatment are given in Table 5.
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Table 5. Composition of MxG before and after dilute sulfuric acid pretreatment.

Sample Cellulose (%) Hemicellulose (%) Lignin (%) Ash (%)

Untreated 49.34 32.75 15.25 1.23
Pretreated 71.8 1.27 26.83 0.52

Untreated MxG contained approximately 49% cellulose, 32.75% hemicellulose, and 15.25% lignin
(Table 5). Miscanthus, with its cellulose content of approximately 40% and above, is considered useful
for biofuel production [22]. The compositions of the raw miscanthus in the present study is consistent
with previous findings reported so far [23].

After dilute sulfuric acid pretreatment, the composition of the biomass changed, with an increase
in the cellulose and lignin contents and a decrease in the hemicellulose content the biomass samples.
The hemicellulose of biomass decreased from about 32.75% in the untreated samples to approximately
1% in the pretreated samples, indicating almost complete hydrolysis of hemicellulose fraction of
the biomass This removal of hemicellulose increases porosity and improves enzymatic digestibility.
The complete removal of hemicellulose usually results in a maximum enzymatic digestibility [24],
while the increase of the porosity of the sample can cause an increase in the lignin content of the
sample. Studies of dilute acid pretreatment show the increase in the lignin content would not affect
the ethanol yield and concentration [25–27].

3.5. Fermentation of MxG Cake for Ethanol Production

The MxG cake was treated with dilute acid first, and then used to produce bioethanol via a
simultaneous saccharification and fermentation (SSF) process. Bioethanol was rapidly produced
within the first 24 h, while the concentration of glucose reduced rapidly as well, with the measured
xylose concentration remaining stable throughout the period (Figure 5). The production of bioethanol
began to level off during the following 72 h, with a continued reduction in glucose concentration and a
steadiness of the xylose concentration (Figure 5). The final ethanol yield was 88.4% of the theoretical
value. This result suggests that sugars produced from the MxG cake can be efficiently fermented
to ethanol.

Figure 5. Ethanol, glucose and xylose profiles during the saccharification and fermentation (SSF) of the
MxG cake.

4. Conclusions

Freshly harvested MxG was fractionated using mechanical press, whereby MxG was separated
into a fiber-rich cake and a nutrient-rich juice. The mechanical pressing proved to be very efficient at
reducing the solids mass transfer to the juice, resulting in a very low solid content of the juice.
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The MxG juice was used to cultivate C. vulgaris in different media. Results showed the juice
was highly nutritious and supported the growth of microalgal culture. Thus the juice could be a
highly nutritious source for the microorganisms and bacteria. The uses of the MxG juice eliminate
the extracted juice as a waste stream within a green biorefinery platform, making the concept more
economical and environmentally friendly. Further, microalgae grown with the juice were studied for
its thermochemical conversion behaviors via Py-GC/MS and TGA. Pyrolysis of this microalgae might
result in approximately 79.9% conversion and a bio-oil containing over 100 chemicals.

The MxG cake was pretreated with dilute acid, and used as the feedstock for ethanol production
through SSF using yeasts. Glucose from MxG solid cake can be efficiently fermented to ethanol with
88.4% of the theoretical yield. The dilute acid pretreatment was sufficient for pretreating MxG cake,
resulting in very low hemicellulose content and high cellulose content of the pretreated cake.
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Abstract: Grain sorghum is a potential feedstock for fuel ethanol production due to its high starch
content, which is equivalent to that of corn, and has been successfully used in several commercial
corn ethanol plants in the United States. Some sorghum grain varieties contain significant levels of
surface wax, which may interact with enzymes and make them less efficient toward starch hydrolysis.
On the other hand, wax can be recovered as a valuable co-product and as such may help improve
the overall process economics. Sorghum grains also contain lignocellulosic materials in the hulls,
which can be converted to additional ethanol. An integrated process was developed, consisting of the
following steps: 1. Extraction of wax with boiling ethanol, which is the final product of the proposed
process; 2. Pretreatment of the dewaxed grains with dilute sulfuric acid; 3. Mashing and fermenting
of the pretreated grains to produce ethanol. During the fermentation, commercial cellulase was also
added to release fermentable sugars from the hulls, which then were converted to additional ethanol.
The advantages of the developed process were illustrated with the following results: (1) Wax extracted
(determined by weight loss): ~0.3 wt % of total mass. (2) Final ethanol concentration at 25 wt % solid
using raw grains: 86.1 g/L. (3) Final ethanol concentration at 25 wt % solid using dewaxed grains:
106.2 g/L (23.3% improvement). (4) Final ethanol concentration at 25 wt % solid using dewaxed and
acid-treated grains (1 wt % H2SO4) plus cellulase (CTec2): 117.8 g/L (36.8% improvement).

Keywords: sorghum grains; fermentation process; fuel ethanol; sorghum wax; value-added
co-products

1. Introduction

Ethanol has attracted attention worldwide as a clean and renewable liquid fuel. The recent low
oil prices encouraged record gasoline consumption, which translated to increased demand for ethanol
for use in E10 (10% ethanol, 90% gasoline) as well as higher blends such as E15 and E85. The United
States currently is the largest producer of fuel ethanol in the world. Ethanol production in the United
States reached a record of 57.73 billion liters (15.25 billion gallons) in 2016 [1]. More than 90% of all
the ethanol produced in the United States comes from corn. Since corn prices tend to fluctuate [2],
other starch-based feedstocks have been considered. Among these, grain sorghum has attracted strong
interest because of high starch contents, which are equivalent to those of corn; low requirements for
water and fertilizer; and high heat and drought tolerance. These characteristics allow sorghum to be
grown in dry climates and regions where corn cannot thrive [3]. Currently, sorghum is used in at least
nine commercial ethanol plants in the United States, mostly as an adjunct feedstock to corn [1].

The majority of commercial corn ethanol plants in the United States employ the dry-grind process.
The economics of this process greatly depend on the revenue obtained by selling of the main co-product
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known as distillers dried grains with solubles (DDGS). Attempts have been made to develop additional
co-products such as corn oil and corn fiber. Distillers corn oil is now an established co-product of
almost all corn ethanol plants in the United States. In the case of sorghum, wax has been considered as
a potential high-value co-product of ethanol production [4,5]. Sorghum wax has been found to possess
several characteristics very similar to carnauba wax [4,6], which is an industrial wax with a wide range
of applications. Carnauba wax is derived from the leaves of the Copernicia prunifera tree, which is found
exclusively in Brazil [7]. Because of similar physical properties, sorghum wax has been suggested as a
potential replacement for carnauba wax [4]. The bulk price of carnauba wax is listed at $6.65–$7/kg [8].
The global market of carnauba wax in 2015 was estimated at $246 million [9] and is expected to
increase to $335 million in 2024 [10]. If sorghum wax can be recovered and used as a replacement for
carnauba wax, it will open a relatively large market for a new co-product and potentially improve the
economics of ethanol production using sorghum as feedstock. Cuticular waxes extracted from stalks
of the sorghum plant have been found to inhibit acetone–butanol–ethanol fermentation [11]. The effect
of grain sorghum wax on fermentation processes, however, has not been reported in the literature. It is
possible that sorghum grain wax also has inhibitory effects toward ethanol fermentation. If this is the
case, extraction of wax from the grains prior to fermentation will serve two purposes—development
of a new high-value co-product and improvement of ethanol yield.

Similar to corn and other cereal grains, sorghum grain consists of an outer seed cover or pericarp,
which encloses the embryo and the starch-rich endosperm [12]. The sorghum pericarp is lignocellulosic
material, which can serve as feedstock for additional ethanol production. Prior to enzymatic hydrolysis
for fermentable sugar production, lignocellulosic feedstocks have to be pretreated to increase the sugar
yields. The pretreatment process employs various reagents and chemicals, which include high-pressure
steam, acids, bases, organic solvents, and oxidizing agents such as ozone and hydrogen peroxide.
The advantages and disadvantages of these pretreatment methods have been reviewed in detail [13].

In this paper, we report the development of an integrated process for extraction of sorghum grain
wax as a high-value-added co-product and production of ethanol from the dewaxed sorghum using
both starch and lignocellulosic components to improve ethanol yields.

2. Materials and Methods

2.1. Materials

2.1.1. Sorghum Grains

The sorghum grains were obtained from various sources and are listed in Table 1. All grains were
free of pesticides. Upon receipt, the grains were stored in closed plastic containers and kept in the
laboratory at ambient temperature until use.

Table 1. Sources and descriptions of sorghum grains.

Source Description

Bob’s Red Natural Foods (BRM)
(Milwaukee, OR, USA) Commercial product; unknown variety

United Sorghum Checkoff (USC)
(Lubbock, TX, USA)

Blend of two varieties, Sorghum Partner SP6929 and Terral RV9782;
the majority is SP6929 but the exact proportion is unknown

DuPont Pioneer (DPP)
(Johnston, IA, USA) Pioneer 83P56

Chromatin
(Chicago, IL, USA) SP7715
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2.1.2. Enzymes and Chemicals

Spezyme® XTRA (thermostable α-amylase, activity 14,000 U/g), Fermenzyme® L-400
(glucoamylase/protease mix, activity 350 glucoamylase U/g) and Accellerase® 1500
(cellulase/β-glucosidase mix, endoglucanase activity 2200–2800 carboxymethylcellulase U/g;
β-glucosidase activity 525–775 pNPG U/g where 1 pNPG unit liberated 1 μmol nitrophenol from
p-nitrophenyl-β-D-glucopyranoside per min at 50 ◦C and pH 4.8) were provided by DuPont
Industrial Biosciences (Palo Alto, CA, USA). Cellic® CTec2 (cellulase/β-glucosidase) was provided by
Novozymes (Franklinton, NC, USA). Specific activities of CTec2 were not publicly disclosed by the
manufacturer. All enzymes were kept refrigerated at 4 ◦C.

Active Dry Ethanol Red was provided by Lesaffre Yeast Corporation (Milwaukee, WI, USA).
The dry yeast powder was kept refrigerated at 4 ◦C.

All chemicals were of reagent grade and purchased from various suppliers.

2.2. Methods

2.2.1. Wax Extraction

Sorghum grains were screened to remove small debris and broken pieces. Only intact and
undamaged grains were used in the experiments. The moisture contents of the grains were determined
prior to their use in the experiments. For wax extraction, 200.0 g (fresh weight) sorghum was placed in
a 2 L flask containing 320 mL absolute ethanol. The mixture was vigorously stirred with a magnetic stir
bar and heated on a heating plate. A glass condenser using laboratory cold water as a cooling medium
was mounted on the top of the flask to provide total reflux of ethanol. After the ethanol started to
boil, stirring and heating of the sorghum-ethanol mixture was continued for 30 min. During this time,
the clear ethanol gradually became cloudy due to the presence of a milky white substance, which was
later determined to be wax. The flask then was removed from the heating plate and allowed to cool to
ambient temperature. The mixture was poured into a Buchner funnel to separate the wax-containing
ethanol from the grains. The wax-containing ethanol was transferred to a beaker and about half of
the ethanol was allowed to evaporate at ambient temperature. Samples were taken from the partially
concentrated wax-ethanol mixture for use in the wax analysis. The recovered grains were washed with
about 100 mL deionized (DI) water and dried in a 55 ◦C oven until constant weights were reached to
determine the weight loss due to wax extraction.

2.2.2. Dilute H2SO4 Treatment

Bob’s Red Mill (BRM) sorghum was selected for investigation of dilute H2SO4 treatment as a
possible method to improve ethanol production. A batch of 200 g BRM sorghum was dewaxed as
described previously. After the wax-containing ethanol was drained completely, the grains were
transferred to a 500 mL glass media bottle and 180 mL of a dilute H2SO4 solution was added. Two acid
concentrations—1 wt % and 2 wt %—were used in the study. The amount of acid solution used was
sufficient to cover all the grains and still left about 100 mL of free liquid above them. The bottle was
closed with the plastic cap, which was screwed into place then slightly loosened by about one tenth of
a turn. The bottle was placed in an autoclave set at 121 ◦C for one hour. The bottle with its contents
was weighed before and after autoclaving to determine the amount of water lost due to evaporation.
The acid-treated grains were used directly for ethanol production without additional processing.

2.2.3. Ethanol Fermentation of Raw and Dewaxed Sorghums

Mashing

The raw and dewaxed sorghums were ground in a Krups model 203 coffee grinder (Solingen,
Germany). The moisture contents of the sorghum meals were determined to calculate the amounts
needed for preparation of the fermentation mash. In a 1 L stainless steel beaker, 125 g (dry weight)
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sorghum meal was mixed with DI water needed to make a mash with a total weight of 500 g. The total
solid content of the mash was therefore 25 wt % on dry basis. The pH of the mash was adjusted
to 5.6 using 5N H2SO4, and 34.1 μL of Spezyme Extra (0.3 kg enzyme/MT dry solids) was added.
The beaker was placed in a hot oil bath for 2 h at 60 ◦C then 1 h at 90 ◦C to complete the starch
liquefaction. Mixing of the mash was provided by a mechanical agitator. DI water was added
throughout liquefaction to moderate viscosity in compensation for evaporation. After liquefaction,
the beaker was cooled to 40 ◦C and weighed to determine the amount of water lost due to evaporation.
DI water then was added to bring the total weight back to 500 g. The pH of the mash was adjusted
to 4.0 using 5N H2SO4. After pH adjustment, 0.2 g urea and 73.9 μL Fermenzyme L-400 (0.65 kg
enzyme/MT dry solids) were added. In the case of the BRM sorghum, two additional sets of
experiments were performed. In these experiments, the enzyme dosages were increased to 2× and 5×
of the aforementioned dosages.

Simultaneous Saccharification and Fermentation

Following urea and enzyme additions, the mash was stirred thoroughly to ensure complete
dissolution of urea and uniform distribution of the enzyme. The mash then was split equally into six
250 mL flasks, each containing 50 g of mash. The active dry yeast was rehydrated by addition of 2.5 g
to 50 mL DI water and stirred for 30 min. Each flask was inoculated with 0.25 mL of the yeast slurry.
The flasks were capped with rubber stoppers which were pierced with 18 gauge hypodermic needles
to allow for the release of CO2. The flasks were incubated in an orbital shaking incubator maintained
at 32 ◦C and 200 rpm. Simultaneous saccharification and fermentation (SSF) was performed for 72 h.
During this time, the flasks were periodically weighed to determine the weight loss due to CO2

production. The weight loss data were used to confirm that all fermentations were complete at 72 h.
Final samples were taken from each flask and centrifuged on a microcentrifuge. The supernatants
were filtered through a 0.2 micron filter into closed vials and stored in a freezer for analysis of residual
sugars, ethanol, and other metabolite products.

Viscosity Reduction

In a separate set of experiments performed to study the effect of viscosity, at the end of the
liquefaction, the beaker was cooled to 55 ◦C and 3.75 mL Accellerase 1500 was added (i.e., 0.03 mL/g
solid). The mash was maintained at 55 ◦C and continuously stirred for 1 h. The rest of the mashing
and fermentation procedure then followed.

2.2.4. Ethanol Fermentation of Dewaxed and H2SO4-Treated Sorghums

The dewaxed and H2SO4-treated BRM sorghum was used directly for mash preparation and
subsequent SSF without washing and grinding. After dilute H2SO4 treatment, the grains were
transferred from the media bottle to the stainless steel beaker for mashing. It was observed that a
significant portion of the grains was liquefied into a thick slurry during pretreatment. Therefore,
the entire contents of the bottle was used during mashing in order to maintain an accurate solid
loading. The water content of the treated grains was calculated from the initial total mass and the
water loss due to evaporation, which was determined by weighing the bottle before and after the acid
treatment as described previously. DI water was added to the beaker until a 25% solid loading of
grains was achieved. The mashing and SSF procedures were the same as described previously for
the raw and dewaxed sorghums. To generate glucose from the cellulosic component of the grains for
additional ethanol production, CTec2 was added at 0.03 mL/g solid.
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2.3. Analytical Methods.

2.3.1. Moisture Determination

The moisture contents of whole sorghum grains were determined by placing 10 ± 2 g of material
in preweighed aluminum weight boats. The boats were then dried in a 55 ◦C oven overnight and
reweighed to determine the moisture loss. The moisture content was determined by calculating the
amount of moisture loss as a percentage of the initial weight. The moisture contents of sorghum meals
were determined by drying 2–3 g of material in an Ohaus MB45 moisture balance (Parsippany, NJ,
USA). All measurements were performed in triplicate.

2.3.2. Wax Characterization

The partially concentrated wax-containing ethanol extracts were dried under nitrogen and
dissolved in chloroform to make 5 mg/mL solution. Not all of the material was soluble in chloroform
so the insoluble particles were removed using a syringe filter. The chloroform soluble fraction was
dried under nitrogen and redissolved in chloroform to make a 5 mg/mL solution. The samples were
analyzed using reverse-phase High Performance Liquid Chromatography (HPLC) with an Evaporative
Light Scattering Detector (ELSD). HPLC analysis was performed using a Prontosil 200-3-C30 column
(3.0 μm, 2.0 mm × 150 mm; Leonberg, Germany) on an Agilent 1260 series HPLC with an Agilent
1290 Infinity II series ELSD (Santa Clara, CA, USA). The method used was similar to one previously
reported by Harron et al. [6] but was shortened from 95 min to 30 min by changing solvent gradients.
Solvent A contained 99.9% methanol and 0.1% formic acid (v/v) while solvent B contained 99.9%
chloroform and 0.1% formic acid (v/v). The flow rate was 0.200 mL/min with a column temperature
of 50 ◦C. The mobile phase was initially 80:20 (solvent A/solvent B, v/v) and increased linearly to
20:80 over 10 min. The mobile phase was held at 20:80 from 10 min to 20 min and then was decreased
linearly back to 80:20 by 21 min. The mobile phase was held at 80:20 from 21 min to 30 min. The ELSD
was operated with an evaporator temperature of 80 ◦C, nebulizer temperature of 50 ◦C, and gas flow
rate of 1.6 standard liters per minute (SLM).

2.3.3. Starch Determination

Starch contents of the raw and dewaxed sorghum grains were performed using the modified
Megazyme assay [14]. The assay was based on the hydrolysis of starch with thermostable α-amylase
and glucoamylase to produce glucose, which subsequently was determined and used for calculation
of the starch content in the sample. The only modification was that the glucose produced in the
present study was determined by an YSI glucose analyzer (YSI Incorporated, Yellow Springs, OH,
USA) instead of a wet chemistry method as described in the Megazyme assay. All analyses were
performed in triplicate.

2.3.4. Compositional Analysis of BRM Sorghum Fiber

The composition of the BRM sorghum fiber was determined according to the National Renewable
Energy Laboratory (NREL) procedure [15]. To avoid interference by glucose from the starch in the
grains, starch in the samples was removed prior to the compositional analysis. About 5 g BRM sorghum
meal was placed in a 50 mL centrifuge tube and 40 mL 50 mM citric acid buffer at pH 4.8 was added
followed by 0.5 mL Spezyme Extra. The tube was tightly capped, thoroughly mixed, and placed in
an oven at 90 ◦C for 3 h. Every 30 min the tube was removed, thoroughly mixed, and replaced in the
oven. At the end of the incubation period, the tube was cooled to ambient temperature, the pH of the
slurry was adjusted to 4.5 with 5N H2SO4, and 0.5 mL Fermenzyme L-400 was added. The tube was
again thoroughly mixed and placed in an incubator at 55 ◦C overnight (about 16 h). The tube then was
centrifuged at 2500 rpm for 20 min. The supernatant was discarded and the pellet was washed three
times, each time with about 50 mL DI water. The washed pellet was dried in the 55 ◦C oven and used
for the compositional analysis. The analysis was performed in triplicate.
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2.3.5. Analysis of Fermentation Samples

Residual glucose, ethanol, and other fermentation minor products were determined by HPLC.
The system was an Agilent Technologies (Santa Clara, CA, USA) series 1200 equipped with a refractive
index (RI) detector. The column was an Aminex® HPX-87H (Bio-Rad Laboratories, Hercules, CA, USA)
operated at 60 ◦C. The solvent was 0.5 wt % H2SO4 pumped at a flow rate of 0.6 mL/min. Each sample
was injected twice and the average results are reported.

3. Results and Discussion

3.1. Wax Extraction and Characterization

Wax could be extracted with a wide range of solvents such as hexane, benzene, chloroform,
light petroleum ether, or acetone [5]. In the present study, ethanol was selected as the solvent for wax
extraction because it is the final product in an ethanol plant and is readily available. The use of ethanol
will therefore eliminate the solvent cost and reduce the total operating cost. In addition, the spent
ethanol can easily be recovered in the distillation unit of the plant, either as a single stream or in
combination with the fermentation-derived ethanol. The results of the wax extraction are summarized
in Table 2.

Table 2. Wax contents of four sorghum varieties determined by weight losses during ethanol extraction.

Sorghum Type Initial Dry Weight (g) Wax Extracted (% of Initial Weight)

BRM 176.64 0.29
USC 171.86 0.19
DPP 174.26 0.17

Chromatin 174.51 0.29

The relative quantities of wax shown in Table 2 are calculated from the weight losses observed
during the extraction process. The results indicate that the quantities of extracted waxes are
approximately 0.2–0.3% of the initial mass of the sorghum grains, which is similar to those previously
reported [5].

The chromatograms of the extracted waxes are superimposed and shown in Figure 1. In this
method, oils such as triacylglycerol (TAG) eluted between 6–11 min while waxes eluted between
11–16 min. The chromatograms demonstrate the similarity of the four extracted waxes. The waxes in
this chromatogram are similar to those identified by Harron et al. [6] and are primarily composed of
C28-C30 fatty alcohols and aldehydes. The different peaks refer to mixtures of various chain length
and saturation of the wax compounds, but for this analysis were not specifically analyzed by mass
spectroscopy. The extracted waxes also show high purity and are practically free of oils (indicated by
the extremely small peaks eluting between 6–11 min).

Figure 1. Chromatograms of the waxes extracted from the four sorghum grains: (1) Bob’s Red
Mill (BRM, blue), (2) United Sorghum Checkoff (USC, pink), (3) DuPont Pioneer (DPP, red),
and (4) Chromatin (green) Oils (primarily triacylglycerol, TAG) eluted between 6-11 min and waxes
eluted between 11–16 min.
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3.2. Starch Contents

The results of starch content determination are shown in Table 3.

Table 3. Starch contents of raw and dewaxed sorghums.

Treatment Starch (wt % Dry Basis)

BRM Raw 59.7 ± 3.0
BRM Dewaxed 67.4 ± 2.1

USC Raw 58.4 ± 7.8
USC Dewaxed 70.2 ± 3.5

DPP Raw 59.1 ± 1.8
DPP Dewaxed 65.3 ± 0.6

Chromatin Raw 58.7 ± 3.8
Chromatin Dewaxed 64.7 ± 1.6

From the results in Table 3 it can be seen that dewaxing resulted in significant increases in the
measured starch contents, ranging from 10.1% for Chromatin to 20.0% for USC sorghum. The lower
starch contents measured for the raw samples could probably be attributed to the inhibition of the
starch hydrolytic enzymes used in the assay by the waxes. This is rather surprising since in the assay
relatively low solid loading (about 3%) and very high enzyme dosages (about 3000 units/g solid of
both enzymes) were used. The amounts of wax present in the assay mixture, therefore, seemed to be
insufficient to cause the observable negative effect on the enzyme activities. Nevertheless, no other
reasonable explanation could be provided. As discussed previously, there has been only one report
on the negative effect of wax derived from sorghum stalk on a fermentation process [11]. There has
been no report on the inhibition of either an enzymatic or fermentation process by grain sorghum wax.
The result obtained in the present study is the first reported observation of a negative effect of grain
sorghum waxes on an enzymatic process. The mechanism of this inhibition was not clear. Among the
four sorghum grains tested, the DPP had a reddish brown color, which indicated the possible presence
of tannin. To confirm its presence, whole and ground DPP grains were subjected to tannin extraction
using a solution of 10 mM ascorbic acid in methanol at a solid/liquid ratio of 1:3 [16]. The extraction
was performed at 55 ◦C for 16 h. The resultant light reddish brown color of the solvent indicated the
presence of solubilized tannin. The extracted tannin was not quantified. Since ethanol extraction would
remove only about 5% of tannin [16], most of the tannin was expected to remain in the DPP grains.
The adsorption of proteins on tannin, which would severely limit their availability, has previously been
reported in the literature [17]. The small increase of 10.5% of the measured starch content obtained
for the dewaxed DPP over the raw grains indicate that the tannin in the DPP sorghum did not have
significant effect on the enzymatic starch hydrolysis.

3.3. SSF of Raw and Dewaxed Sorghum Grains

The results of ethanol fermentation of the raw and dewaxed sorghum grains are shown in Table 4.
With the exception of Chromatin, dewaxing of sorghum grains resulted in increased ethanol

production. These improvements can probably be linked to the higher efficiency of starch hydrolysis,
which was the result of the wax removal. The highest increase of ethanol production, of 23.3%,
was obtained with the BRM sorghum. For the USC sorghum, the increase of ethanol production was
lower, at 5.6%. The smallest increase, of 2.8%, was observed for the DPP sorghum. As discussed in the
previous section, the tannin in the DPP sorghum did not seem to have a negative effect on the starch
hydrolysis. Whether the tannin had any negative effect on the fermentation is not known. The reason
for no improvement of ethanol production in the case of the Chromatin sorghum is not clear. In all
cases, addition of Accellerase 1500 slightly improved ethanol production. It was qualitatively observed
that the addition of this cellulase enzyme formulation considerably reduced the viscosity of the mash,
thus improving mixing, which would in turn improve both starch hydrolysis and fermentation.
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Table 4. Final ethanol concentrations in the simultaneous saccharification and fermentation (SSF) of
raw and dewaxed sorghum grains.

Feedstock Final Ethanol (g/L) Yield (% Theoretical)

BRM Raw 86.1 ± 2.0 71.1
BRM Dewaxed 106.2 ± 0.6 90.2

BRM Dewaxed with Accellerase 107.8 ± 1.9 91.8
USC Raw 102.2 ± 0.9 83.9

USC Dewaxed 107.9 ± 0.5 89.3
USC Dewaxed with Accellerase 108.2 ± 0.9 89.6

DPP Raw 104.1 ± 1.0 85.1
DPP Dewaxed 107.0 ± 3.8 87.8

DPP Dewaxed with Accellerase 109.6 ± 1.0 90.3
Chromatin Raw 98.7 ± 1.5 80.8

Chromatin Dewaxed 98.0 ± 5.4 80.2
Chromatin Dewaxed with Accellerase 99.7 ± 1.0 81.7

3.4. SSF of Dewaxed and H2SO4-Treated BRM Sorghum

Since the BRM sorghum gave the highest increase of ethanol production upon dewaxing, it was
selected for investigation of potential further ethanol yield improvement by dilute H2SO4 treatment.
To determine the potential additional ethanol yield, the compositions of the fiber obtained after
destarching of the ground sorghum were determined. The results of the compositional analysis are
shown in Table 5.

Table 5. Composition of the BRM sorghum fiber.

Component (wt % of Total Mass, Dry Basis)

Glucan Xylan Arabinan AI Lignin AS Lignin Ash
56.9 ± 1.6 4.9 ± 0.1 3.6 ± 0.0 10.7 ± 0.8 2.1 ± 0.0 0.1 ± 0.0

Notes: AI: Acid insoluble; AS: Acid soluble.

The high content of glucan in the fiber is favorable for ethanol production since upon hydrolysis
it will result in high concentrations of glucose, which is the sugar most effectively fermented by the
currently used commercial fuel-ethanol-producing Saccharomyces cerevisiae strains.

As discussed previously, the dewaxed and H2SO4-treated sorghum grains were used directly
for mash preparation without washing and grinding. It was observed in the mashing process that
the grains were sufficiently softened by the dilute acid treatment and slowly disintegrated when the
mash was heated and agitated. The use of dilute acid for treatment of the sorghum grains offered an
additional advantage. Prior to the start of the mashing process, the pH of the mash normally had to be
adjusted to 4.5 with 5N H2SO4. The initial pH of the dewaxed and H2SO4-treated sorghum mash was
found to be very close to the required pH. Therefore, only minimal pH adjustment was needed.

The final ethanol concentrations and the calculated yields obtained with the dewaxed and
H2SO4-treated sorghums are shown in Table 6. The results obtained with the raw sorghum and
dewaxed sorghum without H2SO4 treatment are also included for comparison. In all cases, the yields
are calculated based on the total glucose available from both starch and cellulose. The results clearly
demonstrate the improvements of ethanol production by treatment of the dewaxed sorghum with
dilute H2SO4 and addition of the cellulase enzyme formulation CTec2, which resulted in the availability
of more glucose for fermentation. Between the two acid concentrations used, 1 wt % H2SO4 gave
slightly better ethanol yield than 2 wt % H2SO4. The higher acid concentration probably resulted in
the formation of inhibitory compounds, which could have negative effects on the fermentation process.
Compared with the raw sorghum, dewaxing and treatment with 1 wt % H2SO4 resulted in a 36.8%
increase of ethanol yield.
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Table 6. Final ethanol concentrations obtained in SSF of raw, dewaxed, and dewaxed plus dilute
H2SO4-treated and cellulase-treated BRM sorghums.

Experiment Final Ethanol (g/L) Yield (% Theoretical) *

Bob’s Red Mill raw 86.1 ± 2.0 62.7

Bob’s Red Mill dewaxed 106.2 ± 0.6 77.4

Bob’s Red Mill dewaxed and treated with 1 wt %
sulfuric acid with CTec2 addition in SSF 117.8 ± 0.1 85.7

Bob’s Red Mill dewaxed and treated with 2 wt %
sulfuric acid with CTec2 addition in SSF 112.5 ± 4.5 82.0

* Based on total glucose available from starch and cellulose. A sample calculation of ethanol yield is shown in
Appendix A.1.

3.5. The Proposed Integrated Process

Based on the results presented and discussed in the previous sections, an integrated process is
proposed for ethanol production using grain sorghum as feedstock. In this process, glucose is obtained
from both starch and fiber. The proposed process is shown in Figure 2.

Wax 
Extraction
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grains

Draining Dilute Acid 
Pretreatment

Dewaxed
grains

Dilute 
H2SO4

Wax 
Recovery

Wax
Mashing and 
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Q
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Figure 2. The integrated process for ethanol production from sorghum starch and fiber.

First, wax is extracted from the grains using ethanol, which is readily available in the plant.
After a simple solid/liquid separation step—for example, by draining of the liquid—the extracted
wax is recovered by evaporation of ethanol. The ethanol stream is brought to the distillation unit,
where it can be fed to the distillation columns as a separate stream, or combined with other streams
from the fermentation process, for ethanol recovery. The recovered ethanol is recycled and returned
to the front for use in the next wax extraction cycle. The dewaxed grains are subjected to dilute
H2SO4 treatment, then are used directly in mash preparation and subsequent SSF without washing
and grinding. Omission of grain washing will result in significant savings of water consumption,
whereas omission of grinding will result in significant savings of energy. The proposed process is
simple and does not require expensive equipment. In addition, the key processing steps can be
operated at moderate temperatures and pressures. The proposed process, therefore, can be added to
an existing sorghum ethanol plant as a “bolt-on” process.

To realize the potential benefits, a simple economic analysis was performed for an ethanol plant
producing 50 million gallons per year using the experimental data obtained with the BRM sorghum;
the results are summarized in Table 7.
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Table 7. Potential economic benefits of the integrated process for ethanol production using BRM
sorghum grain as feedstock.

Base Case Dewaxed Only Dewaxed/H2SO4 Treated

Ethanol yield (gal/bu) 2.04 2.59 2.92
Sorghum feedstock needed (million bu) 24.5 19.3 17.1

Total wax co-product (MT) 0 1252 1110
Wax co-product value (million $) 0 7.5 6.6

Sorghum feedstock savings (million $) 0 16.1 22.9

Notes: MT: metric ton; gal/bu: gallons per bushel; The value of the wax co-product is calculated using a bulk selling
price of $6/kg; The feedstock savings are calculated using a unit cost of $3.10/bu. A sample calculation of potential
economic benefits is shown in Appendix A.2.

The results in Table 7 indicate that if only wax extraction is performed, ethanol yield will increase
from 2.04 to 2.59 gallons per bushel (gal/bu), which will translate into a saving of $16.1 million per
year on reduced feedstock requirement. In addition, the wax co-product will add $7.5 million per year
to the total revenue. If dilute sulfuric acid pretreatment also is performed on the dewaxed sorghum,
the value of the wax co-product will decrease to $6.6 million per year but the ethanol yield will increase
to 2.92 gal/bu and the saving on feedstock cost will increase to $22.9 million per year.

4. Conclusions

It has been demonstrated that wax could be extracted from four different commercial grain
sorghum products by a simple process using ethanol as the solvent. The dewaxed sorghum grains
gave higher ethanol yields when used as feedstock in an SSF process. Further improvements on
ethanol yield were obtained when the dewaxed BRM sorghum grains were also treated with dilute
solutions of sulfuric acid and a commercial cellulase was added during the fermentation to produce
additional glucose from the fiber. Based on the experimental data, an integrated process for extraction
of sorghum wax as a value-added co-product and production of ethanol from both starch and fiber was
proposed. Using the data obtained for the BRM sorghum grains, the integrated process was shown to
have significant economic benefits over the base process using raw sorghum as feedstock. The data,
however, were obtained for proof-of-concept purpose only. More rigorous process optimization is
needed and the benefits of dilute acid treatment must be proven with other sorghum types before the
proposed integrated process is considered for commercial implementation.
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Appendix A.

Appendix A.1. Calculations of Ethanol Yields

Basis: 1000 g of 25 wt % raw BRM sorghum mash.
Total starch available: 250 g × 0.701 = 175.25 g.
Water consumed by hydrolysis of starch: 175.25 g × 0.11 = 19.28 g or 19.28 mL since the density of
water is 1.
Let VF be the final liquid volume in mL. Since the final ethanol concentration was 86.1 g/L,
the additional volume (in mL) contributed by the ethanol produced was
0.0861 g/mL × VF (mL) ÷ 0.789 g/mL = 0.109 VF
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Mass balance will give
VF = 750 mL − 19.28 mL + 0.109 VF

Therefore, VF = 820.2 mL.
Total ethanol production: 86.1 g/L × 0.820 L = 70.62 g.
Ethanol yield: 70.62 g ÷ 250 g = 0.283 g ethanol/g sorghum.
Assume 1 bu of sorghum weighs 56 lb and has moisture content of 15 wt%. The mass of 1 bu of BRM
sorghum in g is 56 lb × 0.85 × 454 g/lb = 21610 g.
Ethanol yield per bu of sorghum is 0.283 g/g × 21610 g/bu = 6104 g ethanol/bu or 2.04 gal/bu.
Similar calculations are performed for dewaxed and dewaxed/H2SO4-treated BRM sorghum.
The ethanol yields are 2.59 gal/bu and 2.92 gal/bu, respectively.

Appendix A.2. Calculations of Potential Economic Benefits

Design basis: A plant to produce 50 million gallons ethanol per year.
Annual feedstock requirement for raw sorghum: 50 × 106 gal ÷ 2.04 gal/bu = 24.5 × 106 bu.
Similarly, for dewaxed sorghum and dewaxed/H2SO4-treated sorghum, the annual feedstock
requirements are 19.3 × 106 bu and 17.1 × 106 bu.
For the dewaxed sorghum, the amount of wax that can be extracted is 0.003 × 21.6 kg/bu = 0.065 kg/bu.
The total quantity of wax that can be extracted is 0.065 kg/bu × 19.3 × 106 bu = 1.251 × 106 kg or
1251 MT.
The value of the extracted wax is 1.251 × 106 kg × $6/kg = $7.5 × 106.
The saving on feedstock is (24.5 × 106 bu − 19.3 × 106 bu) × $3.10/bu = $16.1 × 106.
Similar calculations are performed for the dewaxed/H2SO4-treated sorghum and the calculated results
are shown in Table 7.
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Leonidas Matsakas *, Kateřina Hrůzová, Ulrika Rovaand Paul Christakopoulos

Biochemical Process Engineering, Division of Chemical Engineering, Department of Civil, Environmental and
Natural Resources Engineering, Luleå University of Technology, SE-971 87 Luleå, Sweden;
katerina.hruzova@ltu.se (K.H.); ulrika.rova@ltu.se (U.R.); paul.christakopoulos@ltu.se (P.C.)
* Correspondence: leonidas.matsakas@ltu.se; Tel.: +46-(0)-920-493043

Received: 22 January 2018; Accepted: 9 February 2018; Published: 13 February 2018

Abstract: The production of high added-value chemicals from renewable resources is a necessity in
our attempts to switch to a more sustainable society. 3-Hydroxypropionic acid (3HP) is a promising
molecule that can be used for the production of an important array of high added-value chemicals,
such as 1,3-propanediol, acrylic acid, acrylamide, and bioplastics. Biological production of 3HP has
been studied extensively, mainly from glycerol and glucose, which are both renewable resources.
To enable conversion of these carbon sources to 3HP, extensive work has been performed to identify
appropriate biochemical pathways and the enzymes that are involved in them. Novel enzymes
have also been identified and expressed in host microorganisms to improve the production yields
of 3HP. Various process configurations have also been proposed, resulting in improved conversion
yields. The intense research efforts have resulted in the production of as much as 83.8 g/L 3HP from
renewable carbon resources, and a system whereby 3-hydroxypropionitrile was converted to 3HP
through whole-cell catalysis which resulted in 184.7 g/L 3HP. Although there are still challenges
and difficulties that need to be addressed, the research results from the past four years have been an
important step towards biological production of 3HP at the industrial level.

Keywords: 3-hydroxypropionic acid; metabolic engineering; building-block chemicals; glycerol;
platform chemicals; Klebsiella pneumoniae; Escherichia coli; Saccharomyces cerevisiae

1. Introduction

The use of fossil resources for the production of fuels, chemicals, and materials has caused serious
environmental problems, which—together with their imminent depletion—has made the establishment
of renewable alternative production methods an important priority. For this reason, development
of technologies for the establishment of biorefineries for the production of fuels, chemicals, and
materials from renewable resources has been actively pursued to replace the use of fossil resources.
Of the different molecules that are projected to be produced through biorefinery-based strategies,
3-hydroxypropionic acid (3HP) holds an important position.

3HP is one of the key building-block chemicals. In the list issued in 2004 and updated in 2010, the
United States Department of Energy (DOE) recognized it as one of the 12 top building-block chemicals
that can be produced from biomass, ranking it in third position among the molecules selected [1].
It contains two functional groups (a carboxyl group and a β-hydroxyl group), which makes it attractive
to serve as an excellent versatile platform for the production of a variety of high added-value chemicals
through chemical modification reactions [1]. The compounds that can be produced from 3HP include
1,3-propanediol, acrylic acid, acrylamide, acrylonitrile, propiolactone, malonic acid, homopolymers,
and heteropolymers [2,3]. These compounds have a broad range of applications, and can be used for
the production of adhesives, polymers, plastic packaging, fibers, cleaning agents, and resins. Until now,
they have mainly been produced by the petrochemical industry from fossil resources. However, this is
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not sustainable, and there is an urgent need to switch to economically and ecologically sound production
using renewable resources. Production of these substances from 3HP is a sustainable solution in itself,
but it is also important that the production of 3HP itself should take place from renewable resources.
For example, it has been estimated that production of acrylic acid from 3HP, which is otherwise
produced from glycerol, may be 50% cheaper than petroleum-based acrylic acid production, with a
75% reduction in greenhouse gas emissions [4]. Much research is being devoted to the biotechnological
production of 3HP from renewable resources. To achieve this goal, an intense research effort has
been made (1) to identify novel biochemical pathways; and (2) regarding the metabolic engineering of
microbial strains to transform them to cell factories capable of producing 3HP (the two main renewable
carbon sources being glycerol and sugars). Moreover, attempts to increase 3HP production titers are
also being made through improvements in cultivation techniques. These intense research activities
have meant that a lot of research work has been published in the past four years. The aim of the current
review is to provide an update on the progress that has occurred in the biotechnological production of
3HP after 2013, as an update to our previous review article on this matter [3].

2. Production of 3HP from Glycerol

The use of glycerol, which is a renewable resource, as starting material for the biotechnological
production of 3HP, is a common strategy. It can be obtained as a by-product of biodiesel production.
Biodiesel is produced from the transesterification of oils with a short-chain alcohol (mainly methanol)
in the presence of a catalyst [5]. During biodiesel production, crude glycerol is generated as by-product
in a ratio of about 100 kg glycerol to 1 ton of biodiesel produced [6]. As the worldwide production
of biodiesel is tending to increase, the amounts of crude glycerol that are available will follow the
same trend in the future. It is estimated that the production of glycerol will reach 4.2 × 109 L in 2020,
and that the world glycerol market will have a value of about 2.52 billion US dollars (USD) [7,8].
Moreover, the oversupply of glycerol leads to a decrease in its price [9]. During 2013, the prices of
refined glycerol varied from 900 USD/ton to 965 USD/ton, with the prices of the unrefined crude
glycerol being as low as 240 USD/ton [7]. The high quantities of crude glycerol that are produced
require its treatment or further use, which, together with the low price, creates an ideal situation
for the incorporation of crude glycerol into the biotechnological production of a variety of fuels and
chemicals [8,9]. Moreover, upgrading of biodiesel-derived glycerol to high added-value products will
boost the economy of the biodiesel production sector [10]. Conversion of glycerol to 3HP is one of the
available options for the utilization of glycerol, and much research effort is being made towards this
conversion. Several bacterial strains, such as Klebsiella sp., are capable of natural uptake of glycerol
through oxidative or reductive pathways. In the oxidative pathway, this leads to the formation of
pyruvate through the Embden–Meyerhof–Parnas pathway, whereas the reductive pathway results in
the formation of 1,3-propanediol [11]. Genetic manipulation of the natural glycerol consuming strains
can result in the conversion of glycerol to 3HP, through 3-hydroxypropionaldehyde as an intermediate.
To achieve this conversion, the genes of either the dha operon or the pdu operon are commonly used, as
summarized in the following sections.

2.1. Production Using Genes That Are Part of the Dha Operon

The naturally occurring dha operon encodes the necessary enzymes for the conversion of glycerol
to 1,3-propanediol. A detailed description of the genes in the dha operon and their action is given
in our previous review article [3]. Briefly, the operon mainly consists of genes encoding (1) a
glycerol dehydratase, which catalyzes the conversion of glycerol to 3-hydroxypropionaldehyde; (2) a
reactivase of the glycerol dehydratase; and (3) a 1,3-propanediol oxidoreductase, which catalyzes
the conversion of 3-hydroxypropionaldehyde to 1,3-propanediol, with some structural differences in
different microorganisms. Conversion of glycerol to 3HP using the dha operon is performed in two
stages, whereby glycerol is initially converted to 3-hydroxypropionaldehyde through the action of
the enzyme glycerol dehydratase, followed by conversion of the 3-hydroxypropionaldehyde to 3HP
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by the action of an aldehyde dehydrogenase (ald) enzyme (Figure 1). A strategy that is commonly
employed is to use a microorganism that already possess the dha operon, and genetically modify it to
produce 3HP. In that case, the gene encoding the 1,3-propanediol oxidoreductase should be deleted
or underexpressed if the co-production of 1,3-propanediol is not wanted, but special care should be
taken to maintain a balance between NADH and NAD+. Regeneration of NAD+ is important, as it is
required for the action of the ald enzyme. NAD+ can be regenerated in the electron transport chain,
which requires increased aeration, but the presence of oxygen inhibits the synthesis of coenzyme
B12, which is also involved in the process [12]. Moreover, as will be discussed later, oxygen also
inactivates the glycerol dehydratase. Regeneration of NAD+ can also take place during the conversion
of 3-hydroxypropionaldehyde to 1,3-propanediol by the action of the 1,3-propanediol oxidoreductase,
which consumes NADH [13]. If the 1,3-propanediol oxidoreductase gene is knocked out, another
pathway for NAD+ should be found in order to maintain the balance between NADH and NAD+,
such as lactate or acetate formation [12]. On the other hand, co-production of 3HP and 1,3-propanediol
can also be desirable, as 1,3-propanediol also has significant applications and these two molecules can
be separated easily, due to the presence of different functional groups on the molecules [14].

Another consideration when the dha operon is used is that the first step of the reaction
requires coenzyme B12, which is produced naturally de novo by some bacterial strains, such as
Klebsiella pneumoniae [15,16], whereas other bacteria, such as Escherichia coli, cannot produce it de
novo [16]. When the host microorganism is not capable of producing this coenzyme, external addition
of it should be included in the cultivation—which will affect the cost of the process. An effort is
therefore being made to create new bacterial strains that are capable of producing coenzyme B12.
Another consideration when using the dha operon is the inactivation of the glycerol dehydratase
during the catalysis of glycerol conversion [17,18], so proper expression of the glycerol dehydratase
reactivase is important to maintain the activity of glycerol dehydratase and, in turn, 3HP production.
Glycerol dehydratase can also be inactivated by oxygen [19], which on the other hand, is necessary for
efficient regeneration of the NAD+ [20] that is required for the action of the ald enzymes.

Figure 1. Conversion of glycerol to 3-hydroxypropionic acid (3HP) employing genes from the dha operon.

2.2. Production Using Genes That Are Part of the Pdu Operon

The second operon that can be used for the construction of a strain capable of converting glycerol
to 3HP is the pdu operon. In nature, the pdu operon is required for microbial growth on 1,2-propanediol
and it can be found in Salmonella and Lactobacillus species [21,22]. First, 1,2-propanediol is converted to
propionaldehyde by the action of an AdoCbI-dependent diol dehydratase; this is further converted to
propionic acid and propanol by the action of the enzymes CoA-dependent aldehyde dehydrogenase,

130



Fermentation 2018, 4, 13

phosphotransacylase, propionate kinase, and alcohol dehydrogenase [22]. Regarding the conversion
of glycerol to 3HP by the enzymes encoded in the pdu operon, more intermediate steps are required
than when using the dha operon. Initially, glycerol is converted to 3-hydroxypropionaldehyde by the
action of the diol dehydratase, which is followed by its transformation to 3-hydroxypropionyl-CoA
by the action of propionaldehyde dehydrogenase. The third step consists of phosphorylation of
3-hydroxypropionyl-CoA to 3-hydroxypropionyl phosphate by phosphate propanoyltransferase.
Finally, dephosphorylation of 3-hydroxypropionyl phosphate, by the enzyme propionate kinase,
leads to the formation of 3HP (Figure 2).

Figure 2. Conversion of glycerol to 3HP employing genes from the pdu operon.

Similarly to the dha pathway, the use of the pdu pathway presents some challenges that
should be taken into account when intending to use it for industrial production of 3HP. As NAD+

is required during the second step of the pathway (conversion of 3-hydroxypropionaldehyde
to 3-hydroxypropionyl-CoA), an adequate supply of NAD+ is necessary. Similar strategies and
considerations as described before apply here also, with the co-production of 1,3-propanediol serving
as a promising solution, as the action of 1,3-propanediol oxidoreductase requires NADH, and therefore,
NAD+ is regenerated [23,24], maintaining the equilibrium between NAD+ and NADH in the process.
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2.3. Engineering of K. pneumoniae Cells for the Conversion of Glycerol to 3HP

K. pneumoniae is an important candidate for use in the conversion of glycerol to 3HP. K. pneumoniae
can naturally produce the required coenzyme B12 de novo, which is important for the economics of
the process, as there is no need for external addition of coenzyme B12. Moreover, the dha operon is
endogenous in K. pneumoniae, thus minimizing the transfer of required genes when constructing a
strain capable of producing 3HP, and has excellent glycerol fermentation capability [25]. On the other
hand, as 1,3-propanediol is produced through the dha operon, the genes encoding the 1,3-propanediol
oxidoreductase should be deleted, unless co-production of 1,3-propanediol is desired. On the downside,
use of K. pneumoniae can potentially give rise to public health concerns. Bacteria of the Klebsiella genus
can cause human nosocomial infection, due to their ability to spread rapidly in hospital environments.
K. pneumoniae, in particular, is the most important of the Klebsiella genus, from a medical point of view,
as it can cause a broad variety of infections, such as urinary tract infections, soft tissue infections,
septicemias, and pneumonia in hospital environments [26].

As was discussed before, the balance of the cofactors NADH and NAD+ is important during the
conversion of glycerol to 3HP. A strategy to maintain this balance is the co-production of 3HP and
1,3-propanediol. For example, Su et al. [27] constructed a strain through the heterologous expression of
DhaS, a putative ald from Bacillus subtilis, which showed higher specificity toward 3-hydroxypropionic
acid than toward other aldehydes (propionaldehyde, benzaldehyde, valeraldehyde, butyraldehyde,
and acetaldehyde). The recombinant K. pneumoniae strain was capable of producing 3HP at 18.0 g/L,
and 1,3-propanediol at 27 g/L in 24 h under non-optimized bioreactor conditions. During the
cultivation, a significant amount of lactic acid (36.1 g/L) was also produced (Table 1). The authors
suggested that some possible reasons for the low 3HP concentration might be the competition for NAD+

between 3HP and biomass formation, the toxicity of 3HP toward the host cells, and the non-optimal
activity of the ald toward 3-hydroxypropionaldehyde. It is obvious from the above that an adequate
supply of NAD+ is necessary to achieve a high degree of 3HP production, and the discovery of more
efficient alds is also important.

Table 1. Results of 3HP production from glycerol using K. pneumoniae.

Genes Transferred Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

dhaS gene from B. subtilis Fed-batch bioreactor 5 L, 3 L, pH 7, 37 ◦C,
1.5 vvm, 400 rpm 18.0 0.77 [27]

aldH gene from E. coli Fed-batch bioreactor, 5 L, 2.8 L, pH 6.8–7.0,
37 ◦C, microaeration 1.5 vvm, 400 rpm 48.9 1.75 [28]

Overexpression of kgsadh,
dhaB and gdrAB, deletion of
ldhA, frdA, and adhE

Fed-batch bioreactor 1.5 L, 1 L, pH 7.5, 37 ◦C,
1 vvm, 400 rpm 43.0 0.90 [12]

PuuC overexpression, deletion
of ldh1, ldh2, and pta

Fed-batch bioreactor 5 L, 3 L, pH 7, 37 ◦C,
1.5 vvm, 400 rpm 83.8 1.16 [29]

aldH gene from E. coli Flasks 250 mL, 100 mL, 37 ◦C, microaeration,
150 rpm 0.9 0.04 [25]

-

Co-cultivation with Gluconobacter oxydans in
fed-batch bioreactor, 7 L, 4.0 L, 1st step: pH 7,
37 ◦C, 0.2 vvm, 150 rpm 2nd step: pH 5.5,
28 ◦C, 0.5 vvm, 600 rpm

60.5 1.12 [30]

The strategy of co-production was also followed by Huang et al. [28], who expressed the aldH
gene from E. coli in K. pneumoniae cells. The authors suggested that the relative amounts of 3HP and
1,3-propanediol could be controlled by controlling the aeration levels in the culture. Cell growth and
production of 3HP were enhanced by increasing the aeration rate, but 1,3-propanediol production
was reduced. Under fully aerobic conditions, however, the dha operon was repressed—resulting in no
production of either 3HP or 1,3-propanediol. The highest 3HP concentration (48.9 g/L) was reached
under microaerobic conditions (1.5 vvm aeration, which resulted in decrease of the dissolved oxygen
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from 100% to 0% in 2.7 h of culture), with the simultaneous production of 25.3 g/L 1,3-propanediol
after 28 h of cultivation in a fed-batch bioreactor. The overall yield of 1,3-propanediol and 3HP
was 0.66 mol/mol. The authors also demonstrated that the formation of other by-products was
also affected by the level of aeration under micro-anaerobic conditions, with the production of lactic
acid and acetic acid being enhanced, whereas ethanol and succinic acid production was reduced
by increasing the aeration level. Formate production initially increased with increasing levels of
aeriation, followed by a sharp decrease when aeration was higher than 0.6 vvm. Ko et al. [12] also
attempted to control the production of other metabolic by-products, especially of acetic acid, with
the aim of improving co-production of 3HP and 1,3-propanediol from the recombinant strain of
K. pneumoniae (J2B), which overexpressed the ald gene (encoding alpha-ketoglutaric semialdehyde
dehydrogenase—kgsadh). The methods that they evaluated for acetate reduction were reduction
of the glycerol assimilation through the glycolytic pathway, increasing the glycerol flow towards
3HP and 1,3-propanediol formation, and finally controlling the aeration levels. To improve the
co-production, the authors evaluated the deletion and overexpression of several genes. The best results
were obtained when the genes encoding lactate dehydrogenase (ldhA), succinate dehydrogenase (frdA),
and alcohol dehydrogenase (adhE) were deleted, which—together with the overexpression of dhaB
and gdrAB—resulted in 3HP at 43 g/L and 1,3-propanediol at 21 g/L during fed-batch bioreactor
cultivation, with an overall yield of 0.49 mol/mol. Although these genetic manipulations reduced the
amount of acetate, a considerable amount of acetate (>150 mM) had accumulated in the bioreactor by
the end of the cultivation.

In another study conducted by Li et al. [29], a systematic optimization of glycerol metabolism
took place in order to improve the 3HP production titers. During this work, different promoters for
the overexpression of PuuC (a native ald of K. pneumoniae), which is a key enzyme for 3HP formation,
were investigated. Among the promoters tested (tac and lac), the IPTG-induced tac was found to be the
most efficient for overexpression of PuuC. Moreover, 3HP production significantly increased when the
synthesis of lactic acid and acetic acid was blocked. Finally, optimization of cultivation parameters,
such as aeration (microaerobic conditions), pH (7.0), and IPTG concentration (0.02 mM) improved the
production of 3HP even further, resulting in a concentration of 83.8 g/L with a yield 52 g/g after 72 h
of cultivation. To the best of our knowledge, this concentration is the highest reported from glycerol.
Although addition of IPTG is not optimal from an economic point of view, the amount required
during this work was relatively low compared to what is commonly used (0.5–2 mM IPTG was used
for tac-driven gene expression in E. coli, and up to 5 mM IPTG was used for Zymomonas mobilis or
Pseudomonas putida) [29]. The high concentration of 3HP demonstrated is an important step towards
industrial application.

The most frequent approach for the genetic engineering of novel strains is plasmid insertion (of
the required genes) into the host strain. However, as strains containing plasmids are not genetically
stable and they require inducers and antibiotics to maintain the selection pressure during cultivation,
Wang and Tian [25] tried a different approach for construction of the host strain. More specifically, they
constructed a plasmid-free K. pneumoniae strain through chromosomal engineering by replacing the
IS1 region in the chromosome with the AD DNA cassette containing the aldH gene from E. coli through
homologous recombination. This strain was able to produce 3HP at 0.9 g/L (Table 1) in flask cultures
when glycerol, at 40 g/L, was added. Although the concentration of the 3HP produced was low, this
work demonstrated a new approach for the construction of host strains without any need for inducers
and antibiotics, which could be very useful for the development of new strains in the future.

Finally, a totally different approach to production of 3HP from glycerol was studied by
Zhao et al. [30]. In their process, they used a two-step approach, where glycerol was first converted
to 1,3-propanediol by K. pneumoniae, followed by conversion of 1,3-propanediol to 3HP by
Gluconobacter oxydans—a bacterium that incompletely oxidizes a wide range of ketones, organic acids,
and aldehydes. The final concentration of 3HP was 60.5 g/L, and the conversion rate of glycerol to 3HP
was 0.5 g/g. Moreover, it was the first time that acrylic acid production was reported as a by-product
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of 3HP production from 1,3-propanediol, at a concentration of approximately 1 g/L—another high
added-value chemical with several applications, such as plastics, adhesives, and coatings.

2.4. Engineering of E. coli Cells for the Conversion of Glycerol to 3HP

E. coli is commonly used as a host microorganism for genetic modifications, and there is a wide
range of commercial genetic tools available, making it easy to handle with efficient control of gene
transfer. In addition, E. coli has a large number of alds in its genome—genes that could be studied and
overexpressed for the conversion of glycerol to 3HP. However, the disadvantage of E. coli is that it
is not able to produce coenzyme B12, leading to the necessity of external addition of this expensive
compound, thus affecting process economics and industrial applications.

As when K. pneumoniae is used as the host strain, when using E. coli, one common strategy is
to use the genes of the dha operon. As has been discussed, glycerol dehydratase undergoes rapid
inactivation, which can result in shutdown of 3HP production. Niu et al. [31] demonstrated that when
the glycerol dehydratase reactivase gene was cloned together with the glycerol dehydratase gene,
the 3HP concentration increased fivefold, due to the prevention of glycerol dehydratase inactivation.
In an attempt to increase the 3HP production yield, the authors also expressed the gene encoding
the NAD+-regenerating enzyme, glycerol-3-phosphate dehydrogenase (Table 2). However, the
concentration of 3HP was reduced, with increased production of malic acid, due to the lack of NAD+.
Enhancement of 3HP production by regulation of glycerol metabolism and minimizing of by-product
formation was attempted by Jung et al. [4]. During their work, they tried to eliminate the formation of
major by-products, such as acetate and 1,3-propanediol, and to increase the metabolic flow of glycerol
towards 3HP by upregulating the glycerol kinase (glpK) and the glycerol facilitator (glpF), and by
deleting the regulatory factor that repressed the use of glycerol (glpR). After these modifications, the
generation of by-products was minimized, and the uptake of glycerol was improved, resulting in a
production of 3HP as high as 42.1 g/L. The average yield was 0.268 g/g.

When aiming to produce 3HP through the 3-hydroxypropionaldehyde intermediate, proper
balancing of the steps should be attempted, to avoid accumulation of the 3-hydroxypropionaldehyde.
3-Hydroxypropionaldehyde is very toxic for microorganisms, even at concentrations of 15–30 mM,
and its accumulation can result in inhibition of 3HP production, with concentrations as low as 10 mM
or even lower having a significant negative effect on growth and enzyme activity [32,33]. One solution
to the problem could be the selection of an efficient aldehyde dehydrogenase that would rapidly
act on 3-hydroxypropionaldehyde and convert it to 3HP. Based on this strategy, Chu et al. [34] tried
17 candidate aldehyde dehydrogenases for their activity against 3-hydroxypropionaldehyde, with
the gabD4 from Cupriavidus necator turning out to be the most effective one. In an attempt to further
improve the aldehyde dehydrogenase selected, the authors performed site-directed and saturation
mutagenesis, based on homologous modeling. The mutant enzyme obtained had 1.4-fold higher
activity compared to the wild type one, and a high 3HP production of 71.9 g/L (with a productivity of
1.8 g/L·h) was achieved in fed-batch bioreactor culture, which, to the best of our knowledge, is the
highest reported concentration reported with E. coli as a host growing on glycerol.

Another strategy to avoid 3-hydroxypropionaldehyde accumulation is the use of promoters with
different strength in controlling the expression of the enzymes [3], although the number of genetic
elements can limit the control over gene expression [33]. The use of the in silico design tool “UTR
Designer” has also been proposed; it can provide precise predictions of the translation initiation
efficiency [33]. This tool was employed by Lim et al. [33] in their effort to prevent the accumulation
of 3-hydroxypropionaldehyde by fine-tuning the expression levels of aldehyde dehydrogenase and
glycerol dehydratase. Moreover, they deleted the by-product formation genes, yghD and ackA-pta, in
order to improve metabolic flow towards the formation of 3HP. During flask culture, 3HP formation
reached 17.9 g/L with a yield of 0.61 g/g. Following on from these results, the authors tried a fed-batch
cultivation with the addition of glucose together with the glycerol. Under these conditions, the
production of 3HP increased to 40.5 g/L with a yield of 0.97 g/g. This increase in the yield of 3HP
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formation could be explained by the better carbon flow of glycerol towards 3HP formation, as glucose
could cover the needs of cell growth. A different approach for balancing the pathway enzymes to
prevent 3-hydroxypropionaldehyde accumulation, and in turn, improve the 3HP production yields,
was used by Sankaranarayanan et al. [35]. In their work, they used a synthetic regulatory cassette
comprised of varying-strength promoters and bicistronic ribosome-binding sites (RBSs) to control the
expression of the genes. Fine-tuning of the levels of expression between the two genes could result
in no secretion of 3-hydroxypropionaldehyde, which was achieved when aldehyde dehydrogenase
had an expression that was 8-fold higher than that of glycerol dehydratase. This strategy resulted in
the engineering of an E. coli strain capable of producing up to 56.4 g/L 3HP in a fed-batch bioreactor,
with the addition of glucose together with glycerol. The addition of glucose as a co-substrate was also
found to improve the activity of the aldehyde dehydrogenase gene, and in turn, improve the 3HP
production yields [36]. Niu et al. [36] reported a 3.5-fold increase in the activity of the enzyme, which
improved the 3HP production in flasks from 3.39 g/L (control—no addition of glucose) to 6.80 g/L.
Optimization of the glucose concentration and feeding strategy improved the 3HP production to up to
17.2 g/L during fed-batch cultivation. The authors also suggested that addition of glucose reduced the
imbalance between the activities of glycerol dehydratase and aldehyde dehydrogenase, as it led to an
increase in the activity of aldehyde dehydrogenase.

Table 2. Results of 3HP production from glycerol using E. coli.

Genes Transferred Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

dhaB and gdrAB from K. pneumoniae
and kgsadh from A. brasilense

Flasks 250 mL, 100 mL, 37 ◦C,
200 rpm 5.1 n.a. [31]

dhaB and gdrAB from K. pneumoniae,
aldH from E. coli, overexpression of
glpF, deletion of ackA-pta, yqhD,
and glpR

Fed-batch bioreactor 5 L, 2 L,
pH 7, 35 ◦C, 1 vvm, 500 rpm 42.1 1.32 [4]

dhaB and gdrAB from K. pneumoniae,
gabD4 from C. necator with
side-directed mutagenesis, deletion of
yghD and ackA-pta

Fed-batch bioreactor 5 L, 2 L,
pH 7, 35 ◦C, 1 vvm, 500 rpm 71.9 1.8 [34]

UTR-engineered dhaB, gdrAB from
K. pneumoniae and kgsadh from
A. brasilense, deletion of yghD and
ackA-pta

Fed-batch bioreactor 5 L with
the addition of glucose, 2 L,
pH 7, 37 ◦C, 1 vvm, 500 rpm

40.5 1.35 [33]

dhaB and gdrAB from K. pneumoniae
and kgsadh from A. brasilense

Fed-batch bioreactor 1.5 L
with the addition of glucose,
pH 7, 37 ◦C, 1 vvm, 650 rpm

56.4 1.18 [35]

dhaB and gdrAB from K. pneumoniae
and kgsadh from A. brasilense

Fed-batch bioreactor 5 L with
the addition of glucose, 3 L,
pH 6.5, 37 ◦C, 450 rpm

17.2 n.a. [36]

dhaB and gdrAB from K. pneumoniae
and kgsadh from A. brasilense

Fed-batch bioreactor 1.5 L, 1 L,
pH 7, 37 ◦C, 0.5 vvm, 650 rpm 41.5 0.86 [37]

dhaB and gdrAB from K. pneumoniae,
AraE from A. brasilense, conditional
repression of gapA, deletion of yqhD

Flasks, 300 mL, 37 ◦C, 150 rpm 6.06 0.13 [38]

dhaB and gdrAB from K. pneumoniae,
AraE from A. brasilense, pdu from
K. pneumoniae

Flasks 250 mL, 60 mL, pH 6–7,
100–250 rpm 5.05 0.105 [39]

n.a.: not available.

Not only the presence of 3-hydroxypropionaldehyde, but also high concentrations of 3HP can
inhibit the growth of the host microorganisms, thus hindering the production of 3HP. Aiming to
identify a 3HP-tolerant E. coli strain, Sankaranarayanan et al. [37] studied nine acid-tolerant strains that
efficiently produced various organic acids at high titers. Construction of the 3HP producing strains
was achieved by expressing the dha operon, and an ald from Azospirillum brasilense. Of all the strains
tested, two showed a high degree of growth in the presence of 25 g/L 3HP, and one of them, E. coli W,
outperformed the rest, and produced 41.5 g/L 3HP with a yield of 0.31 g/g. During this work, it was
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found that there are significant differences in 3HP tolerance among E. coli strains, and this should be
taken into account when selecting an appropriate host microorganism.

To improve the metabolic flow of glycerol towards 3HP, other genes of glycerol catabolism are
often deleted, which might result in strains with poor growth [38]. To avoid this and at the same time
improve the metabolic flow towards 3HP, Tsuruno et al. [38] suggested the use of a metabolic toggle
switch (MTS), and tested the conditional repression of the following genes: glpK (encoding glycerol
kinase), tpiA (encoding triosephosphate isomerase), and gapA (encoding glyceraldehyde-3-phosphate
dehydrogenase). After testing the three different strains for their efficiency in 3HP production, it was
found that only the strain with the MTS for gapA improved the production of 3HP to 4.88 g/L. Deletion of
the gene yqhD (whose protein product is responsible for the conversion of 3-hydroxypropionaldehyde to
1,3-propanediol) further improved the concentration of 3HP to 6.06 g/L, with a yield of 0.515 mol/mol.

Finally, another strategy for genetically modifying E. coli was proposed by Honjo et al. [39], who
used a dual synthetic pathway for the construction of E. coli strains. More specifically, they transferred
the genes from both the dha and the pdu operons for the construction of one strain, and compared with the
results obtained using a strain with only the genes from the dha operon. The strain with both pathways
produced 3HP at 5.05 g/L, whereas the strain with only the dha operon produced only 2.98 g/L 3HP.
The yield was 0.54 mol/mol. When the strain only had the pdu operon, it produced 1.41 g/L, thus
underpinning the synergistic action of the two pathways in the conversion of glycerol to 3HP.

2.5. Other Microorganisms

It is clear that most of the research is focused mainly on either E. coli or K. pneumoniae as
host microorganism for the construction of a cell factory capable of producing 3HP from glycerol.
However, there are other microorganisms that could be suitable and efficient cell factories for efficient
production of 3HP. For example, Lactobacillus reuteri is a good candidate, due to its ability to naturally
produce the coenzyme B12 and to its high acid tolerance—both of which are required when producing
3HP. Moreover, the pdu operon is endogenous in that specific species [40], minimizing the need for gene
transfer. The use of a recombinant L. reuteri strain with a mutation in the catabolite repression element
(CRE) was investigated by Dishisha et al. [23], to improve the metabolic flux of glycerol to 3HP and
1,3-propanediol. During the flux analysis for the different steps of the pdu operon, it was found that the
glycerol dehydration to 3-hydroxypropionaldehyde was ten times faster than the subsequent oxidation
and reduction of 3-hydroxypropionaldehyde to 1,3-propanediol and 3HP. Thus, establishment of an
optimal feeding rate of glycerol was crucial to avoid 3-hydroxypropionaldehyde accumulation and
direct the flux of glycerol towards 3HP and 1,3-propanediol formation. The final titers were 10.6 g/L
3HP and 9.0 g/L 1,3-propanediol under anaerobic conditions in the fed-batch bioreactor when resting
cells of L. reuteri were used (Table 3).

The same recombinant strain of L. reuteri was also used for the preparation of crosslinked,
cryostructured monoliths that could be used as a biocatalyst for the conversion of glycerol to
3-hydroxypropionaldehyde, 3HP, and 1,3-propanediol [14]. Different crosslinkers were tested
for the preparation of monolith columns of resting L. reuteri cells, with only the mixture of
synthetic macromolecular structures of activated polyethyleneimine and modified polyvinyl alcohol
(Cryo-PEI/PVA) demonstrating enhanced biocatalytic activity, mechanical stability, and sustained
viability. Under optimal conditions, 3.3 g/L 3HP was produced during fed-batch feeding of the
immobilized cells. Finally, a two-step process involving the cultivation of L. reuteri and G. oxydans
has also been proposed [41]. More specifically, in the first step, the anaerobic cultivation of L. reuteri
in fed-batch mode resulted in the production of equimolar quantities of 3HP and 1,3-propanediol,
whereas in the second step, the 1,3-propanediol in the cell-free supernatant was selectively oxidized
to 3HP by G. oxydans under aerobic batch cultivation. At the end of the first step, 14 g/L 3HP and
12 g/L 1,3-propanediol were produced, with the corresponding conversion yields being 0.48 g/g and
0.42 g/g, respectively. Finally, the oxidation in the second step resulted in the quantitative conversion
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of 1,3-propanediol to 3HP, with a final 3HP concentration of 23.6 g/L and an overall conversion yield
of glycerol to 3HP of approximately 1 mol/mol.

Another host strain that has been used is Bacillus subtilis, which shows high growth rates, and is a
non-pathogenic microorganism classified as GRAS (generally recognized as safe) [42]. The first attempt
to use this host microorganism for 3HP was described by Kalantari et al. [42]. The constructed strain
performed well in shaker flasks, producing up to 10 g/L with average yield 0.79 g/g, and showing
good tolerance towards the 3HP produced. One drawback of the use of this strain as host is the lack of
any native ability to produce the coenzyme B12 (as with E. coli); the authors suggested that this can
be solved by transferring the necessary genes from Bacillus megaterium. This work demonstrated that
Bacillus strains can also be used as cell factories for 3HP production, and more work using these cells
will probably be conducted in the future.

Table 3. Results of 3HP production from glycerol using other host microorganisms.

Genes Transferred Microorganism Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

Mutation in the CRE upstream
of the pdu operon L. reuteri

Fed-batch bioreactor 3 L with
resting cells, 1 L, pH 7, 37 ◦C,
anaerobic, 500 rpm

10.6 1.08 [23]

Mutation in the CRE upstream
of the pdu operon L. reuteri

Immobilized cells with fed-batch
feeding, 12 mL, 37 ◦C, anaerobic,
100 rpm

3.3 0.09 [14]

- L. reuteri and
G. oxydans

Two-step cultivation: (1)
anaerobic fed-batch bioreactor 3 L
with L. reuteri resting cells, 1 L,
pH 5.5, 37 ◦C
(2) aerobic batch system 3 L with
G. oxydans resting cells, 1 L,
pH 5.5, 28 ◦C, 0.33 vvm, 800 rpm

23.6 n.a. [41]

dhaB, gdrAB, and puuC from
K. pneumoniae, deletion of glpK B. subtilis Flasks with the addition of

glucose, 37 ◦C, 200 rpm 10 n.a. [42]

n.a.: not available.

3. Production of 3HP from Sugars

Glucose and other sugars (such as xylose) are another source of renewable raw materials for the
cultivation of microorganisms when aiming to produce 3HP. Commonly used sources of sugar include
sucrose from sugar beet and sugar cane, and glucose from the hydrolysis of corn starch. Due to the fact
that these sources of sugar can also serve as food and animal feed, the use of sugars from lignocellulose
presents an attractive alternative. Sources of lignocellulosic biomass include agricultural wastes and
by-products, forest biomass, energy crops, and municipal waste [43–45]. The use of lignocellulosic
materials as a source of fermentable sugars requires a pretreatment step (to disrupt the rigid structure
of lignocellulosic biomass), followed by enzymatic hydrolysis of the insoluble carbohydrates in order
to release soluble sugars. Several pretreatment methods have been proposed in the literature, which
can be classified as physical, physicochemical, chemical, and biological [46]. The different pretreatment
methods have shown varied efficiency against lignocellulosic biomass, with the source of the biomass
affecting the chosen pretreatment parameters.

Regarding the use of sugars (mainly glucose) as carbon source for the production of 3HP, several
different pathways have been proposed. Different research groups have made significant progress in
this field by intensively studying some of these pathways. On the other hand, some other predicted
pathways have turned out to not be efficient enough when transferred to host microorganisms.
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3.1. Pathways for the Conversion of Sugars (Mainly Glucose) to 3HP

3.1.1. The Malonyl-CoA Pathway

To the best of our knowledge, malonyl-CoA pathway is currently one of the most investigated
pathways for 3HP production. In this case, glucose is transformed through glycolysis to acetyl-CoA,
which is then converted to malonyl-CoA by acetyl-CoA carboxylase. Malonyl-CoA reductase converts
malonyl-CoA to 3HP thought a malonate semialdehyde intermediate [47] (Figure 3).

Figure 3. Conversion of glucose to 3HP through the malonyl-CoA pathway.

3.1.2. The β-Alanine Pathway

The main precursor of this pathway is aspartate, which is produced from fumarate (an
intermediate of the citrate cycle). For this reason, it is advantageous to use a strain capable of
overproduction of fumarate and of expressing a highly active aspartase, the enzyme responsible
for the transformation of fumarate to aspartate. The next step is the transformation of aspartate
to β-alanine by the action of aspartate-α-decarboxylase, followed by cleavage of the amino group
of β-alanine by β-alanine-pyruvate aminotransferase or γ-aminobutyrate transaminase, resulting
in malonic semialdehyde formation [48]. The last step is the conversion of malonic semialdehyde
to 3HP by the action of malonic semialdehyde reductase, 3-hydroxypropionate dehydrogenase, or
3-hydroxyisobutyrate dehydrogenase [49] (Figure 4). Theoretically, the yields achieved through the
β-alanine intermediate pathway should be higher than the yields obtained through the malonic
intermediate pathway, as the malonic pathway is highly oxygen-dependent and requires high levels of
ATP for acetyl-CoA synthesis [49].

Figure 4. Conversion of glucose to 3HP through the β-alanine pathway.
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3.1.3. The Propionyl-CoA Pathway

Another option is the conversion of glucose to 3HP through the intermediate propionyl-CoA,
which was initially reported in the yeast Candida rugosa strain NPA-1 [50]. In this pathway, succinic acid
can be produced from glucose and converted to propionic acid by the action of succinate decarboxylase,
followed by conversion of propionate to propionyl-CoA by propionyl-CoA synthetase. Propionyl-CoA
is then converted to acryloyl-CoA by the enzyme propionyl-CoA dehydrogenase. In the next step,
the acryloyl-CoA is converted to 3-hydroxypropionyl-CoA by 3-hydroxypropionyl-CoA dehydratase,
and finally, to 3HP through the action of the enzyme propionate-CoA transferase or the enzyme
3-hydroxyisobutyryl-CoA hydrolase [47,51] (Figure 5).

Figure 5. Conversion of glucose to 3HP through the propionyl-CoA pathway.

3.1.4. The Glycerate Pathway

The glycerate pathway is another option that has been proposed for the conversion of glucose
to 3HP, but to the best of our knowledge, this pathway has not yet been constructed in a host
microorganism. The pathway was proposed by Burgard and Van Dien [52]. In this proposed pathway,
glucose is converted initially to 3-phosphate-glycerate, followed by its conversion to glycerate and
malonate semialdehyde by the action of the enzymes 3-phosphate-glycerate phosphatase and glycerate
dehydratase, respectively. Finally, malonate semialdehyde is converted to 3HP by 3HP dehydrogenase.

3.1.5. The Lactate Pathway

Another proposed pathway that has not yet been constructed in host cells is through a
lactate intermediate. However, this pathway was found to be thermodynamically unfavorable [48].
Here, the predicted conversion of lactate leads to 3HP through lactate-CoA, acrylyl-CoA,
and 3-hydroxypropionyl-CoA by the action of CoA transferase, lactyl-CoA dehydratase, and
3-hydroxypropionyl-CoA dehydratase, respectively. Finally, conversion of 3-hydroxypropionyl-CoA
to 3HP can be performed by one of the following three enzymes: 3-hydroxypropionyl-CoA hydrolase,
CoA transferase, or 3-hydroxyisobutyryl-CoA hydrolase.

3.1.6. Use of a Glycerol Intermediate

Another option to convert glucose (or other sugars) to 3HP is by initially producing glycerol
from the central metabolism, and finally, converting the glycerol to 3HP with strategies that have been
established for glycerol, instead of directly converting the glucose [53].
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3.2. Use of E. coli as a Host Microorganism

As discussed previously, E. coli is a very commonly used microorganism when it comes to metabolic
engineering for the construction of a microbial cell factory, and it has been used extensively for metabolic
engineering aimed at 3HP production. On the other hand, the lack of the ability to naturally produce
coenzyme B12, which is required for the action of some enzymes involved in the pathways of glycerol
conversion to 3HP, is an important drawback. On the other hand, production of 3HP using the
malonyl-CoA pathway is coenzyme B12-independent, and presents a promising alternative when using
E. coli cell factories. As discussed previously, the malonyl-CoA pathway starts with the conversion
of acetyl-CoA to malonyl-CoA by the enzyme acetyl-CoA carboxylase, and optimal expression and
activity of this enzyme is important. Cheng et al. [54] constructed this route in E. coli by expressing
the acetyl-CoA carboxylase from Corynebacterium glutamicum, and the malonyl-CoA reductase from
Chloroflexus aurantiacus. To improve the function of the acetyl-CoA carboxylase, the authors added
biotin and NaHCO3 (to provide CO2 for the carboxylation of acetyl-CoA). Under optimal conditions,
1.8 g/L 3HP was produced in flasks with a yield of 0.18 g/g. Scale-up of the process in a fed-batch
bioreactor improved the titers obtained to 10.08 g/L (Table 4). It was proposed that low yields of 3HP
through the malonyl-CoA pathway can be caused by functional imbalance of the two fragments of
the malonyl-CoA reductase (mcr), namely the mcr-c and mcr-n fragments [55]. The mcr catalyzes the
conversion of malonyl-CoA to 3HP through malonate semialdehyde, with the mcr-c fragment catalyzing
the first step and the mcr-n fragment catalyzing the second. Liu et al. [55] tried to minimize the functional
imbalances between the two fragments by employing directed evolution tools, aiming to enhance the
action of the mcr-c fragment and then fine-tune the levels of expression of the mcr-n fragment. The newly
engineered strain performed well during fed-batch cultivation on glucose, reaching a 3HP production
of to 40.6 g/L, with a conversion yield of 0.19 g/g.

In another study, the β-alanine pathway was constructed in E. coli cells [49]. The authors used
a previously developed strain, which was capable of producing β-alanine [56], to construct the
pathway towards 3HP. Based on this strain, the authors tested several downstream enzymes for
their efficiency regarding 3HP production [49]. Among the different combinations, the most promising
genes were the ydfG from E. coli (encoding a malonic semialdehyde reductase) and the pa0132 from
Pseudomonas aeruginosa (encoding a β-alanine pyruvate transaminase). Fine-tuning of other genes related
to the pathway (such as overexpression of ppc gene, encoding phosphoenolpyruvate carboxylase, and
replacement of the native promoter with the strong tac promoter for the sdhC gene, encoding a succinate
dehydrogenase) resulted in the production of 31.1 g/L 3HP, with a yield of 0.423 g/g.

Table 4. Results of 3HP production from glucose using E. coli as host microorganism.

Genes Transferred Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

acc from C. glutamicum and mcr from
C. aurantiacus

Fed-batch bioreactor 5 L, 2.5 L,
pH 7, 37 ◦C, 1 vvm 10.1 0.28 [54]

AccADBC, mcr with enhanced activity of
the mcr-c fragment and tuning of the
expression levels of mcr-n fragment

Fed-batch bioreactor 5 L, 2 L,
pH 7, 37 ◦C 40.6 0.56 [55]

pa0132 from P. aeruginosa, ydfG from
E. coli, upregulation of sdhC,
overexpression of ppc

Fed-batch bioreactor 6.6 L, 2 L,
pH 7, 37 ◦C, 1 vvm, 200–1000 rpm 31.1 0.63 [49]

dhaB and dhaR from Lactobacillus brevis,
aldhH from Pseudomonas aeruginosa, gpd1
and gpp2 from S. cerevisiae, deletion of
ptsG, glpK and yqhD, overexpression of
xylR operon

Fed-batch bioreactor 2.5 L with
co-conversion of glucose and

xylose, 1 L, 37 ◦C > 25 ◦C, 1 vvm,
600–1300 rpm

29.7 0.54 [57]

A different approach to conversion of glucose to 3HP would be to take advantage of the naturally
produced glycerol in the central metabolism of the host and construct a pathway for the conversion
of glycerol to 3HP. In this way, both glucose and xylose (two of the main sugars of lignocellulosic
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biomass) can be used and channeled to glycerol through glycolysis and the pentose phosphate pathway,
respectively. In order to improve the glycerol production yields, Jung et al. [57] constructed an E. coli
strain by initially expressing the genes encoding glycerol-3-phosphate dehydrogenase (gpd1) and
glycerol-3-phosphatase (gpp2) from S. cerevisiae. To achieve co-utilization of xylose and glucose, the ptsG
gene (encoding the phosphoenolpyruvate:sugar-transferring system) was deleted, and the xylR operon
was overexpressed. The new strain was capable of simultaneously consuming glucose and xylose, and
produce glycerol with a yield of 0.48 g/g. Finally, when the pathway for the conversion of glycerol to
3HP was constructed, 3HP production of 29.7 g/L was accomplished with an overall yield of 0.36 g/g.

3.3. Use of S. cerevisiae as a Host Microorganism

Regarding the use of glucose as carbon source, the yeast S. cerevisiae is a very promising candidate,
as it is very robust, is easy to handle, and described as GRAS. Another positive characteristic of
this yeast is its high tolerance of low pH values, which can result from accumulation of 3HP [58,59].
To permit conversion of glucose to 3HP, the malonyl-CoA pathway was also constructed in S. cerevisiae
cells [59]. This was done by expressing multiple copies of the mcr gene from C. aurantiacus and
mutated acc1 genes. Moreover, in an attempt to improve the supply of acetyl-CoA, the native pyruvate
decarboxylase pdc1 gene and the aldehyde dehydrogenase ald6 gene were overexpressed together with
the expression of the acetyl-CoA synthase gene (acsL641P) from Salmonella enterica; these modifications
increased the 3HP titer by 80%. Finally, the intracellular NADPH, which is required for the action of the
mcr, was increased by transferring the NADP-dependent glyceraldehyde-3-phosphate dehydrogenase
gene (gapdh) from Clostridium acetobutylicum. The strain constructed produced 9.8 g/L 3HP with a
yield of 13% C-mol/C-mol (Table 5).

In another study with S. cerevisiae as host microorganism, the β-alanine pathway—which was
identified through metabolic modeling to be the most attractive pathway from an economic point
of view—was constructed [48]. De novo β-alanine synthesis was performed by the action of a
β-alanine-pyruvate aminotransferase (bapat) from Bacillus cereus (yhxA gene), which is a newly used
bapat enzyme. The authors examined the effect on 3HP production of different combinations of
the yhxA gene (or another bapat gene from Pseudomonas putida) with various 3-hydroxypropionate
dehydrogenase (hpdh) and 3-hydroxyisobutyrate dehydrogenase (hibadh), the most efficient
combination being yhxA with the hpdh from E. coli (ydfG gene). Different aspartate-1-decarboxylases
(panD) were also tested, the most promising being the one derived from Tribolium castaneum.
Finally, improvement of the production yields was achieved by improving the supply of L-aspartate by
overexpressing a native cytoplasmic aspartate aminotransferase (aat2) and two pyruvate carboxylases
(pyc1, pyc2 genes). The strain that was constructed performed well in fed-batch bioreactors, producing
13.7 g/L 3HP with a conversion yield of 0.14 C-mol/C-mol.

Apart from glucose, xylose is also an important sugar that can be derived from lignocellulosic
biomass, and it would be important to incorporate it in the 3HP production process. One attempt to
convert xylose to 3HP in S. cerevisiae was conducted by Kildegaard et al. [60] by incorporating either
the malonyl-CoA pathway or the β-alanine pathway (using two approaches, one NADH-dependent
route and one NADPH-dependent route) in a xylose-utilizing strain. The three different pathways
were tested with the yeast growing on glucose or xylose, and the malonyl-CoA route gave the best
results on glucose, and the NADPH-dependent β-alanine pathway resulted in the highest 3HP yields
from xylose. The second route was constructed by expressing two pyruvate carboxylases (pyc1 and
pyc2), a bapat from B. cereus, a panD gene from T. castaneum, and the NADPH-dependent hpdh from
E. coli (ydfG gene). The strain performed well on xylose, producing 1.8 g/L during flask culture, which
increased to 6.1 g/L when the culture was performed in batch bioreactors. Fed-batch cultivation
further improved 3HP production to 7.4 g/L, with an overall yield of 29% C-mol/C-mol. Although the
concentration was relatively low, the results of this work are very promising, as glucose and xylose
are two major sugars in lignocellulosic biomass, and further optimization of the strain would enable
culture on lignocellulosic hydrolysates.
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Table 5. Results of 3HP production from glucose using S. cerevisiae as host microorganism.

Genes Transferred Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

Multiple copies of mcr from C. aurantiacus
and mutant acc1, acsL641P from S. enterica,
overexpression of pdc1 and ald6, gapdh
from C. acetobutylicum

Fed-batch bioreactor 1 L,
0.5 L, pH 5, 30 ◦C, 2 vvm,

800 rpm
9.8 0.1 [59]

yhxA from B. cereus, ydfG from E. coli,
panD from T. castaneum, overexpression
of aat2, pyc1, and pyc2

Fed-batch bioreactor 1 L,
0.5 L, pH 5, 30 ◦C, 2 vvm,

800 rpm
13.7 0.17 [48]

pyc1 and pyc2, bapat from B. cereus, panD
from T. castaneum, ydfG from E. coli

Fed-batch bioreactor 2.7 L
on xylose, 1 L, pH 5, 30 ◦C,

1 vvm, 600–1200 rpm
7.4 0.06 [60]

3.4. Use of Other Host Microorganisms

Apart from work with the two commonly used microorganisms (E. coli and S. cerevisiae) for the
construction of a strain capable of transforming glucose (and in some cases xylose) to 3HP, a few
other host microorganisms have also been used. The yeast Schizosaccharomyces pombe is one example;
this microorganism showed good tolerance of low pH values, which can result the accumulation of
3HP [58]. The malonyl-CoA pathway was constructed in this yeast by overexpression of an endogenous
acetyl-CoA carboxylase (cut6p gene) and heterologous expression of the mcr gene from C. aurantiacus in a
protease-deficient strain (aimed at protecting the secreted proteins from degradation). Supplementation
of the culture broth with acetate was also beneficial for 3HP production; the 3HP concentration reached
3.5 g/L (with a productivity of 0.03 g/L·h) during culture in flasks, which was further increased to
7.6 g/L (with a productivity of 0.25 g/L·h) when high-density culture was used (Table 6).

Table 6. Results of 3HP production from glucose using other host microorganisms.

Genes Transferred Microorganism Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

mcr from C. aurantiacus and
overexpression of cut6p S. pombe

Flasks 100 mL with
high-density cultures,
10 mL, 30 ◦C, 250 rpm

7.6 0.25 [58]

pdu from K. pneumoniae, gpd1 and
gpp2 from S. cerevisiae, gabD from
C. necator, xylAB from E. coli, araE
from C. glutamicum, deletion of ldhA,
pta-ackA, poxB, and glpK, and
replacement of ptsH with iolT1 and glk

C. glutamicum
Fed-batch bioreactor

5 L, 2 L, pH 7.2, 30 ◦C,
1 vvm

62.6 0.87 [53]

pdu from K. pneumoniae, gpd1 and
gpp2 from S. cerevisiae, gabD from
C. necator, xylAB from E. coli, araE
from C. glutamicum, deletion of ldhA,
pta-ackA, poxB, and glpK, and
replacement of ptsH with iolT1 and glk

C. glutamicum

Fed-batch bioreactor
5 L with glucose and
xylose, 2 L, pH 7.2,

30 ◦C, 1 vvm

54.8 n.a. [53]

n.a.: not available.

Another host microorganism that was used is the bacterium Corynebacterium glutamicum.
Chen et al. [53] engineered a strain that could convert glucose and xylose to 3HP through glycerol as
an intermediate. The pathway was constructed by using the pdu operon from K. pneumonia, fusion
of the gpd1 and gpp2 genes (which are involved in glycerol synthesis), and expression of the gabD
aldehyde dehydrogenase (which was found to be the most efficient of the aldehyde dehydrogenases
tested). Furthermore, genes involved in the formation of by-products were deleted in order to
improve the carbon flux towards 3HP. The ptsH gene (encoding the phosphoenolpyruvate dependent
phosphotransferase system, which is the main route for glucose uptake) was also replaced with the
inositol permeases gene (iolT1) and glucokinase gene (glk); finally, to allow pentose utilization, the
pentose transport genes araE and the xylose catabolite gene xylAB were also expressed. The resulting
strain produced 3HP at 37.4 g/L and 35.4 g/L when grown on glucose and xylose, respectively, in batch
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bioreactors. The amount of 3HP produced for the co-consumption of the two sugars was 36.2 g/L,
with a conversion yield of 0.45 g/g. Cultivation in fed-batch bioreactors further improved the 3HP
production to 62.6 g/L (0.51 g/g) when growing only on glucose, and to 54.8 g/L (0.49 g/g) when
growing on a mixture of glucose and xylose.

4. Production of 3HP from Other Sources

One of the alternative carbon sources that have been used for the production of 3HP is
propionic acid. For this reason, the propionyl-CoA pathway (which has already been described) was
constructed in E. coli by transferring a propionyl-CoA dehydrogenase gene (pacd) from Candida rugora,
a propionate-CoA transferase gene (pct) from Megasphaera elsdenii, and a 3-hydroxypropionyl-CoA
dehydratase gene (hpcd) from C. aurantiacus [51]. In addition, deletion of the ygfH and prpC genes led
to the production of 3HP at 2.2 g/L (Table 7). The main drawback of using propionate is that it is not
a low-cost carbon source, which affects the production cost of 3HP. Moreover, the conversion yield
obtained in this work was relatively low (35.4%). On the other hand, as the authors also suggested,
more work should be conducted to fully understand and control the pathway, and propionyl-CoA
could be derived from glucose through succinyl-CoA, thus avoiding the use of propionic acid.

Recent research has shown that 3HP can also be produced from hydrolysis of the toxic
compound 3-hydroxypropionitrile, which is a platform chemical widely used in many organic
syntheses for the production of medicines, pesticides, and polymeric compounds [61]. Hydrolysis of
3-hydroxypropionitrile can yield 3HP; however, the chemical hydrolysis is not an environmentally
friendly process, as it requires the use of strong basic solutions and high temperatures, and generates
hypersaline waste water [62]. Green methods for the hydrolysis of 3-hydroxypropionitrile involve the
use of biocatalysts, such as enzymes or whole cells. Zhang et al. [63] tried to isolate microorganisms that
had nitrile-hydrolyzing activity from environmental samples. During their work, they identified a yeast
strain, Meyerozyma guilliermondii CGMCC12935, with nitrile-hydrolyzing activity. The catalytic activity
of the resting yeast cells was found to be optimal at 55 °C and at pH 7.5, with the enzyme showing a
broad activity against various nitriles (with 3-hydroxypropionitrile being among them). The authors
also evaluated the effects of several metal ions and alcohols on the nitrilase activity, and the presence of
Ag+ and Pb2+ turned out to be inhibitory. During the bioconversion of 3-hydroxypropionitrile to 3HP
from the resting yeast cells, addition of glucose was found to be beneficial for the conversion yield,
which reached a production of 19.5 g/L 3HP from 35.5 g/L 3-hydroxypropionitrile. In another study,
whole-cell biocatalysis was achieved by using recombinant E. coli cells harboring a particular nitrilase
gene, which was selected among 15 different nitrilase genes tested [62]. The authors tested both free
and immobilized cells, optimizing the incubation parameters for the highest bioconversion yields.
The newly developed biocatalyst was very robust and capable of hydrolyzing up to approximately
320 g/L 3-hydroxypropionitrile in 24 h when free cells were used. Immobilization of the cells allowed
the use of a concentration of 3-hydroxypropionitrile as high as 497 g/L, which gave complete hydrolysis
within 24 h. The immobilized cells showed remarkable stability during the reusability trials, retaining
their activity for 30 batches, with a production of 184.7 g/L 3HP during these 30 batches, and a
volumetric productivity of 36.9 g/L·h.

Despite the obvious focus on heterotrophic 3HP production from renewable resources, the interest
of some research groups lies in studying autotrophic producers, such as photosynthetic cyanobacteria,
which have the ability to transform sunlight and CO2 into a variety of compounds. After modifications
by genetic engineering, the recombinant strains are also capable of producing 3HP through CO2 fixation
by the Calvin cycle, and further transformation to phosphoenolpyruvate, which can be converted to
3HP by two newly developed pathways, namely the malonyl-CoA intermediate pathway and the
β-alanine intermediate pathway [64,65].
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Table 7. Results of 3HP production from carbon sources other than glycerol and glucose (sugars).

Genes Transferred Microorganism Culture Conditions
Concentration

(g/L)
Productivity

(g/L·h)
Ref.

pacd from C. rugora, pct
from M. elsdenii and hpcd
from C. aurantiacus, and
deletion of ygfH and prpC

E. coli
Flasks 100 mL, 20 mL, pH 7, 30 ◦C,
200 rpm. Propionic acid as
carbon source

2.2 n.a. [51]

- M.
guilliermondii

Flasks, 20 mL, pH 7.2, 30 ◦C,
120 rpm. Hydrolysis of
3-hydroxypropionitrile with the
addition of glucose

19.5 0.20 [63]

Nitrilase from
environmental samples E. coli

Batch reaction with immobilized
cells with 3-hydroxypropionitrile,
30 ◦C

184.7 36.9 [62]

mcr from C. aurantiacus,
overexpression of pntAB
and accBCAD-birA, and
deletion of phaB and pta

Synechocystis
sp.

Flasks 100 mL, 20 mL, pH 7.5,
30 ◦C, 150 rpm. From CO2

0.84 0.006 [64]

mcr from S. tokodaii and
msr from M. sedula S. elongates Flasks, 50 mL, 30 ◦C. From CO2 0.67 0.002 [65]

Ppc and aspC from E. coli,
SkPYD4 from S. kluyveri,
and msr from M. sedula

S. elongates Flasks, 50 mL, 30 ◦C. From CO2 0.19 0.0005 [65]

n.a.: not available.

The first route involves the use of malonyl-CoA. In this case, phosphoenolpyruvate is transformed
through pyruvate to acetyl-CoA, which is converted to malonyl-CoA by the action of acetyl-CoA
carboxylase, a biotin-dependent enzyme. Finally, malonyl-CoA is converted to 3HP by malonyl-CoA
reductase [64]. This pathway was constructed in the cyanobacterium Synechocystis sp. by transferring
the mcr gene from C. aurantiacus [64]. To improve the supply of NADPH and malonyl-CoA, the genes
for NAD(P)-transhydrogenase (pntAB) and acetyl-CoA carboxylase and biotinilase (accBCAD-birA)
were overexpressed. Finally, to improve the carbon flux towards 3HP, the genes involved in the
formation of PHA (phaB) and acetate (pta) were deleted. The newly constructed strain was capable
of producing approximately 0.84 g/L 3HP directly from CO2. The malonyl-CoA route was also used
by Lan et al. [65] for the construction of a recombinant Synechococcus elongatus strain. The authors
expressed the mcr gene from Sulfolobus tokodaii and the malonate semialdehyde reductase gene (msr)
from Metallosphaera sedula, which resulted in the production of 0.67 g/L of 3HP.

The second approach is to use the β-alanine intermediate pathway, where phosphoenolpyruvate
is converted to oxaloacetate by the action of phosphoenolpyruvate carboxylase. Oxaloacetate is
transformed by the action of aspartate transaminase to aspartate, which is then converted to β-alanine
by the action of aspartate carboxylase. Finally, β-alanine is converted to malonate semialdehyde by
the action of β-alanine aminotransferase, and finally, to 3HP by the action of malonate semialdehyde
reductase [65]. Lan et al. [65] constructed this pathway in S. elongates cells by expressing the
phosphoenolpyruvate carboxylase gene (ppc) and the aspartate aminotransferase gene (aspC) from
E. coli, together with the β-alanine aminotransferase gene (SkPYD4) from Saccharomyces kluyveri and
the msr gene from M. sedula. Production of 3HP from CO2 was approximately 0.19 g/L, which was
lower than the results obtained when 3HP was produced through the malonyl-CoA intermediate
pathway. Although the results obtained from the direct conversion of CO2 to 3HP are still low, direct
conversion of CO2 to high-value chemicals is a very promising process, and during the next year, more
research work is expected to be devoted to this, with the aim of improving the conversion yields.

5. Conclusions

Biotechnological production of 3HP from renewable resources, the treatment of toxic compounds,
and CO2 have been attracting considerable attention during the decades. Different routes and
techniques are being established, with the goal of a sustainable fossil-free production of 3HP. During the
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last four years, significant progress has been made in improving the production yields of 3HP
from glycerol and glucose, which has resulted in improvement of the titers achieved, and also, the
conversion yields. New approaches have also been proposed, such as systems for the hydrolysis of
3-hydroxypropionitrile, resulting in high concentrations of 3HP with concomitant treatment of a toxic
compound. The very good results that have been obtained through all the research work conducted
are an important step towards the commercial biotechnological production of 3HP.
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